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ABSTRACT

The three major naturally occurring forms of mercury- elemental, ionic, and organic-
are widely distributed throughout the biosphere. All three forms are constantly intercon-
verted by a variety of abiotic and biological mechanisms. Microbial mechanisms dominate
the conversion of ionic mercury to organic mercury compounds, especially methyl mer-
cury. Some microorganisms are also capable of transforming ionic or organic mercury
into elemental mercury. This capability constitutes a detoxification mechanism due to the
lower toxicity of elemental mercury relative to ionic or organic mercury. Organic and
ionic mercury resistance is due to a dedicated set of plasmid-encoded mercury resistance
genes (the mer operon.) merR is a regulatory gene. merP and merT are involved in mer-
cury binding and transport. merA encodes for a reductase which reduces ionic mercury
to elemental mercury using NADPH. merB encodes for an organomercurial lyase, which
converts organomercurials into ionic mercury and a reduced organic product. In this study,
the preparation of several mercury-containing MerB complexes is described. Of the com-
plexes prepared, the most stable was identified by Nuclear Magnetic Resonance (NMR)
and Extended X-Ray Absorption Fine Structure (EXAFS) spectroscopy as a complex of
MerB, a mercuric ion, and one molecule of dithiothreitol (DTT). The mercuric ion is in
a trigonal geometry, coordinated by both sulfur atoms of DTT as well as the sulfur atom
of C96 from MerB. The stability of the MerB/Hg/DTT complex, even in the presence of
a large excess of competing cysteine, was demonstrated by NMR and dialysis. The struc-
ture of the MerB/Hg/DTT complex was determined by NMR to 1.11 Å resolution. Due to
the toxicity of mercuric ions, some mercury resistance proteins may employ a mechanism
in which mercuric ions pass directly between the proteins, without diffusing through the
cytosol. In order to investigate the possibility of direct transfer between MerB and MerA,
the MerB/Hg/DTT complex was used as a substrate for MerA in an enzyme buffering test.
The observed MerA activity was higher than the expected activity assuming free diffusion
of the mercuric ion from MerB to MerA, which suggests that the mercuric ion can be
directly transferred between the two enzymes.
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CHAPTER 1

LITERATURE REVIEW

1.1 METHYLMERCURY- TOXICITY, OCCURRENCE, AND REMEDIATION

1.1.1 TOXICITY OF METHYLMERCURY AND OTHER ORGANOMERCURIALS

The human toxicity of organomercurial compounds was first widely observed in several

accidental, large-scale poisoning episodes [1]. In the first reported, consumption of fish

contaminated with methylmercury derived from a nearby chemical factory led to large-

scale poisoning in Japan from 1953-1960. A common name for methylmercury poisoning,

“Minamata disease”, is derived from this incident. In another large episode, organomer-

curial compounds used as preservatives on grain led to a large-scale poisoning in Iraq in

1970.

The toxicity of organomercurial compounds has been described at scales ranging from

the whole organism to single molecules. At the organismal level, clinical symptoms of

acute methylmercury poisoning are different from poisoning by elemental or ionic mer-

cury. The early symptoms are lesions on nervous tissue, followed by loss of sensory

and motor skills, and finally death [2]. Following initial observations of methylmercury’s

human toxicity in the Minamata episode, animal studies further clarified the target organs

of the poison [3, 4]. Many organs can be affected, although the nervous system is the pri-

mary target. Methylmercury crosses the blood-brain barrier more easily than other forms

of mercury do [5], probably due to its hydrophobicity. At the cellular level, it has been

demonstrated that methylmercury disrupts many cellular signalling pathways and leads to

1
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apoptosis [6]. At the molecular level, the toxicity of ionic mercury and organomercurials

is due to their ability to bind almost any available thiol group in biological molecules [7].

1.1.2 OCCURRENCE OF ORGANOMERCURIALS

Large-scale, acute poisonings due to direct industrial use of organomercurials such as

those seen in Iraq and Japan are less likely to occur today due to the higher aware-

ness of the dangers of mercury. There are still some areas of the world in which acute

methylmercury pollution is a problem [8]. Perhaps a broader problem is the low level of

methylmercury pollution that can appear in unexpected places, through indirect means

[9]. The mechanisms for this type of pollution are discussed below.

Mercury, like other metals, differs fundamentally from organic pollutants in that it will

never be completely destroyed [10]. For example, a substance like dioxin might be just as

harmful as methylmercury, but it would be possible to devise a remediation scheme which

converts dioxin to completely harmless substances. In contrast, methylmercury can only

be relocated or transformed to other, perhaps less toxic, mercury compounds. However,

whatever form the mercury takes, it is always a candidate for reconversion to methylmer-

cury, as long as it remains in the biosphere. Therefore, any consideration of methylmer-

cury pollution must take into account the entire global cycle of mercury, including its

movement and chemical transformation.

Mercury exists in the biosphere in a variety of forms, and in a variety of locations [11].

The primary forms, from most abundant to least, are elemental mercury (Hg(0)), ionic

mercury (Hg(II)), methylmercury (MeHg), and dimethylmercury (Me2Hg). The organic

forms are usually several orders of magnitude less abundant than the inorganic forms.

For example, in open ocean waters, total mercury content is usually near 1 pM, whereas

organic mercury is typically below 50 fM [12]. There is a large pool of atmospheric mer-

cury consisting mainly of Hg(0), but with small amounts of the other mercury species

[13].
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All of the various forms of mercury can move between different portions of the bio-

sphere through a variety of mechanisms. For example, there is a large emission of mer-

cury from the ocean into the atmosphere, amounting to thousands of tons per year [14].

Increases in terrestrial mercury content can be traced to increased atmospheric deposition

[9], and the rate of deposition depends on many atmospheric and terrestrial conditions

[13]. Mercury in the elemental form in the atmosphere can remain mobile for years, dis-

persing over a particularly wide area, while other mercury species are redeposited on land

in a shorter time [12]. One of the most important transport processes is the bioaccumula-

tion of methylmercury in higher organisms such as fish [15, 16, 17].

Equally important to the transportation of mercury throughout the biosphere is its

transformation between its various forms [18]. There are both abiotic and biotic mech-

anisms for the interconversion of the forms of mercury [11]. For the interconversion of

organomercurials and inorganic mercury, biological transformation by microorganisms is

generally the fastest mechanism. For example, the rate of abiotic methylmercury demethy-

lation in lakes has been measured at near 10−6 s−1, corresponding to a half life of sev-

eral months [19]. In contrast, microorganisms can achieve an equilibrium between inor-

ganic and methyl mercury within several days [15, 20]. Many types of microorganism are

capable of methylating inorganic mercury [18, 11, 21, 22]. The methylation appears to be

accidental; that is, it is not the consequence of a dedicated mercury methylation pathway,

but rather a side product of many ordinary metabolic methylation pathways [23, 24].

Human activities have altered the environmental distribution of organomercurials in

three major ways. The first is the direct introduction of organomercurials as either intended

or accidental products of industrial activities. This type of introduction was the cause of

the most major acute poisoning episodes [1]. Due to increasing awareness about the dan-

gers of organomercurials, this type of introduction is becoming less likely. Now, human

activity is likely to increase the incidence of organomercurials through two less direct



4

ways: by introducing inorganic mercury which can then be methylated, or by altering

conditions in a way that promotes mercury methylation.

An increase in total mercury in the biosphere is clearly attributable to human activity

[11]. Many industrial activities have involved taking mercury from sources outside of

the biosphere, such as coal mines or mercury ore. Because there is generally no mecha-

nism which returns mercury to these sources, all of the extracted mercury becomes dis-

tributed throughout the biosphere, increasing the total mercury available for methylation.

For example, centuries of silver mining in South America released tremendous amounts

of mercury, and gold mining continues to do so to a smaller extent [25]. The most promi-

nent modern input of mercury into the biosphere is the combustion of coal, accounting for

thousands of tons per year [26, 13].

Even where there is no obvious anthropogenic source of inorganic or organic mercury,

organomercury levels can still increase through anthropogenic influences on the rate of

methylation. One place in particular where this phenomenon is observed is in dammed

rivers [27]. It is believed that the increase in sediment organic matter and creation of

anoxic environments promotes methylation in dammed reservoirs by anaerobic bacteria.

These conditions have been shown in laboratory experiments to promote methylation

by anaerobic, sulfate-reducing bacteria [28]. This source of methylmercury is significant

enough to cause advisories on the consumption of mercury-contaminated fish.

1.1.3 REMEDIATION OF METHYLMERCURY POLLUTION

Due to the established dangers of mercury pollution, there are efforts both to reduce the

amount of mercury released, and to remediate sites already contaminated with inorganic

or organic mercury. Remediation methods for mercury and other pollutants can be cate-

gorized into non-biological and biological techniques [29]. Some non-biological methods

intend to prevent the migration of mercury pollutants, but not to actually remove them.
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R - Hg+ MerB−→ Hg++ + RH

Hg++ MerA−→ Hg(0)

Figure 1.1: Bacterial detoxification of organic mercury.

Examples are solidification of contaminated soil to prevent leaching, construction of bar-

riers against leaching, and complete removal of soil. Other methods actually remove mer-

cury from contaminated material, such as by heating to induce vaporization.

As an alternative to physical remediation methods, several methods are under devel-

opment which utilize a set of proteins found in certain strains of mercury-resistant bac-

teria. Resistance to organomercurial compounds is due to a two-step process (Figure 1.1)

mediated by two enzymes, MerA and MerB [30]. In the first step, an organomercurial

lyase (MerB) cleaves the carbon-mercury bond, resulting in a mercuric ion and a reduced

organic product. In the second step, the enzyme mercuric reductase (MerA) reduces the

mercuric ion to elemental mercury. The conversion to a neutral mercury atom constitutes

detoxification, because the Hg(0) is much less toxic to the cell than is either HgR+ or

Hg(II), and Hg(0) can easily leave the cell due to its volatility.

One approach for using the MerA/MerB system in organomercury remediation

has been to employ mercury-resistant bacteria themselves in polluted areas [31]. This

approach is limited due to the relatively small biomass of the bacteria [32]. In one inter-

esting application of mercury-resistant microbes, a bioreactor has been designed which is

very efficient at removing ionic mercury from industrial wastewater flows [33]. In addition

to the high efficiency of mercury removal, this method also promises to be considerably

cheaper than non-biological alternatives.
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The technique of using plants to clean up pollutants is known as phytoremediation,

and is in use or under development for a wide variety of pollutants [10, 34]. The types

of subject molecules range from organic solvents, to explosives such as TNT, to metals,

including mercury. In some cases, organisms can be found which naturally degrade the

target compounds. In other cases, such as for methylmercury, it is necessary to genetically

modify the organisms. Plants offer many potential advantages for remediation [10]. Their

large biomass and large amount of available energy from sunlight can be tapped to pro-

cess pollutants faster than microbes can. Phytoremediation promises to be cheaper than

physical remediation methods. It also avoids undesirable side effects associated with phys-

ically moving large amounts of soil or sediment. Also, in addition to actually removing

pollutants, the plants can provide the benefit of simply maintaining a root system in areas

where other, non-resistant plants may not grow.

Phytoremediation is a potentially very useful way of using the mercury resistance

genes found in bacteria [35]. Initial studies have demonstrated that bacterial mercury

resistance proteins can be inserted into plants which then become mercury-resistant. Ara-

bidopsis plants expressing MerA are capable of growing on concentrations of inorganic

mercury several orders of magnitude higher than what wild-type plants can tolerate [36].

Further, the plants have been shown to release elemental mercury into the air, and pro-

duce a dramatic decline in the mercury content of their growth media [34]. Because the

best choice of plant species for a particular remediation task will depend on the loca-

tion, it is desirable to have a variety of mercury-resistant species. For this reason, an

inorganic-mercury-resistant yellow poplar tree has been developed as well [32]. Resis-

tance to organic mercury compounds, as well as inorganic mercury, is achieved when

both merB and merA are inserted into the plants [35]. The doubly-transformed plants

are able to survive on organic mercury concentrations an order of magnitude higher than

normal. Elemental mercury is expired, demonstrating that the full bacterial detoxification

pathway has been replicated in plants. A somewhat surprising observation was that plants
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Table 1.1: Most common proteins of the mer operon [39].

MerA Reduce mercuric ion Hg++ to elemental mercury, Hg(0)
MerB Cleave carbon-mercury bonds in a wide variety of substrates
MerP Periplasmic protein involved in mercury binding and transport
MerT Membrane protein; transports Hg++ across the cell membrane
MerR Regulatory protein for the mer operon

transformed only with merB, but not with merA, were also resistant to organomercurials

[37], although to a lesser extent. The mechanism may have to do with sequestration of the

mercuric ions.

1.2 MERCURY RESISTANCE PROTEINS

Bacterial resistance to inorganic and organic mercury has been observed in a variety of

bacterial strains [38]. Since the first observations of mercury resistance, it has been dis-

covered that the resistance is due to a dedicated set of mercury resistance genes which are

regulated together and known as the mer operon [39]. The genes of the mer operon are

summarized in Table 1.1. The mer operon occurs in a large variety of bacteria, and tends

to occur on transferable elements such as transposons and plasmids [11]. There has been a

significant amount of research on the structures and mechanisms of the proteins involved

in mercury resistance [30, 40].

1.2.1 TRANSPORT AND REGULATION

The expression of mercury resistance proteins occurs only in response to the presence of

mercury [40]. The mer operon is regulated by the merR gene [41]. Even in the absence

of mercury, MerR remains associated with the mer operon regulatory region as well as

with RNA polymerase, allowing a fast response to mercury influx [42]. Mercury causes a
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conformational change in MerR, which in turn causes a conformational change in DNA

that activates expression. The mechanism of mercury binding to MerR has been described

by extended X-Ray absorption fine structure spectroscopy (EXAFS), secondary struc-

ture predictions, and circular dichroism spectroscopy [43]. The core domain involved in

mercury binding contains a helix with a pair of cysteine residues at one end, and a lone

cysteine at the other. MerR is a dimer, and in the dimer structure one of these cysteine-

containing helices from each subunit come together in an antiparallel fashion to form a

three-coordinate mercury binding site.

There is a dedicated transport system for bringing mercuric ions into the cell, where

they will be reduced by mercuric reductase [40]. The mercuric ion transport system con-

sists of the periplasmic protein MerP and the membrane transporter MerT [44]. The role

of MerP is to scavenge periplasmic mercuric ions and transfer them to MerT for transport

into the cytosol. The three-dimensional structure of MerP has been solved by NMR spec-

troscopy in both the free and mercury-bound states [45], revealing a ferredoxin-like α−β

fold. MerP possesses two cysteines in a CXXC mercury-binding motif. Less is known

about the structure of MerT, although it is predicted to be a transmembrane helix bundle

[11]. No MerT structure has yet been solved. There are two cysteine pairs (one on the

cytosolic face, and one on the periplasmic face) believed to be involved in mercuric ion

transport.

It is somewhat unusual that there is a transport system dedicated to the import of a toxic

substance; it is more common for there to be a transport system dedicated to the efflux of

toxic substances. However, there is ample evidence that the import system enhances mer-

cury resistance. Strains retaining the mercuric reductase and regulatory gene, yet lacking

the transport system, have a reduced resistance to mercury [44]. In the opposite situation,

when the mercury transport ability is intact but there is no functional mercuric reductase,

cells become hypersensitive; they are more sensitive to mercury than cells lacking the mer

operon entirely [46].
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1.2.2 ORGANOMERCURIAL LYASE

Some, but not all, mer operons include a MerB gene, which encodes for an organomercu-

rial lyase [39]. mer operons containing MerB confer resistance to organomercurial sub-

stances as well as inorganic mercury. Apparently the organomercurial substrates enter the

cytosol via diffusion due to their hydrophobicity; there is no dedicated organomercurial

import system. MerB has been shown in vitro to cleave the carbon-mercury bond of a

wide variety of substrates [47]. There are several sequenced MerB genes from a variety of

bacterial sources. Most have significant homology to each other in both primary sequence

and predicted secondary structure, but little to no homology to other known proteins [48].

No three-dimensional structure of a MerB protein has yet been solved. One feature appar-

ently conserved among MerB proteins from disparate sources is a set of cysteine residues.

On the basis of predicted secondary structure and sequence homology, MerB genes from

a variety of bacterial hosts were grouped into three families A, B, and C [48]. A rep-

resentative member of family A is the MerB gene from plasmid R831b. R831b contains

four cysteine residues: C96, C117, C159, and C160. C96 and several surrounding residues

are strongly conserved, and C96 is essential for catalytic activity. C117 is also strongly

conserved. This would seem to indicate an important catalytic role for C117; however,

thiol modification evidence suggests that it is buried and plays a structural role instead

[48]. About half of the sequences classified into family A contain an adjacent pair of cys-

teines at C159/C160. In the R831b MerB gene, C159 is essential for catalysis. C160 is not

essential, but mutants lacking this cysteine are catalytically impaired. The other half of the

sequences classified into family A have only a single cysteine in the C159/C160 region,

but have an additional pair of cysteine residues located near the carboxy terminus. Because

the paired cysteine motif at C159/C160 in R831b has been shown to have an important

role in optimum catalytic activity, it is likely that the paired cysteine motif found at the

carboxy terminus takes over this role in sequences lacking one of the C159/C160 pair.
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Figure 1.2: Concerted SE2 mechanism for carbon-mercury bond cleavage by MerB [47].

The reaction mediated by MerB can be divided roughly into three stages: substrate

binding, carbon-mercury bond cleavage, and product release. Of these three, the carbon-

mercury bond cleavage step is by far the best understood. Studies using a variety of

organomercurial substrates demonstrated that the reaction occurs via a concerted SE2

mechanism [47]. In this mechanism, an electrophile (H+ in this case) attacks the carbon

atom from the same side as the mercury atom, resulting in retention of stereochemistry at

Cα (see Figure 1.2). Electron-donating (eg. methyl) substituents on Cα tend to enhance the

reaction rate; for example, ethyl mercury reacts faster than methyl mercury. The slower

rate observed with heavily β-substituted organomercurials such as neopentyl mercuric

chloride is probably due to steric clash between the β substituents and the attacking elec-

trophile (Figure 1.2.)
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Although carbon-mercury bonds are generally resilient and require harsh conditions

for cleavage, there are several known non-enzymatic mechanisms for this reaction, which

provide insight into the MerB mechanism. These reactions involve a variety of reagents

but have a common theme: activation of the mercury atom by nucleophilic ligands, fol-

lowed by protonolysis of the carbon-mercury bond. Examples of nucleophiles used in

this reaction include iodide ions [49], and bromide ions [50]. The limiting factor in these

reactions seems to be the formation of organomercurial substrates with high (eg. three)

coordination numbers. Once the ligands are present, protonolysis is relatively easy. This

is why multidentate ligands are more effective in promoting catalysis. For example, when

vicinal dithiols are used as ligands to promote carbon-mercury bond cleavage [51], the

required conditions are less harsh than what is needed with simple monovalent ligands

like iodide, but still more harsh than the conditions under which MerB operates. In one

dramatic example, a tridentate phosphine compound promotes protonolysis under very

mild temperature and pH conditions [52]. It is reasonable to expect that MerB accom-

plishes its reaction in a similar manner: by coordinating the mercury atom with a high

number (probably three) of thiol ligands and then providing a proton for cleavage. The

arrangement of activating nucleophiles in MerB must be particularly favorable, because

the enzyme actually operates optimally under basic conditions [53]. The required thiols

could come from either a cysteine residue, or one of the obligate exogenous thiols as

described below.

It has been shown in vitro that MerB requires exogenous thiols for turnover [47]. Most

mono-thiol compounds such as cysteine promote catalysis, but dithiols such as dithiothre-

itol (DTT) do not. It was subsequently shown that DTT, even in small amounts, inhibits the

reaction even in the presence of monothiols [48]. Further, it was shown that the turnover

rate continues to increase with increasing monothiol concentration, even to concentrations

as high as 20 mM. These thiols may be required as mercury-activating nucleophiles, as
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described above, but there are other conceivable roles as well, such as preventing non-

specific mercury binding to the protein, or promoting product release.

1.2.3 MERCURIC REDUCTASE

The mercuric reductase encoded by merA is present in all mer operons and performs the

key step of reducing ionic mercury Hg(II) to elemental mercury Hg(0)[40]. MerA is sim-

ilar in sequence, structure, and mechanism to other members of the disulfide oxidoreduc-

tase family of enzymes [54, 55, 56, 57]. Like other members of the family, MerA requires

FAD and NADPH cofactors [58]. The two electrons required for reduction originate on

NADPH, from there pass to FAD, from there to a redox-active disulfide pair, and finally

to the substrate. MerA contains two structural features absent from other members of the

disulfide oxidoreductase family. One is a short (∼ 20) residue carboxyl terminal exten-

sion containing a pair of adjacent cysteines [55]. The second is an amino terminal domain

homologous to MerP [40]. This amino terminal domain is easily lost during purification

of the protein, and does not appear necessary for catalytic activity in vitro [59]. Both the

amino terminal and carboxyl terminal extensions are less well defined than the core of

the molecule in the X-ray crystal structure [56]. MerA is dimeric in its native form. The

active site is composed of the NADPH and FAD groups, the redox-active disulfide, and

the carboxyl terminal cysteine pair from the opposite monomer. It has been proposed that

this arrangement allows an “alternating sites” mechanism, in which the two active sites

cycle between a high- and low-affinity mercury-binding state [60].

The mechanism of MerA is a complicated, multi-step process. The reaction rate is

strongly dependent on buffer thiol conditions [59], and all multiple-turnover assays to date

depend on millimolar buffer thiol concentrations [11]. This may be due, in part, to the for-

mation of a NADPH-Hg complex in the absence of thiols [61]. There is ample evidence,

from studies involving mutagenesis of the cysteine residues and single-turnover observa-

tion of the electronic absorption spectrum of the cofactors, that the reaction begins with
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the replacement of buffer thiols on Hg(II) by the carboxyl terminal cysteine pair [62, 63].

In single-turnover experiments it was shown that the carboxyl terminal cysteines are not

required for the reduction step, and that when the substrate lacks thiol ligands, reduction

actually happens significantly faster than wild-type turnover even when the carboxyl ter-

minal cysteines are missing [62]. This observation that removal of buffer thiols can be

rate-limiting is one explanation for the observed strong dependence of steady-state rate

on the buffer thiol composition. From the carboxyl terminal cysteines, the mercuric ion

passes to the redox-active disulfide pair. When the enzyme does not have both reduced

FAD and NADPH present, it can accumulate in a form containing the mercuric ion bound

in bicoordinate geometry by the redox active disulfide pair; this form was observed by

extended X-ray absorption fine structure (EXAFS) [64].

1.3 DIRECT TRANSFER OF MERCURIC IONS

There are at least three places within the mercury resistance pathway where it has been

proposed that mercuric ions pass directly between the proteins, without diffusing through

the cytosol or periplasmic space: from MerP to MerT, from MerT to MerA, and from

MerB to MerA. Each of these direct transfer mechanisms would minimize the opportunity

for highly toxic mercuric ions to bind to other cellular components.

1.3.1 MERP TO MERT

The best evidence for direct transfer within the bacterial mercury resistance system is

in the case of MerP-MerT transfer. There is a low abundance of small thiols in the

periplasm, and MerP has a high affinity for mercury [11]. Therefore, in the absence of

direct transfer, it is not clear how mercuric ions would diffuse from MerP to MerT. There

is also more direct evidence available from a MerP mutant lacking one of its cysteines

[65]. This mutant blocks mercuric ion uptake by MerT, probably through the formation
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of a MerP/Hg/MerT complex involving the remaining cysteine on MerP and one or both

of the periplasmic-face MerT cysteines. This model could be better supported by a direct

observation of the MerP/Hg(II)/MerT complex. It may be difficult, however, to obtain

such a complex between the soluble MerP and the membrane-bound MerT in a form

suitable for structural study.

1.3.2 MERT TO MERA

It has also been proposed that direct transfer takes place between the cytosolic side of

MerT and MerA [11]. It was originally proposed that the paired cysteines of the amino

terminal domain of MerA might be involved in a direct transfer of mercury from the

cytosolic face of MerT [66]. It was later shown that this is at least not always true, because

even if the amino terminal cysteines of MerA are removed, the bacterium can still possess

a mercury-resistant phenotype [67]. Although this does not rule out the possibility of

direct MerT-MerA transfer involving the amino terminal domain, it does show that there

must be at least one other mechanism. There are at least two reasonable alternatives. One

is transfer mediated by low molecular weight thiols. The other is transfer mediated by

the carboxyl terminal cysteine pair of MerA. Although there is presently lack of clear

evidence for the importance of the amino terminal domain of MerA, the observation that

this domain is highly conserved suggests that there is some function. More recent work

indicates that the amino terminal domain may be important under some thiol conditions,

but not others [11]. Specifically, the amino terminal domain may be important when thiol

concentrations are low, or the thiol molecular weight is high. So the role of the amino

terminal domain of MerA, including the possibility of direct transfer from MerT, remains

an open question.
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1.3.3 MERB TO MERA

Direct transfer between MerB and MerA has also been proposed [40]. This type of direct

transfer between subsequent enzymes of a metabolic pathway has been termed substrate

channeling (see Figure 1.3.) Although there is currently no published evidence for or

against substrate channeling between MerB and MerA, the biological implications of this

transfer seem particularly large, because MerB converts an organomercurial toxin into a

mercuric ion, which is actually more reactive. Presumably it would be of physiological

benefit to the cell if MerB did not release its toxic mercuric ion product directly into the

cytoplasm.

1.3.4 OTHER EXAMPLES OF SUBSTRATE CHANNELING

Outside of the mercury resistance pathway, there are numerous examples of proposed

substrate channeling [69, 70, 71, 72]. The evidence for channeling usually consists of

some combination of kinetic experiments and a structural basis for the proposed interac-

tion between the enzymes in question. The number of different kinds of kinetic tests for

substrate channeling remains small, although there is variation in their implementation.

In the isotope dilution method [73, 74], the second enzyme in the pathway (E2 in

Figure 1.3) is presented with intermediate metabolite X from two sources: from the reac-

tion catalyzed by the first enzyme E1, and by direct introduction of X into the reaction

mixture. An isotopic label is applied to only one of these sources. The presence or absence

of the label in the product then indicates which source of intermediate metabolite X is used

by the second enzyme, E2.

Another method is based on the transient kinetics of intermediate X buildup and

product P formation. The channeling and free diffusion hypotheses make different pre-

dictions about these rates, allowing a distinction between the two mechanisms. This argu-
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E2 · X → E2 + P

Figure 1.3: Dissociative vs. channeling mechanism for metabolite transfer in sequential
reactions, using the notation of Ovadi [68]. The initial substrate S is converted into the
final product P by two sequential enzymatic reactions catalyzed by enzymes E1 and E2.
The intermediate metabolite X is the product of the reaction catalyzed by the enzyme
E1. X is also the substrate for the reaction catalyzed by the enzyme E2. In the dissocia-
tive mechanism (left), the E1-X complex dissociates, yielding free X in solution. X then
diffuses to and binds E2 in the second step. In the channeling mechanism (right), the
E1-X complex binds E2 to yield a transient E1-X-E2 complex. E1 then dissociates from
this complex to yield the X-E2 complex. In no part of the channeling mechanism does
metabolite X exist freely in solution.
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ment has been used to find evidence both for substrate channeling [75, 76, 77], and against

it [78, 79].

The competing reaction method measures the coupled reaction of the putative chan-

neling pair in the presence of a third enzyme which can compete for the intermediate

metabolite X. The channeling hypothesis predicts that the intermediate will not be avail-

able to this third enzyme [80].

The enzyme buffering method is based on a comparison of the expected and observed

steady-state rate of the E2 reaction in the presence of a large amount of the first enzyme,

E1, and the intermediate metabolite, X [72]. Because there is no substrate S present, the

first enzyme E1 does not catalyze any reaction; rather, it serves only to sequester free

metabolite X. If the dissociation constant for E1-X is known, and the kinetic behavior

of E2 with respect to free X is known, a predicted rate can be calculated, assuming

only free diffusion of the intermediate metabolite. If the observed rate is higher than

expected, then the diffusion hypothesis must be false, and the most likely alternative expla-

nation is substrate channeling. This method was used to argue for channeling of NADH

between many glycolytic enzymes [69, 81], and between mitochondrial dehydrogenases

and NADH:ubiquinone oxidoreductase complex I [82, 83]. Some of these examples have

been challenged because the method is sensitive to errors in the measured kinetic constants

and the purity of the enzymes used [84]. There has also been considerable confusion sur-

rounding this method because it can only offer either a conclusion of substrate channeling

(when the observed and expected rates are different), or no conclusion at all (when the

rates are not different). For many of the proposed instances of channeling in glycolytic

enzymes, it is also possible to find substrate concentration regimes where the method is

inconclusive [85, 86]. As with any method, it is important to consider whether the condi-

tions in vitro under which channeling can be demonstrated are similar to the conditions in

vivo.
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The most recent kinetic method for the study of substrate channeling is the one devel-

oped by Geck and Kirsch [87]. In this method, the E1-E2 coupled reaction rate is measured

in the presence of a catalytically impaired enzyme E1∗. If E1∗ is still capable of interacting

with E2 in the same manner as normal E1, yet E1∗ cannot complete its reaction, then the

substrate channeling hypothesis predicts that increasing amounts of E1∗ will decrease the

overall reaction rate as E1∗ competes with E1 for E2. The advantage of this method is

that, unlike enzyme buffering, it can be conclusive either for or against substrate chan-

neling. The Geck-Kirsch method also avoids some potential problems associated with the

large amounts of E1 required for enzyme buffering. The original implementation of this

method concluded against channeling of oxaloacetate in a part of glutamate metabolism.

A subsequent study used the method (in a different enzyme system) to conclude in favor

of substrate channeling of β-aspartyl phosphate between aspartate kinase and aspartate

semialdehyde dehydrogenase in the aspartate synthesis pathway [88].

The known degree of association between enzyme pairs involved in substrate chan-

neling ranges all the way from covalent attachment of the two, to very transient asso-

ciation. In the enzyme carbamoyl phosphate synthase, channeling of ammonia occurs

between active sites which are on the same monomer, yet separated by many tens of

angstroms [89]. In other examples, the active sites involved in channeling are on different

subunits of tightly associated quaternary structures. This is the case in tryptophan syn-

thase [70], lumazine synthase / riboflavin synthase [75], and the pyruvate dehydrogenase

complex [90]. For most of the proposed channeling pairs among glycolytic enzymes, no

stable complex has been isolated, but transient association can be detected using gel fil-

tration [91, 92].

It is supportive of the channeling hypothesis if, in addition to evidence for association

between the enzymes, there is a structural basis for the transfer of the metabolite from one

active site to the other. In the case of tryptophan synthase, it is well established that indole

is channeled through a long hydrophobic tunnel from one active site to another active
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site on a different monomer [70]. It has even been shown that mutations which block

the tunnel impair channeling [79]. In ferrochelatase from the heme synthesis pathway,

there is a mutation on the protein surface which impairs in vivo but not in vitro activity,

implying that the residue is involved in a transient association [93]. The structure of aconi-

tase revealed a protein recognition domain near the active site which may be important for

channeling [94]. The pyruvate dehydrogenase complex has long “arms” which are known

to mediate transfer of intermediates between distant active sites [90]. Simulations have

shown that some degree of channeling can occur due to an electric field that favors sub-

strate migration between two active sites, even if there is no physical linkage between

them [95].

1.4 STRUCTURE DETERMINATION

1.4.1 HETERONUCLEAR NMR

Early protein structure determinations by Nuclear Magnetic Resonance (NMR) were per-

formed on samples of natural isotopic abundance, and were limited to proteins of less

than ∼10 kDa molecular weight [96]. The adoption of isotopic labelling with 15N and 13C

extended the size limit for NMR structure determination [97, 98, 99]. The main advantages

of this technique are increased separation of NMR signals through the well-dispersed het-

eronuclear dimensions, which can allow complete assignments [100], as well as better

transfer of magnetization through large single-bond scalar couplings [101]. The increased

number of assignments allows the assignment of a greater number of Nuclear Overhauser

(NOE) restraints, which is the most important factor in determining the resolution of a

structure [102].
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1.4.2 DEUTERATION

Extension of NMR structure determination to molecular weight above ∼20 kDa is limited

mainly by the relaxation properties of proteins. As molecular weight increases, transverse

relaxation time decreases, leading to a decrease in signal to noise ratio [103]. Because

much of the relaxation of heteronuclei is due to their directly attached protons, a sig-

nificant decrease in heteronuclear relaxation rate can be achieved by replacing protons

with deuterons [104, 105]. Deuteration has been used to improve sequential assignments

through Cα. In protonated samples, relaxation precludes the use of constant-time evolution

in the carbon dimension. As a result, Cα resonances are broadened by the Cα-Cβ scalar

coupling. In deuterated samples, relaxation of the carbon nuclei is slower, allowing the

recording of constant-time HNCA and HN(CO)CA experiments with greatly increased

resolution [106, 107]. Deuteration has also been used to improve side chain assignments.

In fully protonated samples, relaxation of side chain carbons can be fast enough to pre-

vent observation of signals in spectra involving magnetization transfer along the aliphatic

carbon chain to the backbone atoms. In partially deuterated samples, there is a tradeoff.

There are fewer protons available to provide magnetization, but the loss of magnetiza-

tion through carbon relaxation is much slower. In larger proteins, the benefit of slower

relaxation often outweighs the loss of protons [108, 109].

1.4.3 RESIDUAL DIPOLAR COUPLINGS

When the orientation of a molecule in solution does not average to zero, structural infor-

mation can be obtained from residual dipolar couplings between pairs of nuclei [110,

111, 112]. The required alignment of the molecule can be due to the molecule’s own

magnetic susceptibility anisotropy, or it can be augmented by an anisotropic medium.

An anisotropic medium is required for most proteins, except for those with an unusu-

ally large susceptibility anisotropy. There are now many types of anisotropic media avail-
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able [113]. Residual dipolar couplings can provide long-range orientational information

in a way that other restraints often cannot; for example, residual dipolar couplings can

define relative protein domain orientations when there are few NOE restraints between

the domains [114]. In the opposite extreme, residual dipolar couplings can improve the

local geometry of structural regions which yield poor NOE or torsion angle data [115].

When residual dipolar couplings are used in tandem with other types of restraints, there

is often a synergistic effect, where the strengths of one type of restraint compensate for

the shortcomings of another. For example, a small number of backbone residual dipolar

couplings together with a small number of NOE restraints yielded a structure of the acyl

carrier protein very similar to a structure determined by a large number of NOE’s [116].

This type of synergism can also be seen in sequential assignments, where residual dipolar

couplings can be used to resolve ambiguities [117].

1.5 SUMMARY

A unique system for the detoxification of inorganic and organic mercury has evolved

in bacteria. This mercury resistance system has been a productive study area for sev-

eral themes in biology, including metal-protein interactions, gene regulation, enzyme

mechanisms, and direct transfer of metabolites. The mercury resistance system is also

of practical interest due to the continuing problem of inorganic and organic mercury pol-

lution, and the potential for the widespread use of the mer-encoded enzymes for mer-

cury remediation. There are varying degrees of structural and mechanistic knowledge

about the mercury resistance proteins. The structures of MerP, MerA, and MerR are

well-characterized. Little is known about the structures of MerT and MerB, other than

that they are a transmembrane protein and a globular cytosolic protein, respectively. The

mechanism of operon regulation and DNA binding by MerR has been described in some

detail. The mechanism of MerA is very well-described through a combination of muta-
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genesis and electronic absorption spectroscopy involving the flavin moiety. The roles of

the inner and carboxyl terminal cysteines are well-described, although there are still out-

standing questions about the role of the amino terminal cysteines. Kinetic studies with

MerB together with inorganic model systems which mimic MerB have elucidated much

about how MerB cleaves the carbon-mercury bond. Kinetic and mutagenesis studies have

also allowed some insight into the roles of protein and buffer thiols in the mechanism.

However, relation of the mechanistic observations to specific protein residues of MerB

is not as clear as the corresponding relationships in MerA due to the lack of structural

information about MerB. Direct transfer of mercuric ions between proteins of the mer

operon has important biological consequences, because it would minimize the exposure

of the cell to toxic mercuric ion intermediates. Direct transfer has been proposed in several

places in the mercury resistance system, but to date evidence for it only exists in the case

of direct transfer from MerP to MerT.

The goals of the present study are two-fold. The first is to structurally characterize

the MerB enzyme in a mercury-bound intermediate state. This structural knowledge will

be useful in tying the many mechanistic observations about MerB to specific structural

features. The second goal is to use a kinetic method to test the hypothesis that MerB

can transfer its product, the mercuric ion, directly to MerA. Both of these studies will

be of potential use to the ongoing efforts to utilize the MerB and MerA enzymes in a

phytoremediation system.



CHAPTER 2

INITIAL DESCRIPTION OF THE MERB/HG/DTT COMPLEX

An initial characterization of a mercury-containing MerB complex was based only on

backbone chemical shift assignments, EXAFS, and 2D 1H-15N HSQC NMR spectra.

This initial characterization was sufficient to identify the composition of the complex as

MerB/Hg/DTT, and to provide an estimate of the mercury binding site.

2.1 METHODS

2.1.1 MERB PURIFICATION

The merB gene from plasmid R831b [118] was amplified by PCR, and the NdeI / XhoI

fragment was ligated into the expression vector pET21b (Novagen). The resulting plasmid

was identical to pQZB1 [48] except for the insertion of a stop codon between the XhoI site

and the MerB-encoding sequence. This construct prevented the expression of the histidine

tag present in pET21b.

MerB protein was purified from BL21(DE3) cells containing the MerB-encoding

plasmid. Unlabeled protein was produced by growing cells in Luria-Bertani (LB) broth

at 37oC for 24 hours. Uniform (> 98%) 15N-labeled MerB protein was produced by

growing cells in modified minimal medium containing 15N-labeled NH4Cl as the sole

nitrogen source. The growth medium contained 10 - 20 µM isopropyl D-thiogalactoside

(IPTG) to continually induce MerB expression. 15N/13C-labeled MerB was prepared by

growing cells in minimal medium containing 15N-labeled NH4Cl and 13C-labeled glucose

as the sole nitrogen and carbon sources, respectively. In LB broth, there was sufficient

23
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expression without any induction by IPTG. All media contained 0.1 mg / mL ampicillin

to retain the plasmid.

Purification was based on the scheme of Begley et. al. [53]. All steps were performed

at 4oC, and DTT-containing solutions were freshly prepared before use.

The cells from 3 liters of culture were harvested by centrifugation in a Beckman JA-10

rotor at 5000g for 20 minutes, and then suspended in 150 mL of buffer A (20 mM Tris

(pH 8.0), 1 mM DTT, 1 mM EDTA) plus 1 mg / mL benzamidine. The suspension was

passed through a French press and centrifuged at 100,000g for one hour. The supernatant

was applied to a DEAE-sepharose Fast Flow (Amersham Biosciences) column (50 mm

i.d. x 40 cm length) equilibrated with buffer A, and MerB was eluted with a salt gradient

of 0-1 M NaCl over 1.5 L. MerB-containing fractions were identified by polyacrylamide

gel electrophoresis, pooled, dialyzed with a 10K ultrafiltration membrane (Millipore) into

buffer B (20 mM sodium phosphate (pH 7.2), 1 mM EDTA, 1 mM DTT), applied to a

Q-sepharose Fast Flow (Amersham Biosciences) column (26 mm i.d. x 40 cm length)

equilibrated with buffer B, and eluted with a 0-1 M NaCl gradient over 700 mL. The

MerB-containing fractions were pooled. To prevent aggregation, the buffer of the pooled

fractions was adjusted to a final concentration of 20 mM Tris (pH 8.0) and 100 mM NaCl.

The pooled fractions were then concentrated to 10 mL and applied in 0.5 mL injections

to a Superose-12 (Amersham Biosciences) gel filtration column equilibrated with buffer

C (10 mM sodium phosphate (pH 7.5), 100 mM NaCl, 1 mM EDTA, and 1 mM DTT).

MerB-containing fractions were stored at 4oC in buffer C.

2.1.2 NMR SAMPLE PREPARATION AND SPECTROSCOPY

Purified MerB protein samples were concentrated to 1 mM by centrifugation in a 10K

cutoff Centricon ultrafiltration device (Millipore). Samples were exchanged into an NMR

buffer by three cycles of dilution to 2.5 mL and reconcentration to 0.5 mL. The NMR
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buffer consisted of 10 mM sodium phosphate (pH 7.5), 10 mM NaCl, 1 mM EDTA, 5-10

mM DTT, and 10% D2O.

The MerB/Hg/DTT complex was prepared by adding at least one equivalent of an

organomercurial substrate to an NMR sample of the free protein. The substrates used

were: phenylmercuric acetate [62-38-4], mersalyl [492-18-2], ρ-hydroxymercuri ben-

zoic acid (PHMBA), merbromin [129-16-8], and ρ-hydroxymercuri benzenesulfonic acid

(PHMSA). Organomercurial substrates were all purchased from Sigma-Aldrich.

MerB/Hg/DTT samples with optically active l-DTT (2R, 3R - dithiothreitol) were

prepared by diluting a MerB/Hg/DTT sample with l-DTT-containing buffer and recon-

centrating, several times. MerB/Hg/DTE (dithioerythritol) samples were prepared in the

same way. l-DTT and DTE were purchased from Sigma-Aldrich.

Gradient-enhanced 1H-15N HSQC spectra were collected on a 600 MHz Varian Inova

spectrometer [119]. The NMR data were processed with NMRPipe/NMRDraw [120].

Contour plots were prepared with gri (http://gri.sourceforge.net/).

2.1.3 X-RAY ABSORPTION SPECTROSCOPY

A MerB/Hg/DTT sample was prepared by adding 1.5 equivalents of PHMSA in the pres-

ence of 5 mM fresh DTT. This sample was concentrated to 2 mM and a final volume of

0.5 mL in a 10K cutoff Centricon device (Millipore). This sample was then exchanged

into 10 mM sodium phosphate (pH = 7.5), 20% v/v glycerol, by increasing the volume

to 2.5 mL and reconcentrating three times. This procedure also separated unbound mer-

cury, PHMSA, and DTT from the protein. The sample was loaded into a 24 x 3 x 2

mm polycarbonate cuvet (with one 24 x 3-mm wall consisting of 0.001-in Mylar tape),

and immediately frozen in liquid nitrogen. X-ray absorption spectra were collected at the

Stanford Synchrotron Radiation Laboratory (SSRL) on beamline 7-3 with the SPEAR

ring operating at 3.0 GeV, 60-100 mA. Fluorescence excitation spectra were recorded

with the sample at 10K using 1 mm vertically apertured beam incident on a Si[220]



26

double-crystal monochromator that was detuned to 50% maximum reflectivity for har-

monic rejection. The averaged XAS data represent 8 scans, each of 21-minute dura-

tion. EXAFSPAK software (www-ssrl.slac.stanford.edu/exafspak.html) was used for data

reduction and analysis, according to standard procedures [121]. The Fourier Transforms

(FT’s) of the extended X-ray absorption fine structure (EXAFS) spectra were generated

using sulfur-based phase correction.

2.1.4 ANAEROBIC SAMPLE PREPARATION

A series of experiments was designed with the goal of producing a MerB complex

involving mercury, but not DTT. Due to the tendency of the cysteines of MerB to oxidize,

measures were taken to protect MerB from oxygen. A 10 mL sample of free MerB and 20

mM DTT was placed in a sealed container. The air was then removed from the container

by application of vacuum. After 20 minutes, the container was filled with argon at slightly

higher than atmospheric pressure. This cycle was repeated three times. The sample was

then transfered to a 10 mL injection loop in an anaerobic chamber to avoid exposure of

the sample to air during the transfer process. The sample was injected onto a 200 mL gel

filtration column composed of superdex-75 (Pharmacia). Prior to the procedure, the buffer

running through the column was made anaerobic by cycles of vacuum and argon. The

entire pathway for the column buffer, including the source buffer vessel, column, and col-

lection vessel, constituted a sealed environment, filled with argon maintained at a pressure

slightly higher than atmospheric. The collection vessel contained one equivalent of HgCl2

and 1-20 equivalents of a small thiol such as cysteine or glutathione. Both protein and

DTT in the column effluent were monitored by UV absorption; only protein-containing

effluent was collected in the mercury-containing vessel.

The collected fraction was concentrated to ∼1 mM under an atmosphere of argon and

sealed into an NMR tube with a rubber septum.
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2.1.5 SEQUENTIAL ASSIGNMENT

A sequential assignment was performed using the HNCO [122, 123], HNCACB [122],

(HB)CBCA(CO)NNH [122, 119, 98], and C(CC)TOCSY-NNH [124, 125, 126] exper-

iments (see Table A.1 for acquisition parameters). WALTZ-16 decoupling was used to

decouple 15N and 1HN during acquisition [127].

2.2 RESULTS AND DISCUSSION

2.2.1 PREPARATION OF A MERCURY-CONTAINING MERB COMPLEX

In order to elucidate the structure and mechanism of MerB, the goal was to prepare a

stable complex of MerB involving either an organomercurial substrate or a mercuric ion.

It was seen that at pH 7.5 and in the presence of fresh DTT, free MerB adopts a single,

well-folded conformation, as shown by the 2D 1H-15N HSQC spectrum (Figure 2.1A).

For this reason, such a sample was used as a starting point for complex preparation.

2.2.2 EVIDENCE FOR MERB/HG/DTT

A mercury-containing MerB complex was prepared by adding the organomercurial sub-

strate PHMBA to a sample of free MerB. The resulting 2D 1H-15N HSQC spectrum

(Figure 2.1B) is very similar to the spectrum of the free form (Figure 2.1A), although

there are small differences. This shows that the organomercurial substrate does bind the

protein, yet the global fold remains the same. This procedure was repeated with a variety

of organomercurial substrates (Figure 2.2), but the resulting spectrum was the same for

all substrates. This result indicates that the organic portion is not present in the complex,

because the different substrates with their quite different aromatic ring structures would be

expected to change the chemical shifts of neighboring residues in different ways. This was

confirmed by preparing a MerB/Hg/DTT complex using only free Hg(II) as a substrate;

the resulting spectrum is the same as with organomercurial substrates.
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Figure 2.1: A) 2D 1H-15N HSQC spectra of free MerB (red) and MerB/Hg/DTT complex
prepared with (l)-DTT (black). B) 2D 1H-15N HSQC spectrum of the MerB/Hg/DTT
complex prepared with racemic DTT. Boxes indicate signals which appear as paired peaks
in the presence of racemic DTT, but as single peaks in the presence of (l)-DTT.
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Figure 2.2: Organomercurial substrates used to prepare MerB/Hg/DTT complex: (A) mer-
bromin, (B) PHMSA, (C) PMA, (D) PHMBA, and (E) mersalyl.
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When complexes are prepared with substrate to protein ratios ranging from 1 to 2.5,

the resulting spectrum is the same. This places an upper limit of 1 on the stoichiom-

etry of mercury binding. Extensive buffer exchange or dilution and reconcentration of the

complex in the absence of additional mercury or organomercurial does not change the

spectrum. This suggests that the mercuric ion binds tightly, and places a lower limit of 1

on the stoichiometry of mercury binding.

Evidence that DTT is present in the complex also comes from the HSQC spectrum.

One feature of the MerB/Hg/DTT spectrum not seen in the free protein spectrum is the

presence of several closely spaced pairs of peaks (Figure 2.1B). When the complex is

prepared with pure optically active (l)-DTT instead of a 50/50 racemic mixture of DTT,

only one of each pair of peaks remains (Figure 2.3 A and B). The paired peaks belong to

residues affected by the binding of DTT, and arise from the fact that MerB/Hg/(l)-DTT

and MerB/Hg/(d)-DTT have slightly different spectra.

No such pairing of peaks occurs in the free protein spectrum in the presence of DTT

(Figure 2.1A), which indicates that DTT does not associate with the free protein. Further,

this implies that the association of the DTT molecule to the protein is mediated by the

mercury atom. The DTT molecule could associate with the mercury atom either through

only one of its sulfurs in a linear conformation, or through both of its sulfurs in a cyclic

conformation. In order to distinguish between the cyclic and the linear binding modes,

Analogous complexes were prepared with the meso compound dithioerythritol (DTE),

which is not chiral, but is otherwise chemically equivalent to DTT. There are two possible

linear MerB/Hg/DTE complexes, but only one possible cyclic MerB/Hg/DTE complex if

there is free rotation about Hg-S bonds (Figure 2.4). Because the two linear forms are

diastereomers, they would have different NMR spectra, and the MerB/Hg/DTE spectrum

would exhibit paired peaks similar to those seen in the presence of a racemic mixture

of DTT. The pairing of peaks does not occur in the MerB/Hg/DTE spectrum (Figure
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Figure 2.3: Evidence for MerB/Hg/DTT complex. Highlighted region of 2D 1H-15N
HSQC spectra (Figure 2.1B) of 15N-labeled MerB/Hg/DTT complex at 27oC when it
is prepared with A) racemic DTT, B) (l)-DTT, or C) DTE. The highlighted region corre-
sponds to residue C96.
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BA

Figure 2.4: Two possible binding modes of DTE in the MerB/Hg/DTE complex. A) In
the linear mode, two complexes are possible, leading to two distinct spectra. B) In the
cyclic mode, only one complex is possible if there is free rotation about the Hg-S bond,
leading to a single spectrum.

2.3C). The observation of only a single peak with DTE is only consistent with a cyclic

conformation, bound to the mercury through both sulfur atoms (Figure 2.4B).

2.2.3 EXAFS STUDIES OF MERB/HG/DTT COMPLEX

In order to determine the geometry of ligands associated with the Hg(II), EXAFS data

were collected on the MerB/Hg/DTT complex. The EXAFS data of the MerB/Hg/DTT

complex are most consistent with a coordination sphere for mercury consisting of three

sulfur atoms (Table 2.1 and Figure 2.5). Although models with 2, 3, or 4 sulfurs all can

provide good fits to the data, the Debye-Waller value (σ2
as) for the HgS3 case is the most

physically reasonable one. The Hg-S bond distances (2.42 ± 0.02 Å) also coincide with

other mononuclear, mercuric-thiolate compounds that have a coordination number of three

[128].
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Table 2.1: Curve fitting results for Hg EXAFSa

Sample Fit Shell Ras σ2
as ∆E0 f ′b

filename (k range) (Å) (Å) (eV)
k3χ
MerB/Hg/DTT 1 Hg-S 2.42 -0.0010 -3.93 0.103
HBDTA (2-12 Å−1) 2 Hg-S2 2.42 0.0025 -1.91 0.091
k3χ = 10.74 3 Hg-S3 2.43 0.0051 -0.73 0.092

4 Hg-S4 2.43 0.0074 -0.02 0.099

a Shell is the chemical unit defined for the multiple scattering calculation. Subscripts
denote the number of scatterers per metal. Ras is the metal-scatterer distance. σ2

as is a mean
square deviation in Ras. ∆E0 is the shift in E0 for the theoretical scattering functions.
b f ′ is a normalized error (chi-squared):

f ′ =

{

∑
i

[

k3
(

χobs
i −χcalc

i

)]2
/N

}1/2

[(

k3χobs
)

max −
(

k3χobs
)

min

]

Figure 2.5: Fourier transforms of the Hg L3 EXAFS of MerB/Hg/DTT(solid) and theoret-
ical best fit (dashed) corresponding to a coordination shell of HgS3 using the parameters
of Fit 3, Table 2.1. The k3-weighted EXAFS (solid) and theoretical best fit (dashed) are
displayed as inset.
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2.2.4 NMR SPECTROSCOPY OF OTHER MERB/HG/THIOL COMPLEXES

In the presence of oxygen and the absence of DTT, MerB oxidizes rapidly and becomes

misfolded or aggregated. Such samples have little or no chemical shift dispersion in 1H-

15N HSQC spectra (data not shown). The result is the same if a small monothiol such as

cysteine or glutathione replaces DTT; at the high concentrations required for NMR, these

compounds are not competent at protecting MerB from oxygen. The high stability of the

MerB/Hg/DTT complex ensures that any mercury-containing MerB sample prepared in

the presence of DTT will consist of entirely MerB/Hg/DTT. It would be instructive to

obtain a structurally characterizable MerB sample containing mercury and a more physi-

ological thiol such as cysteine or glutathione. For this reason, a protocol was developed to

produce MerB/Hg complexes in the absence of both DTT and oxygen (see methods).

The anaerobic protocol began with a mixture of DTT and MerB to ensure that the

protein began in a reduced state. The gel filtration column step in the anaerobic protocol

served to separate the protein from DTT in the absence of oxygen, while minimizing the

time between separation of protein and DTT and exposure of protein to mercury. The

total time that the protein was exposed to neither DTT nor mercury was no longer than

the elution time of the column, which was approximately 30 minutes.

The 1H-15N HSQC spectra of the resulting complex indicated that in fact the anaerobic

procedure protected MerB from oxidation (Figure 2.6). The chemical shift dispersion was

nearly as good as in the MerB/Hg/DTT complex. The equivalent experiment performed

under aerobic conditions gave a complex with nearly no chemical shift dispersion (not

shown). However, the reproducibility of the MerB/Hg/cys complex was not as good as

that of the MerB/Hg/DTT complex (see Figure 2.6). From the sequential assignment of the

MerB/Hg/DTT complex (see below), peaks in the MerB/Hg/cys HSQC spectrum could be

tentatively assigned by proximity to MerB/Hg/DTT peaks. The assignments revealed that

the least reproducible (and often missing) peaks in the MerB/Hg/cys spectrum correspond
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Figure 2.6: 1H-15N HSQC spectra of two representative MerB/Hg/cys complexes prepared
by anaerobic gel filtration. Arrows mark several peaks present in (A) which are absent in
(B).

to residues near the active site. For this reason, further structural studies were not pursued

with the MerB/Hg/cys complex. The results were similar with a MerB/Hg/glutathione

complex.

2.2.5 SEQUENTIAL BACKBONE ASSIGNMENT

Due to the consistent quality and stability of the MerB/Hg/DTT complex, this complex

was selected for further structural analysis. Sequential backbone assignments were per-

formed on a 15N/13C-labeled MerB/Hg/DTT sample.

The peaks in the HNCO experiment were very intense and well-resolved. It was used

to define amide proton and nitrogren chemical shifts for a number of (unassigned) H-

HN moieties. Cα,i−1 and Cβ,i−1 peaks were then assigned to these moieties from the

(HB)CBCA(CO)NNH experiment. Cα,i and Cβ,i peaks were assigned to each moiety

from the HNCACB experiment. Moieties were placed in sequential order by matching
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Figure 2.7: Sequential backbone assignment of the MerB/Hg/DTT complex using the
HNCACB experiment. Strips are taken at the 1H and 15N frequencies of the amide atoms
of the residues shown. Horizontal lines indicate connectivity between Ci and Ci−1 peaks.

the chemical shifts of the Cα and Cβ peaks. A representative stretch of sequential back-

bone assignments in the HNCACB experiment for residues 106 - 112 is shown in Figure

2.7. The C(CC)TOCSY-NNH experiment allowed each moiety to be grouped into a set of

probable amino acid types based on aliphatic 13C chemical shift. This aided assignment

of sequential connections ambiguous in Cα / Cβ chemical shift and helped map assigned

moieties to the protein sequence.
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Table 2.2: Residues which exhibit paired peaks in the 1H-15N HSQC spectrum in the
MerB/Hg/DTT complex prepared with racemic DTT.

E64 L76
T77 W95
C96 T100
R155 C160

For the first 25 residues of the sequence, a few weak amide signals could be tentatively

assigned. None of these assignments were used in structural calculations. The lack of

observable amide signals for the first 25 residues was probably due to rapid amide proton

exchange at pH 7.5 and/or line broadening caused by rapid conformational exchange. For

residues 26-212, 166 of 177 (HNi, Ni, Ci−1) moieties were assigned by the procedure

described above.

The backbone chemical shifts of free MerB and the MerB/Hg/DTT complex are very

similar (Figure 2.8). The largest differences occur in two regions, one centered around C96

and the other centered around C159/C160. Also, several residues near C96 not assigned

in the free form were assigned in the complex. Residues near C117 do not display large

chemical shift differences, which suggests that the mercuric ion is not bound to C117.

The sequential assignment also allowed the residues which display paired peaks in the

presence of racemic DTT to be mapped to the sequence (Table 2.2). Eight paired peaks

have been assigned to the residues E64, L76, T77, W95, C96, T100, R155, and C160. The

regions displaying paired peaks correlate roughly with the regions displaying the largest

chemical shift differences between the free and bound forms.
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Figure 2.8: Comparison of backbone chemical shifts between free MerB and the
MerB/Hg/DTT complex. The quantity ∆δ is a weighted average of chemical shift
differences for amide proton, amide nitrogen, and carbonyl atoms:

∆δ = (0.17(δN f ree −δNcomplex)
2 +0.39(δC f ree −δCcomplex)

2 +(δH f ree −δHcomplex)
2)1/2

where the weighting coefficients reflect the relative chemical shift dispersion of each type
of nucleus [129].
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2.2.6 CYSTEINE Cβ CHEMICAL SHIFT

The Cβ chemical shifts of the cysteine residues provide evidence that C96 is the only

cysteine involved in mercury binding in the MerB/Hg/DTT complex. This cysteine residue

has been shown to be critical for MerB catalysis [48]. In the free protein, C117, C159, and

C160 all display standard Cβ chemical shifts for reduced cysteines, and the chemical shift

of C96 Cβ was not assigned. In the MerB/Hg/DTT complex, the Cβ shifts of C117, C159,

and C160 are also in the normal reduced range, but for C96 the Cβ shift (37.9ppm) is

unusually downfield (Table 2.3). The downfield Cβ shift of C96 could be explained by

formation of a disulfide bond involving this residue [130], but it is unlikely that such a

disulfide bond is present given the absence of available thiol groups. Indeed, no free thiol is

available in the buffer, there is no evidence that other cysteines in the MerB monomer form

a disulfide bond, and there is no evidence from the NMR spectra that the MerB/Hg/DTT

complex forms a dimer. The more likely explanation for the chemical shift of C96 Cβ is

coordination to the mercuric ion. Cysteine Cβ chemical shifts are sensitive to mercuric

ion binding at the thiolate group. In solution NMR studies of Hg(SR)n complexes, Cβ

generally shifts downfield as the number of thiol ligands n increases [131]. The observed

chemical shift of C96 Cβ in the MerB/Hg/DTT complex is consistent with a population

of essentially 100% HgS3. The Cβ chemical shift of C159 is slightly downfield from the

standard range for reduced cysteine (Table 2.3), but much less so than that of C96. This

observation allows the possibility of a small degree of exchange between C96 and C159.

In the calculated structure of the MerB/Hg/DTT complex (to be described in chapter 4,)

the distance between the sulfur atoms of C159 and C96 is 9 Å, which is close enough to

allow some exchange without excessive conformational shifts.
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Table 2.3: Cβ chemical shift (ppm) for cysteine residues in MerB/Hg/DTT complex.

Residue δCβ (ppm)
C96 37.9
C117 29.7
C159 32.8
C160 26.7

2.3 SUMMARY

Simple addition of an organomercurial substrate to MerB in the presence of DTT results in

a very stable, reproducible MerB/Hg/DTT complex. The evidence for this complex con-

sists of a pattern of paired resonances in the 1H-15N HSQC spectrum (Figure 2.1) which

is only consistent with a single DTT molecule bound to the mercury atom through both

of its sulfur atoms. EXAFS studies of the MerB/Hg/DTT complex indicate that mercury

is coordinated by three sulfur atoms. The Cβ chemical shifts of cysteine residues in the

MerB/Hg/DTT complex indicate that the mercury atom is bound to C96. Taken together,

the data are consistent with a model for the MerB/Hg/DTT complex in which the mercuric

ion is bound by both sulfur atoms from DTT and the sulfur atom of C96. The backbone

chemical shifts of free MerB and the MerB/Hg/DTT complex are very similar, showing

that the two forms have the same overall fold. The largest differences are clustered around

C96 and C159/C160, the probable binding site for mercury.



CHAPTER 3

DIRECT TRANSFER FROM MERB TO MERA1

It has been suggested that product release from MerB occurs via a direct-transfer mecha-

nism, in which the mercuric ion passes directly from the active site of MerB to the active

site of MerA without first diffusing through the cytoplasm [40]. This mechanism would

prevent the release of the toxic mercuric ion product of MerB into the cytoplasm. The

type of mechanism in which a metabolite passes directly between enzymes is known as

substrate channeling, and is an alternative to a dissociative mechanism (see Figure 1.3).

The occurrence of substrate channeling has been proposed for many other enzyme pairs

[69, 70].

A variety of kinetic methods have been developed to test for substrate channeling.

The approach we use here is the enzyme-buffering test [72], in which the activity of E2

is measured in the presence of X and an excess of E1 (using the notation from Figure

1.3). An expected activity is calculated assuming that only the dissociative mechanism

is operating. If the observed activity is higher than expected, then the assumption must

be wrong, and the most plausible alternative explanation is the channeling mechanism.

There are three components to this test. The first is a measurement of the dissociation

constant of the E1-X complex (MerB/Hg/DTT in this case). The second is a measurement

of the kinetic parameters (KM and vmax) of E2 with free X substrate, which in this case

correspond to MerA and Hg(II). The third component is the measurement of MerA activity

with the MerB/Hg/DTT complex as a substrate.

1Reproduced in part with permission from Biochemistry, submitted for publication. Unpub-
lished work copyright 2004 American Chemical Society.

40
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The choice of assay conditions is important for the enzyme buffering test. In this

study, assays were performed in the presence of 1 mM cysteine because this reflects

the physiological situation, and because all reported multiple-turnover studies of MerA

to date require the presence of cysteine or another single-sulfhydryl small molecule. The

MerB/Hg/DTT complex was chosen as a substrate because of its excellent stability, homo-

geneity, and reproducibility.

3.1 METHODS

3.1.1 MERA PURIFICATION

The Tn21 MerA gene was obtained in the form of plasmid pNS2 [36] from Dr. Richard

Meagher at the University of Georgia. Plasmid pGB5 was created by ligating the Xba

I / Hind III fragment of pNS2 into expression vector pET-21b (Novagen) cut with the

same two restriction enzymes. E. coli BL21-DE3 cells were transformed with pGB5 and

grown at 37oC in Luria-Bertani broth with 0.1 mg / mL ampicillin. Upon reaching an

O.D. of 1.0, the cultures were induced with 0.4 mM IPTG, and incubated for another 2-3

hours before harvesting. Purification was based on the procedure of Rinderle et al. [59]

with modifications. The cells from 6 liters of culture were harvested by centrifugation in

a Beckman JA-10 rotor at 5000 g for 20 minutes, suspended in 200 mL of buffer A (20

mM Tris (pH 8.0), 1 mM EDTA, 1 mM DTT) plus 1 mg / mL benzamidine, then lysed

by passage through a French press. The lysate was cleared by centrifugation at 100,000g

and applied to a DEAE-sepharose Fast Flow (Amersham Biosciences) column (50 mm

i.d. x 40 cm length) equilibrated with buffer A, and MerA was eluted with a salt gradient

of 0-1 M NaCl over 1.5 L. MerA-containing fractions were identified by the kinetic assay

described below. Active fractions were pooled and dialyzed with a 10K-cutoff membrane

into buffer B (20 mM sodium phosphate (pH 7.2), 1 mM EDTA, 1 mM DTT), then applied

to a Blue Sepharose Fast Flow (Amersham Biosciences) column (1.5 in. i.d.; 3 in. length)
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equilibrated with buffer B, and eluted with a 0-1 M NaCl gradient over 700 mL. Active

fractions were concentrated to 10 mL and separated on a 200 mL Superdex-75 gel filtra-

tion column equilibrated with buffer D (10 mM sodium phosphate (pH 7.3), 1 mM EDTA,

1 mM DTT, and 100 mM NaCl). MerA-containing fractions were reconcentrated to 5 mL,

reduced with additional DTT, and then applied in 0.5 mL batches to a disposable PD-

10 sephadex G25 desalting column (Amersham Biosciences) equilibrated with a storage

buffer consisting of 50 mM sodium phosphate (pH 7.0), 100 mM NaCl, and 30% glycerol.

The column eluent was immediately divided into 0.5 mL aliquots and stored at -80oC.

3.1.2 KINETIC ASSAYS

MerA activity was followed by monitoring the consumption of NADPH:

N(t) = [NADPH]o − [NADPH] (3.1)

where N(t) is the total reaction progress. NADPH concentration was measured by UV

absorbance (A340=6.22 mM−1cm−1). Reaction mixtures contained 50 mM sodium phos-

phate (pH 7.0), 100 mM NaCl, 100 µM NADPH, 1 mM cysteine, and varied concentra-

tions (0 - 10 µM) of Hg(II) or MerB/Hg/DTT substrate. Assays were performed at room

temperature. Reactions were initiated by adding 20 µL of a MerA aliquot to 1 mL of reac-

tion mixture. The mixtures were well mixed before recording began. Each MerA aliquot

was thawed immediately before use. One aliquot was used for a series of 10 experiments

plus 2-3 control experiments. The control experiments contained 4 µM Hg(II) as a sub-

strate.

MerB/Hg/DTT samples for use as MerA substrates in kinetic assays were prepared

by adding 1.5 equivalents of PHMSA to a sample of purified MerB in the presence

of fresh DTT. In order to remove excess mercury, organomercurial, and DTT from the

buffer, the complex was purified by injecting 5-8 mL on a sephadex G-25 gel filtration

column with a void volume of 12 mL. A 10 mL fraction after the void volume was
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collected as the protein-containing fraction. Because residual DTT, mercury, or PHMSA

in the MerB/Hg/DTT sample could potentially interfere with the assay results, we indi-

rectly determined the degree of separation between protein and small molecules by using

riboflavin as a tracer. Because riboflavin has a strong visible absorbance at ∼450 nm,

its concentration in the MerB-containing fraction was easily measured. By this measure,

the degree of separation between riboflavin and protein was at least 1:1000. Other small

molecules such as unbound mercury, organomercurials, and DTT should behave in a sim-

ilar way.

A stock of free MerB free of contaminating NADPH oxidase activity was prepared

for use in enzyme buffering tests. A 10 mL sample of free MerB was dialyzed into 20

mM sodium phosphate pH 7.4, 1 mM EDTA, and 1 mM DTT, and then applied to a Blue

Sepharose Fast Flow (Amersham Biosciences) column (1.5 in. i.d.; 3 in. length) equili-

brated with the same buffer. MerB was collected from the flow-through of this column.

No significant NADPH oxidase activity was detected in this MerB stock. Aliquots were

freshly reduced and separated from DTT before use in kinetic assays by the following

procedure. DTT was added to a final concentration of 4 mM to an 0.5 mL aliquot of 0.5

mM free MerB. The aliquot was then injected onto a PD-10 desalting column, and 1.5 mL

of MerB-containing eluent was collected for use in enzyme buffering tests. The free MerB

stock was used within four hours of preparation and kept on ice until use in the assays.

3.1.3 ANALYSIS OF KINETIC DATA

As noted in several other multiple-turnover studies of MerA activity, the reaction proceeds

with a rapid initial velocity which decays to a slower, constant final velocity. The change

in velocity cannot be ascribed simply to substrate depletion or product buildup, because

it can happen before substrate concentrations change significantly. The change can be

explained by conversion of enzyme between a more active and a less active form, the rate

of conversion being dependent on thiol and substrate conditions. The reaction velocity
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will then follow an exponential course [59]:

v = v f +(vo − v f )e
−kt (3.2)

where v f is the final steady state velocity, vo is the initial rapid velocity, and k is the net

rate of conversion between the two MerA forms. The total reaction progress (which is the

quantity measured in MerA assays) is obtained by integrating equation (3.2) to obtain:

N(t) =
∫ t

0
v(t) = v f t −

vo − v f

k
e−kt +

vo − v f

k
(3.3)

All measured reaction curves were fit to equation (3.3) by adjusting the parameters v f , vo,

and k. The normalized, relative activity vrel
o is defined as the ratio of vo for that assay to

the average vo for the control experiments (4 µM Hg(II)) in that assay series. This ensures

that any differences in MerA activity between aliquots does not affect the comparison of

measurements taken using different aliquots.

3.1.4 CALCULATION OF KD

The stability of the MerB/Hg/DTT complex was measured by dialysis against a cysteine-

containing buffer. 1 mL of ∼1 mM MerB/Hg/DTT was dialyzed into one liter of buffer,

and the appearance of free MerB was monitored by NMR. Prior to dialysis, all unbound

DTT was removed from the MerB/Hg/DTT sample by several rinses and reconcentrations

with DTT-free buffer. Dialysis was performed in a disposable, 2 mL, 10K-cutoff device

(Spectrum Laboratories). The concentrations of free protein, bound protein, and free mer-

cury are controlled by the dissociation constant KD:

KD =
[merB]× [Hg/DT T ]

[MerB/Hg/DTT ]

=
f 2

(1− f )
vi

vo
[MerB/Hg/DTT ]o (3.4)
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where f is the fraction of MerB/Hg/DTT that has dissociated, vi is the volume containing

protein, vo is the volume of the dialysis buffer, and [merB/Hg/DT T ]o is the initial con-

centration of MerB/Hg/DTT being dialyzed. The fraction f can be measured by NMR

because free MerB and MerB/Hg/DTT have distinct 1H-15N HSQC spectra. Dialysis was

allowed to proceed for 24 hours before NMR measurements were made. When none of the

free form was observed in a spectrum, the parameter f was set to a lower bound of 15%.

This number is based on the minimum reversion to the free form that would be clearly

visible in the spectrum given its signal-to-noise ratio.

3.2 RESULTS

3.2.1 MEASUREMENT OF KM AND vmax

All kinetic traces were fit to equation 3.3 as described in the methods. The quality of fit

was determined from the sum of squared residuals between the data and the predicted

values from equation 3.3. For all experiments used in the kinetic analysis, the RMSD

between the observed and expected values was below 0.05 µM (i.e. χ2
n < 1 for a 0.05 µM

error in NADPH concentration measurement.) A typical fit with an RMSD value of 0.03

µM is shown in Figure 3.1.

In the first series of assays, the kinetic parameters of MerA with a mercuric chlo-

ride substrate were measured. All assays contained 1 mM cysteine, and a series of mer-

curic chloride substrate concentrations from 0 - 4 µM was used. The results are shown

in Figure 3.2. The activity was fit to a Michaelis-Menten model with parameters KM=1.0

µM, vrel
max=1.2. vrel

max is in the unitless scale described in the methods (i.e. the activity at 4

µM Hg(II) is 1.0 by definition).

Although it is the relative velocity, and not the absolute velocity, that is needed for the

enzyme buffering tests, we also measured the absolute velocity for the purpose of compar-

ison with other studies. A MerA concentration of 0.7 µM was measured in one aliquot by
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Figure 3.1: Typical progress curve for MerA assay. Reaction contained 1 mM cysteine
and 9.3 µM MerB/Hg/DTT complex as a substrate, plus standard components described
in the methods. The fitted line corresponds to equation 3.3 with the parameters vo= 23.3
nM.sec−1, v f = 2.1 nM.sec−1, k = 0.015 sec−1. The RMSD between the observed N(t) and
the calculated N(t) for this particular curve is 0.03 µM.
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Figure 3.2: Measurement of MerA kinetic properties with Hg(II) substrate. The initial
velocity was determined using equation 3.3 and normalized to a control experiment as
described in the methods. Assays contained 1 mM cysteine. The fitted line corresponds to
KM=1.0 µM, vmax=1.2. vmax is a unitless ratio as described in the methods.
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Table 3.1: Summary of KD measurements by NMR. f is defined as in equation 3.4.

thiol f KD

none < 15% < 26nM
1 mM cysteine < 15% < 26nM
10 mM cysteine 65% 1.6 µM

absorbance at 455 nm due to the flavin cofactor, using a value of ε455 = 11.3mM−1.cm−1

[59]. Because the aliquots were diluted by a factor of 50 in the assays, the final concentra-

tion of MerA in the assays was 14 nM. The average value of vo in the control experiments

with 4 µM Hg(II) was 24 nM.sec−1. The value of vrel
max was 1.2 (see Figure 3.2), so the

absolute value of vmax is 28.8 nM.sec−1. Dividing by the MerA concentration gives a

specific activity of 123 min−1 for our MerA preparation.

3.2.2 MEASUREMENT OF KD

The stability of the MerB/Hg/DTT complex measured under several thiol conditions is

reported in Table 3.1. Dissociation of the complex was detectable only at high (10 mM)

cysteine concentration. At 0 - 1 mM cysteine concentration, an upper bound of KD=26

nM was found.

3.2.3 MERA ASSAYS WITH MERB/HG/DTT SUBSTRATE

In the second set of assays, the reaction mixtures contained an initial concentration of

9.3 µM MerB/Hg/DTT and 1 mM cysteine. Various amounts of excess free MerB were

also added to the assay mixtures. For each assay, an expected free mercury concentration

[Hg(II)]calc was calculated on the basis of equation 3.4 and the value for KD in Table 3.1.

Note that “free” Hg(II) in this sense means Hg(II) not bound to protein, although it is

bound to whatever small thiol is present. The expected MerA velocity was then calculated
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Table 3.2: Enzyme-buffering test results with the MerB/Hg/DTT complex and MerAa.

free MerB (µM) Hg(II)calc (µM) vrel
calc vrel

obs vrel
obs / vrel

calc
0 0.47 0.38 0.69 1.82

0.9 0.21 0.20 0.43 2.15
1.8 0.12 0.13 0.37 2.87
2.7 0.08 0.09 0.46 5.11
3.6 0.06 0.07 0.62 8.86
4.5 0.05 0.05 0.27 5.40
5.4 0.04 0.05 0.45 9.00
9.1 0.02 0.03 0.28 9.33

a All assays contained 9.3 µM MerB/Hg/DTT plus varied amounts of free excess MerB
(0-9.1 µM). Hg(II)calc was determined from the KD reported for 1 mM cysteine in Table
3.1. vrel

calc was determined as described in the text. vrel
obs is the measured MerA velocity

(reported as a unitless ratio as described in the Methods).

based on [Hg(II)]calc. For all concentrations of free MerB used, the observed velocity was

higher than what is expected from a purely dissociative mechanism, sometimes by a factor

of as high as 9 (Table 3.2).

3.3 DISCUSSION

The results of the enzyme buffering test (Table 3.2) are inconsistent with an entirely dis-

sociative mechanism of mercuric ion transfer from MerB to MerA. The most reasonable

alternative mechanism is substrate channeling. In general, the higher the ratio of vobs to

vcalc, the stronger the conclusion of substrate channeling. The ratios reported in this study

are similar to the ratios (∼ 10) reported for NADH channeling in the NADH:ubiquinone

complex I [82], which are among the highest reported using the enzyme buffering test. The

conclusion of substrate channeling depends on accurate measurement of kinetic parame-



49

ters. It is therefore useful to discuss measures taken to ensure accuracy of those measure-

ments.

3.3.1 CONTROLS FOR ARTIFACTS

The enzyme-buffering method is subject to several known artifacts relating to enzyme

impurity and errors in kinetic parameter estimation. A prerequisite for the enzyme-

buffering test is knowledge of the behavior of E2 using free X as a substrate. This is

needed in order to calculate the expected activity. This information can be taken from

the literature, but it is better to redetermine the kinetic parameters in the same labora-

tory where the enzyme-buffering experiments are done. This is because many factors

may influence the activity of E2, such as: the purity of the preparation, the exact gene

sequence, the storage conditions, the temperature of the assays, and the buffer conditions.

However, if the control and enzyme buffering experiments are performed in the same

laboratory, these factors will influence the control and the enzyme-buffering experiments

equally, and so will not affect the final conclusion of experiments done in tandem.

It is also important that the model for E2 activity corresponds to the conditions and

range of X concentrations likely to be encountered in the enzyme buffering test. Over

an Hg(II) concentration range of 0-4 µM, we measured a specific vmax of 123 min−1

and a KM of 1.0 µM (Figure 3.2). This concentration range corresponds to the free Hg(II)

expected in the enzyme buffering test (Table 3.2). Because MerA is a dimeric enzyme with

a fairly complicated mechanism [60, 59], this simple Michaelis-Menten model cannot be

expected to accurately describe the behavior of MerA outside of this concentration range.

This is probably the most important reason why the present measurement of the absolute

vmax (123 min−1) is lower than the absolute vmax (1044 min−1) measured in the realm

of 100 µM mercuric ion substrate [59]. Another measurement placed vmax of MerA at

340 min−1 [30], which may be higher than our measurement largely due to the higher

temperature used in that study (37oC vs. 21oC). The laboratory-specific factors mentioned
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above also certainly contribute to the differences observed between this measurement of

the MerA kinetic parameters and previous measurements. The differences also illustrate

the necessity of performing independent measurements of E2 kinetic parameters when

doing enzyme buffering experiments.

There are also issues relating to E1 (MerB) impurity [132]. If the E1 preparation is

impure, i.e. the true E1 concentration is lower than what is reported, then the calculated

free X concentration (second column in Table 3.2) will be artificially low. This in turn

leads to an underestimation of vcalc, which can lead to a false conclusion of substrate

channeling. This potential problem is mitigated in our study by the way in which the

E1/X (MerB/Hg/DTT) complex is prepared. The MerB/Hg/DTT complex used in enzyme

buffering experiments was thoroughly separated from excess mercury and thiols by gel

filtration. The only way a mercuric ion can make it to the enzyme buffering assay is as part

of a MerB/Hg/DTT complex. This ensures that the E1/X ratio is at least 1:1. The addition

of excess free MerB increases the ratio above 1:1. Even if the MerB preparation used

were only 50% pure, the final results would not be greatly altered. Still, it should be noted

that our MerB preparations appeared at least 95% pure on a Coomassie Blue-stained gel,

and this pure band represents a protein population which adopts a single conformation, as

judged by NMR spectroscopy.

Error in the measurement of the dissociation constant for the E1/X complex can also

potentially lead to false conclusions in the enzyme buffering test. Because vcalc increases

with increasing KD, an underestimation of KD can lead to a false conclusion of channeling.

For this reason, steps were taken to prevent underestimation of KD. The generous lower

limit of 15% used for the extent of dissociation f in equation 3.4 means that the reported

KD of 26 nM is probably not an underestimate. Table 3.1 shows the results of the KD

measurements under several thiol conditions. The condition with 1 mM cysteine is the

most important for this study, because that is the condition used in the enzyme buffering

tests. No dissociation was detected in the presence of zero to 1 mM cysteine, leading to an
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upper bound of 26 nM for the apparent KD (Table 3.1). The measurement of an apparent

KD of 1.6 µM in the presence of 10 mM cysteine indicates that the dialysis method is

capable of showing dissociation and that, at sufficiently high concentration, cysteine is

capable of removing mercury from the MerB/Hg/DTT complex. The high stability seen

at low cysteine concentration is consistent with the observation that the MerB/Hg/DTT

complex always remained intact through cycles of dilution and reconcentration even in the

absence of Hg(II) or DTT. Changes in the volume vi of the dialysis tube during dialysis can

be shown not to affect the final KD estimate. Because the total amount of MerB present in

the system remains constant, the quantity [MerB/Hg/DTT].0vi in equation 3.4 is constant;

i.e. a change in vi due to change of buffer volume during dialysis is exactly counteracted

by an opposite change in dialysate concentration.

Another potential source of error in enzyme buffering tests is contaminating “E2-like”

catalytic activity in the E1 preparation. A relatively large concentration (several µM) of

E1 is used, whereas only a catalytic amount (nM) of E2 is used. Because of this, even

minor contaminants in E1 that have enzymatic activity similar to E2 can cause problems.

An E1 contaminant that produces false E2 activity will raise the observed activity, but not

the expected activity, and can therefore lead to a false conclusion of channeling [133].

Fortunately this problem is easily detected by control assays in which E2 is omitted. In

this study no significant MerA-like activity was detected in the absence of MerA.

3.3.2 INITIAL RATE APPROXIMATION

The derivation of equation 3.3 does not take into account the fact that substrate and product

concentrations are changing during the course of the reaction. However, analysis of kinetic

data and the enzyme buffering test were based entirely on consideration of initial reac-

tion rates. So, the conclusions depend mainly on the ability of equation 3.3 to accurately

describe the initial part of the reaction. For the initial part of the curve, the assumption

that substrate concentrations are not very different from their initial values is valid. For
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example, in Figure 3.1, it is apparent that the intial reaction rate is well-established when

less than 10% of the substrate has been consumed. Equation 3.3 may indeed be a poor

model for the reaction at longer times (> 2 minutes) at low substrate concentrations.

However, the RMSD measure and examination of the curves showed that equation 3.3

provided a good fit to the initial reaction velocity at all concentrations.

3.3.3 OTHER TESTS FOR CHANNELING

Recently Geck and Kirsch [87] have developed a new test for substrate channeling based

on inactivated forms of the E1 enzyme. This test also avoids some of the potential prob-

lems associated with the need for large amounts of E1 in the enzyme buffering test. Also,

the Geck-Kirsch method can disprove the channeling hypothesis, whereas the enzyme

buffering test can only disprove the dissociative mechanism, and is inconclusive in cases

where channeling does not occur. The Geck-Kirsch method requires a variant of E1 that

is unable to complete its reaction, but interacts with E2 in the same way normal E1 does

(assuming such interaction occurs at all). It may be difficult to meet both of these condi-

tions simultaneously in the case of the MerA-MerB pair, because the proposed interaction

(Figure 3.3) occurs through the mercuric ion itself. There are several catalytically impaired

variants of MerB available [48], but it is not clear if they bind mercury in the same way,

or could be expected to interact with MerA in the same way, as wild-type MerB.

3.3.4 THE MERA-MERB INTERACTION

The initial characterization of the MerB/Hg/DTT complex (Chapter 2) allows several

observations about product release from MerB. The first observation is that monothiol

compounds such as cysteine or glutathione compete very poorly with dithiol compounds

for the mercuric ion bound to MerB; this is shown by the dissociation experiments and
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is consistent with previous observations on the inhibitory role of DTT. The second obser-

vation is that MerB can accommodate an exogeneous dithiol molecule in its active site,

with the mercuric ion bound by both exogeneous sulfur atoms as well as C96 of MerB.

The third observation is that although exogeneous monothiols cannot displace the bound

dithiol easily, exogeneous dithiols can. For example, DTE easily displaces bound DTT.

Based on these results, it appears that mercury release from MerB in vivo would be

efficiently accomplished by a protein containing two or more sulfhydryls located in close

proximity to each other. Interestingly, all MerA proteins contain two adjacent cysteine

residues at the extreme carboxyl-terminal of the protein and these two cysteine residues

have been shown to be essential for normal catalytic turnover. Further, these cysteines

have been shown to be involved in removing tightly bound thiol ligands from mercuric

ions before they pass to the MerA active site [62]. Because MerB can be thought of as

a very large, tightly-bound thiol ligand, it is a reasonable hypothesis that the carboxyl

terminal cysteines of MerA serve the same function in the MerA-MerB interaction. In

analogy to the MerB/Hg/DTT complex, the mercuric ion in the MerA/Hg/MerB complex

would be coordinated by C96 of MerB and both carboxyl terminal cysteines of MerA

(Figure 3.3). This type of mechanism may be a common theme throughout bacterial mer-

cury detoxification; for example, the MerT membrane mercury transporter contains two

cysteines on its periplasmic face which are implicated in direct transfer from MerP, and

two cysteines on its cytosolic face which may be involved in direct transfer of mercury to

MerA [11].
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Figure 3.3: Proposed intermediate in the MerA-MerB interaction. The carboxyl terminal
cysteines of MerA are involved in removing the mercuric ion from the MerB active site,
and form a trigonal intermediate similar to the MerB/Hg/DTT complex.



CHAPTER 4

NMR STRUCTURE OF THE MERB/HG/DTT COMPLEX

The structure of the MerB/Hg/DTT complex was solved using heteronuclear triple-

resonance NMR experiments (see Table A.1). Shortly before the structure determination

of the MerB/Hg/DTT complex, the structure of the free MerB protein was also determined

by NMR [134].

4.1 METHODS

4.1.1 SAMPLE PREPARATION IN D2O

The HCCH-COSY, HCCH-TOCSY, (1H-13C)CT-HSQC, and 3D 13C-edited HMQC-

NOESY experiments were performed on a 13C/15N-labeled MerB/Hg/DTT sample

dissolved in D2O. NMR buffer in D2O was prepared from standard NMR buffer in

H2O by several cycles of lyophilization and resuspension in D2O. A 13C/15N-labeled

MerB/Hg/DTT sample was exchanged into the deuterated NMR buffer by six cycles of

5:1 dilution and reconcentration, which yields a theoretical minimum remaining H2O frac-

tion of ∼1/15,000, or ∼3 mM H2O. The remaining water signal in the spectra recorded

in D2O was consistent with this level of exchange.

4.1.2 EXPERIMENTS FOR SIDE-CHAIN RESONANCE ASSIGNMENTS

Aliphatic side-chain atom assignments were derived from the HCCH-COSY [135],

HCCH-TOCSY [136], 3D HCCTOCSY-NNH and (H)C(CC)TOCSY-NNH [124, 125,

126] experiments in combination with the sequential backbone assignments which have

55
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been described in chapter 2. The 3D HCCTOCSY-NNH experiment correlates side-chain

aliphatic proton resonances in F1 to backbone 15N and HN in F2 and F3, respectively.

Magnetization from the aliphatic side-chain proton is transferred through the scalar cou-

pling to its attached 13C atom, then to Cα via isotropic mixing, then to C’ through the

scalar coupling, and then to 15N and 1H. The (H)C(CC)TOCSY-NNH experiment is

similar, except 13C chemical shifts are detected in F1. In the HCCH-COSY experiment,

magnetization from aliphatic side-chain protons (F1) is transferred to the attached 13C

(F2), to an adjacent 13C through the scalar coupling, and then to an attached proton vic-

inal to the first (F3). In the HCCH-TOCSY experiment, isotropic mixing is used for the

carbon-carbon transfer, such that all protons in the same spin system will be correlated in

F1 and F3, rather than just vicinal protons.

The HCCH-COSY and HCCH-TOCSY experiments employed a constant-time evo-

lution period in the F2 (13C) dimension [137]. Therefore, mirror-image linear prediction

was used to double the number of time domain complex points from 40 to 80 in both

experiments [138, 139]. Linear prediction was also useful for improving the resolution

in the F1 (1H) dimension, because the acquisition time in this dimension was sufficiently

short (17 msec) that many signals were truncated. Forwards-backwards linear prediction

[139], rather than mirror-image linear prediction, was employed because signals decay in

t1 with different rate constants. The performance of linear prediction generally degrades

as the number of frequency components (i.e. peaks) in the predicted dimension increases,

and the method fails entirely if the number of frequency components exceeds the number

of data points [140]. Therefore, a protocol was used in which a time-domain dimension

was extended by linear prediction only when all other dimensions were in the frequency

domain. The data were first Fourier transformed in t3 and t1, then extended by linear

prediction and transformed in t2. An inverse transformation on t1 was then performed,

making this the only time-domain dimension. The data in t1 were extended by linear pre-

diction and then re-transformed, yielding a final spectrum processed with linear prediction
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in both F1 and F2. The improvement achieved in F1 by linear prediction in two dimensions

is shown in Figure 4.1.

Peaks in the HCCH-COSY experiment were correlated to peaks in the H(CC)TOCSY-

NNH experiment via the H1 and H2 (F1 and F3, respectively) chemical shifts, and to peaks

in the (H)C(CC)TOCSY-NNH experiment via the 13C (F2) chemical shift. Although the

chemical shifts of side-chain atoms were available from the H(CC)-TOCSY-NNH and

C(CC)-TOCSY-NNH experiments, the assignments were taken from the HCCH-COSY

and HCCH-TOCSY experiments in all cases because of the superior resolution for both

13C and 1H in those experiments. The 13C resolution is better in the HCCH-COSY and

HCCH-TOCSY experiments due to the constant-time evolution period in F2, which elim-

inates broadening due to C-C scalar couplings. The 1H resolution is better because in the

HCCH-COSY and HCCH-TOCSY experiments, the side-chain 1H chemical shift is mea-

sured in the directly detected dimension, whereas in the H(CC)-TOCSY-NNH experiment

the side-chain 1H chemical shift is measured in the F1 dimension.
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Figure 4.1: F1-F3 slices of an HCCH-COSY spectrum of MerB/Hg/DTT processed
without (A) and with (B) linear prediction in t1. Both versions were processed with linear
prediction in t2, as described in the text. The F2 chemical shift is 42.15ppm. This region is
crowded by peaks from several lysine residues at the frequencies (Hε, Cε, and Hδ) in (F1,
F2, and F3), respectively. Two such peaks are marked in the figure from K33 and K177.
The peak from K33, in particular, is better resolved with linear prediction employed in t1.
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4.1.3 NOE ASSIGNMENTS

In order to obtain structural information in the form of interproton distance restraints, 15N-

edited NOESY-HSQC [141] spectra were collected with 40 msec and 100 msec mixing

times, and a 3D 13C-edited HMQC-NOESY [142] spectrum was collected with a 100

msec mixing time. NOE restraints were classified into three distance categories based on

intensity: strong (1.8-2.8 Å), medium (1.8-3.4 Å), and weak (1.8-5.0 Å). The calibration

of intensity vs. distance class was based on a consideration of NOE crosspeaks corre-

sponding to known distances: intraresidue Hα and Hβ, and Hα-HN (i, i+3) and Hα-Hβ (i,

i+3) in helical regions.

4.1.4 RESIDUAL DIPOLAR COUPLING MEASUREMENT

Residual dipolar couplings were obtained using Pf1 phage (from ASLA) as an alignment

medium [143]. Each experiment was recorded on one aligned sample containing phage

and one control sample not containing phage. The phage concentration in the aligned

sample was 11 mg / mL, which yielded a 2H quadrupolar splitting of 10.5 Hz. Sam-

ples contained 1.3 mM 13C/15N-labeled MerB/Hg/DTT in 90% H2O, 10% D2O, 10 mM

sodium phosphate pH 7.5, 1 mM EDTA, and 10 mM NaCl. One-bond couplings were

measured with a series of TROSY-HNCO-based 3D triple-resonance NMR experiments

[144]. These experiments are capable of providing three types of residual dipolar cou-

pling measured in heteronuclear dimensions (DN,HN , DN,C′ , and DC′,Cα), and two types

of residual dipolar coupling measured in the directly detected dimension (DHN ,C′ and

DHN ,Cα). The DC′,Cα dipolar coupling was taken as the difference in splitting between a

spectrum recorded under aligned conditions and a spectrum recorded under isotropic con-

ditions. Due to the negative sign of 1JN,C′ and 1JN,HN , DN,C′ and DN,HN were taken as the

difference in splitting between the spectrum recorded under isotropic conditions and the

spectrum recorded under aligned conditions. For structure calculations, residual dipolar



60

coupling restraints were included as harmonic potentials between the calculated and mea-

sured couplings [115]. The harmonic force constants at the beginning of the slow-cooling

simulated annealing cycle were set to 0.01 kcal.mol−1.Hz−2, and were ramped up to final

values of 1.0 kcal.mol−1.Hz−2, 3.0 kcal.mol−1.Hz−2, and 5.0 kcal.mol−1.Hz−2 for DN,HN ,

DC′,Cα , and DN,C′ , respectively.

4.1.5 DIHEDRAL ANGLE RESTRAINTS

Backbone ψ and φ dihedral angle restraints were obtained by a database search of

sequence and chemical shift homology using the program TALOS [145]. Hα, N, C’, Cα,

and Cβ chemical shifts were used for the TALOS prediction. The errors in φ and ψ were

set to either a minimum of 15o or to ±1.5σ, where σ is the standard deviation of the

predicted angles from the database search.

4.1.6 BACKBONE 15N RELAXATION DATA

15N T1 and T2 relaxation rates and 15N-1H steady-state heteronuclear NOE values were

measured using gradient-enhanced 2D spectra described by Farrow et. al. [146]. T1 and T2

decay rates were sampled with 11 and 9 points, respectively, and fit to single-exponential

decays. Heteronuclear 15N-1H NOE values were measured as the ratio of peak intensities

in the presence and absence of 1H saturation before each scan.

4.1.7 INTERMOLECULAR NOE

NOE transfers between the DTT molecule and the protein in the MerB/Hg/DTT complex

were measured with an F1-(13C)filtered, F3-(13C)edited NOESY-HSQC experiment [147]

on a 13C/15N-labeled MerB/Hg/DTT sample in D2O. The experiment utilized WURST

purging pulses to remove magnetization originating on protons bound to 13C prior to

NOE transfer. The GARP sequence was used to decouple 13C and 1H during acquisition
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[148]. Because the protein component was nearly completely 13C enriched and the DTT

molecule was at natural abundance, all observed crosspeaks were from DTT atoms to

protein atoms. The chemical shifts of the DTT atoms in the MerB/Hg/DTT complex were

measured with a 1D 13C-filtered WATERGATE spectrum [149].

4.1.8 PARTIALLY DEUTERATED MERB/HG/DTT COMPLEX

A sample of 99%13C, 99% 15N, and ∼70% 2H - enriched MerB was prepared in a similar

fashion to the 13C/15N-labeled sample, except that the growth medium contained 70%

D2O. Prior to inoculation into large-scale deuterated minimal medium, cells were adapted

to D2O in several stages in small (∼ 20 mL) cultures. Cells from an initial culture during

the exponential growth phase in fully protonated medium were isolated by centrifugation

and resuspended in a medium containing 70% D2O. The cells were then again allowed to

grow into the exponential phase, then harvested by centrifugation. This cycle was repeated

once more, and the final growth was used to innoculate a liter-scale culture. This procedure

was necessary because initial growth in D2O is slow. The centrifugation / resuspension

cycles prevent the accumulation of β-lactamase in the growth medium during the long

period of D2O adaptation, which can lead to loss of the MerB-expressing plasmid. The

partially (70%) deuterated MerB/Hg/DTT sample was prepared as described for the non-

deuterated version in Section 2.1.2.

The partially deuterated sample was used to obtain sequential correlations of Cα atoms

through the HNCA-D and HN(CO)CA-D experiments [106, 107]. The sample was also

used to obtain correlations of backbone amide (N, HN) moieties and side-chain pro-

tons through a H(CC-CO)NH-TOCSY experiment [109]. Cβ resonances were detected

with HN(CA)CB-D and HN(CACO)CB-D experiments on the partially deuterated sample

[107], but these experiments did not yield any assignments that were not also obtainable

from the fully protonated sample. Experiments on the partially deuterated sample utilized

deuterium decoupling to minimize broadening of the 13C resonances [106, 150, 151].
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4.1.9 STRUCTURAL CALCULATIONS OF INDIVIDUAL DOMAINS

The initial structure calculation of the MerB/Hg/DTT complex was performed separately

on three segments of the protein. This was done for two reasons: to speed the initial calcu-

lations, and to allow an independent domain-by-domain analysis of the alignment tensor.

The domains were chosen by an examination of the free MerB structure. The similarity

of the backbone chemical shifts of free MerB and the MerB/Hg/DTT complex indicate

that the two forms have a very similar secondary structure. Therefore, it was assumed

that domain divisions valid in the free structure would also be valid in the unknown

MerB/Hg/DTT structure. This assumption was found to be valid when the MerB/Hg/DTT

structure was solved. The division into domains was based on a number of qualitative cri-

teria: there should be no secondary structure elements shared between the two domains,

there should be no backbone-backbone hydrogen bonds between them, and it should be

possible to define a reasonably flat surface between the two domains that intersects the

protein backbone only once. Using these criteria, the MerB structure was divided into

an amino terminal domain consisting of residues 21-79, a central domain consisting of

residues 80-137, and a carboxyl terminal domain consisting of residues 138-212 (see

Figure 4.2). The first 20 residues do not give any observable NMR signals and so were

not included in any of the structure calculations.

Structures of each domain were calculated by simulated annealing implemented in

the program CNS [153, 96]. Calculations began from an extended strand and utilized

a slow-cooling torsion angle dynamics stage followed by a Cartesian dynamics stage

[154]. Structure calculations made use of NOE-derived interproton distance restraints,

backbone ψ and φ angle restraints, and the three classes of residual dipolar coupling

restraints described above (DN−HN , DC′−Cα , and DN−C′). Due to the inclusion of residual

dipolar coupling restraints, cooling phases during simulated annealing were longer and

had smaller time steps than what is normally employed in the absence of residual dipolar
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Figure 4.2: Secondary structure topology of MerB showing the three domains: the amino
terminal α-helical domain, the central β sheet domain, and the carboxyl terminal domain.
The diagram is in the notation of Sternberg and Thornton [152], in which an upwards tri-
angle 4 represents a β strand viewed from the amino terminus, and a downwards triangle
5 represents a β strand viewed from the carboxyl terminus. Circles represent α helices.
The lengths of the connecting segments are not proportional to the actual length of the
connecting loops in the structure; they are drawn to emphasize the distinction between the
domains. The locations of the three cysteine residues involved in the active site are shown.

coupling restraints [155]. For each domain, a population of 70 structures was calculated.

For each domain, at least 50 of these had no dihedral angle violations greater than 5o

and no NOE distance violations greater than 0.5 Å. The 20 lowest energy structures were

selected for further analysis.

The structural information contained in residual dipolar couplings was represented in

simulated annealing calculations by the inclusion of four imaginary “anisotropy atoms”

which exist only to define the orientation of the alignment tensor [115]. The group of

anisotropy atoms consists of an origin atom and one atom for each of the Cartesian dimen-

sions. The distances and angles between the atoms are fixed. The orientation of the tensor,

together with the known magnitudes of the tensor’s components, are used to calculate

expected residual dipolar couplings. An anisotropy energy is calculated based on a har-

monic potential of the predicted vs. measured residual dipolar coupling for each vector.

Two ways of using the anisotropy atoms are possible. If a pre-folded starting structure is

available, this starting structure can be put in the principal alignment frame along with the
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anisotropy atoms. The orientation of the anisotropy atoms is then fixed during simulated

annealing. Alternately, if a pre-folded structure is not used or if the principal alignment

frame is not known, the anisotropy atoms can be allowed to rotate freely. The latter method

requires knowledge of the magnitude, but not the orientation, of the alignment tensor; the

orientation is determined during the calculation through minimization of the anisotropy

energy. Free rotation of the anisotropy atoms was employed in all structure calculations.

For each domain, the structure and alignment tensor magnitudes were determined

together in an iterative cycle of simulated annealing and alignment tensor determina-

tion. For the first round of simulated annealing, residual dipolar coupling restraints were

not included. The resulting structure was used to obtain a first estimate of the alignment

tensor principal components (SXX , SYY , and SZZ) by singular value decomposition (SVD)

[156]. The resulting alignment tensor was then used to include residual dipolar coupling

restraints in a second round of simulated annealing. This process was repeated until the

derived principal alignment tensor components did not change between successive cycles.

In all cases, convergence happened by the third iteration.

4.1.10 STRUCTURE CALCULATION OF THE FULL PROTEIN

After the structure of each domain had been solved separately, the structure of the full-

length polypeptide chain (excluding the unstructured region of the first 20 amino acids)

was solved as a single unit. This calculation included several interdomain NOE restraints

between the amino terminal and central domains, and several interdomain NOE restraints

between the central and carboxyl terminal domains. There were no NOE restraints

detected between the amino terminal and carboxyl terminal domains. A single orientation

of the alignment tensor was used for the entire molecule. However, separate values of the

principal component magnitudes (which had been determined in the individual domain

calculations) were retained for each domain.
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The full-length structure calculations also included a model of the Hg-DTT group

bound to C96. The Hg-S bond lengths for both the C96-Hg bond and the DTT-Hg bonds

were set to 2.4 Å, which is consistent with the EXAFS results (see Section 2.2.3). Inter-

molecular NOE restraints between protons of the DTT molecule and the protein were set

to an upper bound of 5 Å, and a lower bound of 1.8 Å.

Simulated annealing calculations on the overall MerB/Hg/DTT structure began from

an extended chain conformation with standard geometry and employed a slow-cooling

torsion angle dynamics phase, followed by a second slow-cooling Cartesian dynamics

phase [154]. A total of 50 structures with no NOE violation greater than 0.5 Å and no

backbone dihedral angle restraint violation greater than 5 degrees were calculated. From

this set, the 20 lowest-energy structures were selected for further analysis. The quality of

the structures was assessed using PROCHECK [157]. Structure diagrams were generated

with the program MOLMOL [158].

4.2 RESULTS

4.2.1 HOMOLOGY SEARCHES

It has been published that MerB lacks sequence homology to any other known proteins

[48], and this was confirmed by several database searches prior to structure determination.

The full MerB sequence was first compared to the full NCBI sequence database, consisting

of nearly 1 million sequences, using the search algorithm PSI-BLAST [159]. The best

match found to a non-MerB sequence had an Expect (E) value of 2.3 which is not a

significant match for a sequence of this size. The MerB sequence was then compared

to the structures in the PDB database using the GenTHREADER algorithm [160]. All

resulting matches were rated as low significance by the algorithm. The best matches do

contain cysteine residues, but they are not clustered together in an active site as expected

for MerB.
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4.2.2 EXTENT OF ASSIGNMENTS

The initial backbone resonance assignment was described in Chapter 2. Using the experi-

ments described in the current chapter, some gaps in the backbone assignment were filled.

For the backbone 1H, 15N, and 13C resonances of residues 26-212 of the MerB/Hg/DTT

complex, 98% of 13Cα, 95% of 1Hα, 97% of the HN, 92% of the 15N, and 89% of the 13C’

were assigned. Most of the missing 15N and 13C’ assignments belong to proline nitrogen

atoms and the preceding C’ atom.

68% of assignable side-chain resonances (1H-bound 13C and 15N, and 1H, except

for 1H-15N and 15N of lysine and arginine) were assigned in residues 26-212 of the

MerB/Hg/DTT complex. For 68% of the residues, complete assignment was obtained;

29% of the side-chains were partially assigned, and for 3% of the residues only back-

bone resonances were assigned. Those residues for which no side-chain resonances were

obtained are Y74, H202, M207, S208, T211, and P212, and occur for the most part in the

last 10 residues of the protein. Other than the first 25 residues, P212 is the only residue to

remain completely unassigned.

The HNCA-D and HN(CO)CA-D experiments were very useful for establishing

sequential assignments in segments with overlap in the Cα region. For example, in the

HNCACB spectrum of a fully protonated sample, the Cα resonances of E80 and T81 are

not well resolved, and the Cα resonances of T81 and S82 are not resolved at all (Figure

4.3B). Both of these pairs are very well resolved in the HNCA-D spectrum of the partially

deuterated sample (Figure 4.3A). The improved resolution in the 13C (F1) dimension in

the HNCA-D spectrum is due to the longer acquisition time in this dimension, as well

as the use of a constant-time evolution period in t1 which refocusses the scalar Cα-Cβ

coupling. Employment of the constant-time evolution period is not possible with the fully

protonated sample because the Cα relaxation time is too short compared to the required

CT evolution period.



67

64

62

60

58

56

54

δ13
C

E80 T81 S82 Y83 V84

64

62

60

58

56

54

δ13
C

E80 T81 S82 Y83 V84

A

B

Figure 4.3: Strip plot showing sequential assignments through Cα as seen in (A) the
HNCA-D [106, 107] experiment and (B) the HNCACB [122] experiment. The HNCA-
D experiment was recorded on a 70% deuterated MerB/Hg/DTT sample and employed a
constant-time evolution period in the carbon dimension.
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The TROSY-HNCO based experiments yielded many useful DN,HN , DN,C′ , and DC′,Cα

couplings. The extra separation afforded by the C’ dimension greatly aided the resolu-

tion in crowded regions of the spectrum. The dipolar couplings measured in the directly

detected dimension (DHN ,C′ and DHN ,Cα) were less useful due to distortions in the line-

shape. The couplings measured in the directly-detected dimension are particularly sen-

sitive to partially resolved, undesired 1H-1H residual dipolar couplings such as HN-Hα.

Such partially resolved couplings could clearly be seen in the spectra. Although align-

ment tensors and structures could be found that gave good agreement with the three types

of heteronuclear-detected coupling, agreement was always poor with the two directly-

detected coupling types, so the directly-detected couplings were not employed in structure

calculations.

4.2.3 ALIGNMENT TENSOR

The converged magnitudes of the alignment tensor components were quite similar for the

central and carboxyl terminal domains of the MerB/Hg/DTT complex (see Figure 4.4).

The magnitudes of the tensor components for the amino terminal domain were slightly

different: the overall magnitude was 91% of that for the other two domains, and the rhom-

bicity of the amino terminal was 0.17, vs. 0.50 for the other two domains.

4.2.4 STRUCTURE CALCULATION OF THE AMINO TERMINAL DOMAIN

The amino terminal domain of MerB consists of residues 21-79. The structural calcula-

tions for the amino terminal domain were based on 330 NOE restraints, 72 residual dipolar

coupling restraints, and 61 ψ and φ dihedral angle restraints. There were an average of 5.7

NOE restraints per residue. The structure of the domain, and its principal alignment frame,
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Figure 4.4: Comparison of the magnitudes of the principal components of the alignment
tensor for the three domains of the MerB/Hg/DTT complex: amino terminal central, and
carboxyl terminal. The magnitudes were determined by fitting the residual dipolar cou-
plings for the domain to the lowest energy structure for that domain by SVD [156].

are shown in Figure 4.5. The secondary structure, using the diagram of Figure 4.2, con-

sists of α-helix H1 (residues 26-32), α-helix H2 (residues 39-46), α-helix H3 (residues

50-58), and the two strands of β-sheet A: β1 (residues 65-66) and β2 (residues 70-71).

The NOE restraints for the amino terminal domain exhibit mainly intrahelical short-

range connectivity, together with some long range connectivity between helices. H2 and

H3 are defined by a large number of sequential and short-range NOE’s (see Figure 4.6).

There are also several long-range NOE’s defining an interface between the carboxyl ter-

minal cap of H1 and β-sheet A.

Residues 21-25 were included in the structure calculation, although the structure for

this region is not well-defined. Resonance assignments in the 21-25 region were limited
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β2

H3

H1

β1

H2

Figure 4.5: Structural diagram of the amino terminal domain (residues 21-80) of the
MerB/Hg/DTT complex, placed in the principal alignment frame as determined by SVD
[156]. Left: Ribbon diagram of the lowest-energy structure. Right: Bundle of the 20 lowest
energy structures, shown as a trace through the backbone atoms. The color progresses
from green at the amino terminal to red at the carboxyl terminal of this fragment. The
pairwise RMSD for the alignment of the backbone atoms of residues 26-70 is 0.62 Å. The
diagrams were generated with MOLMOL [158].
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Figure 4.6: NOE connectivity for the amino terminal domain of the MerB/Hg/DTT com-
plex. The residue number of the source proton (from the F1 dimension) is shown vs. the
residue number of the destination proton (from the F3 dimension) for each NOE restraint
derived from (circles) a 3D 13C-edited HMQC-NOESY experiment [142] and (squares)
an 15N-edited NOESY-HSQC experiment [141]. Dashed lines show the adjacency of β-
strands.



72

to residues 21 and 22. No NOE restraints were observed between these two residues and

the remainder of the protein.

The NOE data support the orientation of H2 and H3 more strongly than that of H1. As

seen in Figure 4.6, a group of long-range NOE restraints defines the relationship between

H2 and H3. There are very few long-range NOE restraints between the interior of H1 and

any other secondary structure elements, although there are NOE restraints between the

carboxyl terminal cap of H1 and strand β2. In the absence of residual dipolar coupling

restraints, the orientation of H1 relative to the other helices two is not well defined, and

in the absence of both residual dipolar coupling and dihedral angle restraints, the helical

nature of H1 becomes notably less well defined (data not shown).

The degree of definition of the amino terminal domain is shown by Figure 4.5. The

three helices and β-sheet A are the best-defined parts. Residues 21-25 and 71-79 are less

well defined. The RMSD of the backbone atoms for the 20 lowest-energy structures is

0.62 Å for residues 26-70, which includes the three helices and β-sheet A.

4.2.5 STRUCTURE CALCULATION OF THE CENTRAL DOMAIN

The central domain of MerB consists of residues 80-137. The structure of the central

domain, and its principal alignment frame, are shown in Figure 4.7. Structure calcula-

tions were based on 617 NOE restraints, 109 residual dipolar coupling restraints, and 72

dihedral angle restraints. There were an average of 10.8 distance restraints per residue.

The secondary structure, following the diagram of Figure 4.2, consists of five extended

strands and one helix: β3 (residues 83-87), β4 (residues 90-94), β5 (residues 111-116), β6

(residues 123-128), β7 (residues 132-137), and α-helix 4 (H4, residues 97-103).

The five β-strands of the central domain together form β-sheet B, the largest secondary

structure element in the molecule. β3 and β5 are parallel and non-adjacent, and connected

by H4. As usual for this type of connection, the crossing is right-handed [152]. C96 occurs

near the amino-terminal end of H4; it is positioned over β-sheet B. C117 is also part of
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Figure 4.7: Structural diagram of the central domain (residues 80-137) of the
MerB/Hg/DTT complex, placed in the principal alignment frame as determined by SVD
[156]. Left: Ribbon diagram of the lowest-energy structure. Right: Bundle of the 20
lowest-energy structures, shown as a trace through the backbone atoms. The color pro-
gresses from green at the amino terminal to red at the carboxyl terminal of this fragment.
The pairwise RMSD for the alignment of the backbone atoms is 0.85 Å. The diagrams
were generated with MOLMOL [158].

this domain; it is located in the hairpin turn connecting the antiparallel, adjacent strands

β5 and β6.

The NOE connectivity patterns (Figure 4.8) support the secondary structure descrip-

tion, with numerous long-range, inter-strand NOE’s observed between all adjacent pairs

of strands. There are characteristic short-range and sequential NOE’s in H4, but not as

many as in the other helices of the protein.

An overlay of the 20 lowest energy structures of the central domain is shown in Figure

4.7. The β strands are well-defined by the NMR data. The RMSD of backbone atoms for

the central region is 0.85 Å. The definition is slightly lower in the loop from residues 104-

110 connecting H4 and β5. However, the helical shape of H4 was clearly defined. In the

free MerB structure, lack of observable NMR signals for several key resonances hindered

definition of H4.
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Figure 4.8: NOE connectivity for the central domain of the MerB/Hg/DTT complex. The
residue number of the source proton (from the F1 dimension) is shown vs. the residue
number of the destination proton (from the F3 dimension) for each NOE restraint derived
from (circles) a 3D 13C-edited HMQC-NOESY experiment [142] and (squares) an 15N-
edited NOESY-HSQC experiment [141]. Dashed lines show the adjacency of β-strands.
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4.2.6 STRUCTURE CALCULATION OF THE CARBOXYL-TERMINAL DOMAIN

The carboxyl terminal domain of MerB consists of residues 138-212. For the structure

calculations, residues 207-212 were omitted, because they lack structural restraints and

were not well-defined in the free MerB structure. The structure of the carboxyl terminal

domain, together with its principal alignment frame, is shown in Figure 4.9. Structure cal-

culations for the carboxyl terminal region used a total of 488 NOE restraints, 101 residual

dipolar coupling restraints, and 103 dihedral angle restraints. There were an average of

6.6 distance restraints per residue. Using the secondary structure scheme described in

Figure 4.2, the carboxyl terminal region consists of three extended β-strands and two α-

helices: β8 (residues 142-145), β9 (residues 163-165), α-helix 5 (H5, residues 168-176),

β10 (residues 185-188), and α-helix 6 (H6, residues 190-206). β8, β9, and β10 form β-

sheet C. β8 and β9 are adjacent and antiparallel. The loop connecting them is unusually

long for this type of connection, and includes the key cysteine pair C159/C160. The con-

nection between strands β9 and β10 has the same topology as the connection between

strands β4 and β5. The two sequential strands β9 and β10 form a right-handed connection

through the intervening helix H5. β9 and β10 are parallel and non-adjacent with respect

to each other, with β8 running in antiparallel fashion between them.

The secondary structure corresponds well with the observed NOE connectivity pat-

terns (Figure 4.10). Long-range, inter-strand NOE’s were observed between β8 and its

two flanking strands. A large number of sequential and short-range NOE’s are seen in the

two α helical regions. Several long-range NOE’s are also observed between the helices

and the β strands against which they are packed.

A superposition of the 20 lowest energy structures is shown in Figure 4.9. β sheet C at

the core of this domain as well as the two flanking helices are well defined. The long loop

between β8 and β9, containing C159 and C160, is less well defined. The loop consisting

of residues 177-184, which connects H5 and β10, is also less well defined than the rest of
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β10

H6
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Figure 4.9: Structural diagram of the carboxyl terminal domain (residues 138-206) of
the MerB/Hg/DTT complex, placed in the principal alignment frame as determined by
SVD [156]. Left: Ribbon diagram of the lowest-energy structure. Right: Bundle of the 20
lowest-energy structures, shown as a trace through the backbone atoms. The color pro-
gresses from green at the amino terminal to red at the carboxyl terminal of this fragment.
The pairwise RMSD for the alignment of the backbone atoms, excluding the two disor-
dered loop regions consisting of residues 146-162 and 177-184, is 0.82 Å. The diagrams
were generated with MOLMOL [158].
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Figure 4.10: NOE connectivity for the carboxyl terminal domain of the MerB/Hg/DTT
complex. The residue number of the source proton (from the F1 dimension) is shown
vs. the residue number of the destination proton (from the F3 dimension) for each NOE
restraint derived from (circles) a 3D 13C-edited HMQC-NOESY experiment [142] and
(squares) an 15N-edited NOESY-HSQC experiment [141]. Dashed lines show the adja-
cency of β-strands.
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the domain. The pairwise RMSD of the position of the backbone atoms of the 20 lowest

energy structures, excluding residues 146-162 and 177-184 in the flexible loop regions, is

0.82 Å.

4.2.7 15N RELAXATION EXPERIMENTS

15N relaxation experiments suggest that the lower definition observed in the 146-162 and

177-184 regions of the MerB/Hg/DTT structure reflects actual flexibility in the molecule,

and not just lack of restraint data in those regions. 15N T1, 15N T2, and 15N-1H heteronu-

clear NOE data are shown in Figure 4.11. In both the loop connecting β8 and β9 (residues

146-162) and the loop connecting H5 and β10 (residues 177-184), the T1 values (Figure

4.11A) and the 15N-1H heteronuclear NOE values (Figure 4.11C) are significantly below

the average. This indicates motion for the loops on a time scale faster than the overall cor-

relation time of the molecule. Low 15N-1H heteronuclear NOE values are also observed

for several residues at the extreme carboxyl terminus due to fraying of the end of α-helix

H6. In the loop connecting H3 and β1, one residue (Q59) has a low 15N-1H NOE value.

The loop connecting strands β2 and β3 (residues 71-79) forms the connection between

the amino terminal domain and the central domain. In the full MerB/Hg/DTT structure,

the relative orientation of the amino terminal domain and the other two domains is less

well defined than the structure of the domains individually. The lack of definition may be

due to motion of the amino terminal domain relative to the remainder of the molecule, via

flexibility in the β2-β3 loop. Such motion may explain the observed differences in align-

ment tensor magnitudes between the domains (Figure 4.4). However, the 15N relaxation

parameters in the β2-β3 loop are similar to the average values for the MerB/Hg/DTT com-

plex (Figure 4.11). Therefore, while the β2-β3 loop may be flexible, it does not undergo

rapid (pS) motions similar to those experienced by the β8-β9 and H5-β10 loops.
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Figure 4.11: 15N relaxation data for the MerB/Hg/DTT complex. (A) T1, (B) T2, and (C)
heteronuclear 15N-1H NOE are shown as a function of residue number.
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4.2.8 DTT BINDING

The DTT molecule contains three pairs of magnetically equivalent protons. The (mag-

netically equivalent) C2 and C3 protons of DTT resonate at 3.74 ppm in free DTT in

standard NMR buffer. Even when the DTT molecule is bound to the chiral protein as part

of a MerB/Hg/DTT complex, the C2 and C3 protons of DTT are magnetically equivalent

if the DTT molecule is free to rotate about the bond joining Hg(II) to C96. There is a

peak at this chemical shift in the 1D 13C-filtered watergate spectrum (Figure 4.12) of the

MerB/Hg/DTT complex, which is therefore assigned to the C2 and C3 protons of DTT

in the complex. There are several other peaks apparent in the 13C-filtered watergate spec-

trum (Figure 4.12). These peaks are probably due to the methylene protons of DTT, which

resonate at 2.67 ppm in free DTT. NOE crosspeaks (see below) were only observed to the

C2 and C3 protons of DTT.

The F1-(13C)filtered, F3-(13C)edited 13C NOESY-HSQC experiment contained only

four clear signals (Figure 4.13). All four appear at the chemical shift of the DTT C2 and

C3 protons in the F1 dimension. In the F2 and F3 dimensions, two of the signals were

assigned to the methyl groups of V113 in the MerB protein, and one signal was assigned

to a methyl group of V128 of MerB (see Figure 4.13). V113 is part of β5, and V128 is

at the end of the adjacent strand β6. Both of these strands are part of the large β sheet

in the central domain. The fourth signal (not shown) belonged to an unassigned aromatic

resonance at 6.67 ppm. Several protons from the unassigned aromatic group of F164 are

within 5 Å of the DTT molecule.

4.2.9 OVERALL STRUCTURE CALCULATIONS

The overall structure calculation included the restraints from the individual domain cal-

culations, as well as some inter-domain NOE’s and the intermolecular NOE’s between

the protein and the DTT molecule. There were only three interdomain NOE restraints
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Figure 4.12: Left: 1D 13C-filtered WATERGATE spectrum of 13C/15N-labeled
MerB/Hg/DTT complex [149]. The large peaks at 3.6 and 3.2 ppm are due to EDTA
in the buffer. The other peaks are (A) the magnetically equivalent C2 and C3 protons of
DTT and (B) the C1 and C4 methylene protons of DTT. Intermolecular NOE’s between
MerB and DTT were only observed to the C2 and C3 protons. The structure of DTT is
shown at right.
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Figure 4.13: Intermolecular NOE crosspeaks observed between DTT and MerB in the
MerB/Hg/DTT complex. An (F2, F3) slice at F1 = 3.74 ppm of the F1-(13C)filtered, F3-
(13C)edited NOESY-HSQC experiment is shown. The F1 chemical shift corresponds to
the chemical shift of the two protons bound to C2 and C3 of DTT. The chemical shifts in
the F2 and F3 dimensions were assigned to several valine methyl resonances as labeled.
The valine methyl groups are not stereospecifically assigned.
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between the amino terminal and central domains: from Hδ of I107 to HN of A32, from HN

of Y93 to HN of T77, and from Hα of A94 to HN of T77. There were 31 long-range, inter-

domain NOE restraints between the central domain and the carboxyl terminal domain.

These long-range NOE’s were mostly between side-chain atoms, and could be grouped

into four classes: between β6 and β9, between the amino terminal end of H6 and β7,

between H5 and the hairpin loop connecting β5 and β6, and between β9 or β8 and H4.

The overall structure calculations also included the three assigned NOE restraints between

the protein and the DTT molecule. In total, the structure calculation was based on 1588

NOE restraints, 259 dihedral angle restraints, and 285 residual dipolar coupling restraints

(see Table 4.1). A total of 50 structures with no NOE violation greater than 0.5 Å and no

backbone dihedral angle restraint violation greater than 5 degrees were calculated. From

this set, the 20 lowest-energy structures were selected for further analysis.

In the overall structure, the relative orientation of the carboxyl terminal and central

domains is well-defined. The core domain of the protein is defined as the combination of

the carboxyl terminal and central domains, consisting of residues 80-212. The resolution

of the core domain, excluding the last 6 residues and the two flexible loops consisting

of residues 146-162 and 177-184, is 0.85 Å pairwise RMSD for the backbone atoms,

and 1.61 Å for all heavy atoms (see Table 4.1). The resolution of the amino terminal

domain, consisting of residues 26-80, was also good in the overall structure: 0.71 Å pair-

wise RMSD for the backbone atoms, and 1.53 Å for all heavy atoms. When the entire

structure consisting of all three domains is superimposed, the resolution is slightly lower:

1.11 Å pairwise RMSD for the backbone atoms and 1.80 Å for all heavy atoms. A super-

position of the 20 lowest energy structures is shown in Figure 4.14. The decrease in res-

olution is due to differences in the relative orientation of the amino terminal domain and

the core domain of the protein between different members of the ensemble of structures.

The difference in alignment tensor asymmetry and magnitude seen for the core domain
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Figure 4.14: Bundle of the 20 lowest energy structures of the MerB/Hg/DTT complex. The
pairwise RMSD of the backbone atoms is 1.11 Å, excluding the disordered loop regions
from residues 146-162 and 177-184. The color of the backbone bonds progresses from
green at the amino terminal to red at the carboxyl terminal.

vs. the amino terminal domain (see Figure 4.4) supports the idea that this variation in the

relative orientation reflects the actual mobility of the amino terminal domain of MerB.

4.2.10 DESCRIPTION OF THE OVERALL STRUCTURE

The structure of the MerB/Hg/DTT complex is well-defined between residues 26 and

206. The overall structure is shown in Figure 4.16, and a stereo view is shown in Figure

4.15. The first 25 residues and the final 6 residues are less well-defined due to a lack of

observable signals, and hence structural restraints, in these regions.
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Table 4.1: Structural statistics for the MerB/Hg/DTT complex.

Restraints used for the structure calculation
Total NOE distance restraints 1588
Intra-residue 721
Sequential(|i− j| ≤ 4) 580
Long-range(|i− j| > 4) 287
Dihedral angle restraints (φ, ψ) 259
Residual dipolar coupling restraints (1DNH , 1DNC′ , 1DCαC′) 275

Structural Statistics
R.m.s. deviations from idealized geometry

Bonds (Å) 0.003 ± 0.00003
Impropers (degrees) 0.48 ± 0.0061
R.m.s. deviation from dihedral restraints (degrees) 0.73 ± 0.012
Angles (degrees) 0.53 ± 0.0035
R.m.s. deviation from distance restraints (Å) 0.021 ± 0.00024

R.m.s. deviations from dipolar coupling restraints (Hz)a

1DNH 1.82 ± 0.11
1DCαC′

(b)
1.41 ± 0.10 ( 7.05 ± 0.55 )

1DNC′
(b)

0.69 ± 0.06 ( 5.72 ± 0.50 )

Procheck statistics (%)
Residues in most favored regions 79.3
Residues in additional allowed regions 15.9
Residues in generously allowed regions 1.8
Residues in disallowed regions 3.0

Atomic pairwise RMSD (Å) for backbone atoms (C’, Cα, N)
Overall structurec 1.11
Core domaind 0.85
N-terminal domaine 0.71

Atomic pairwise RMSD (Å) for all heavy atoms
Overall structurec 1.80
Core domaind 1.61
N-terminal domaine 1.53

a Mean value, over the 20 lowest energy structures, of the root mean square deviation
between the measured and the calculated values of the residual dipolar couplings.
b Values in parenthesis for 1DCαC′ and 1DNC′ are normalized to 1DNH by factors of 5.0
and 8.3, respectively.
c For residues 26-206, excluding the loop regions 146-162 and 177-184.
d For residues 80-206, excluding the loop regions 146-162 and 177-184.
e For residues 26-80.
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Figure 4.15: Stereo view of the backbone of the lowest-energy MerB/Hg/DTT structure.
The amino terminal domain is shown in green, the central domain is shown in blue, and
the carboxyl terminal domain is shown in red.

C96

C159 / C160

C117

Figure 4.16: Ribbon diagram of the lowest-energy MerB/Hg/DTT structure showing the
binding site of DTT. The mercury atom is shown in green. The DTT molecule is shown
in red. Sulfur atoms are shown in yellow.
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Residues 26-32 and 39-46 form α-helices H1 and H2, respectively. These α-helices

pack against each other, with side-chain interactions occurring between residues P26 and

E30 of H1, and T41, T45, and L46 of H2. The third α-helix H3 consists of residues 50-58.

There are numerous hydrophobic interactions at the junction of α-helices H2 and H3, with

contacts between the side-chains of A43, W48, A50, and V53. The two extended strands

β1 (residues 65-66) and β2 (residues 70-71) form β-sheet A. The conformation of β-sheet

A is supported by several inter-strand backbone NOE’s (see Figure 4.18). Strands β1 and

β2 are joined by a hairpin turn of type II′, which is stabilized by a hydrogen bond between

the carbonyl oxygen of D66 and the amide proton of G69 [161, 162]. β2 also interacts

with residues S38, V37, and R39 in the loop connecting H1 and H2.

The central domain contains β-sheet B, which is the largest secondary structure ele-

ment in the molecule. The five β strands composing this sheet are held together in the

structure by numerous inter-strand backbone NOE restraints (see Figure 4.18). An inter-

esting feature of this β-sheet is a β bulge involving residues 133-135 in strand β7. The

connection between β5 and β6 can be classified as a sequence of two hairpin turns of

type IV (residues 117-120 and 118-121). These tetrads of residues are classified as turns

because the (i) and (i+3) Cα carbons are within 7.1 Å [162]. However, these turns do not

exhibit the (i, i+3) backbone hydrogen bonds often observed in hairpin turns. A type I

turn, stabilized by a hydrogen bond between the carbonyl oxygen of S129 and the amide

proton of E132, connects β6 and β7.

H4 is the shortest α-helix in the molecule, and contains the critical active-site residue

C96. An interesting feature of this α-helix is the carboxyl terminal termination by P104

[163]. The pyrrolidine ring of P104 makes contacts with the side-chains of L101 and T100.

Evidently, this structural motif is highly conserved among merB genes, because positions

101 and 104 are almost always conserved to leucine and proline, respectively [48].

β-sheet B in the central domain and β-sheet C of the carboxyl terminal domain are

oriented nearly at right angles with respect to each other. P138 occurs at the junction of
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the two domains, and helps introduce a sharp twist in the chain. This structural feature is

apparently also highly conserved among merB genes, with position 138 always conserved

to proline [48]. The observation of this highly conserved residue, and its structural role

in MerB from plasmid R831b, suggests that the arrangement of the central and carboxyl

terminal domains is similar in different MerB family members.

The carboxyl terminal domain of MerB consists of β-sheet C and α-helices H5 and

H6. The structure of β-sheet C is supported by interstrand NOE restraints between β8 and

the flanking strands β9 and β10 (Figure 4.18). There are several stabilizing hydrophobic

interactions between β-sheet B and β-sheet C involving residues S115, V124, and F164.

Several hydrophobic side-chains of H5, belonging to V168, A171, and A175, pack against

residues A142, F165, I186, and S188 of β-sheet C. The hairpin loop from residues 117-

122 between β5 and β6 in the central domain also makes contact with H5. At the base

of H6, residues A192 and L195 interact with the side-chain of V187 in β10. Beyond the

amino terminal base of H6, there is not much contact between this rather long α-helix and

the remainder of the protein. Two loops within the carboxyl terminal domain are the least

well-defined portions of the MerB/Hg/DTT structure, other than the first 25 residues. The

first of these loops, consisting of residues 146-162, connects β8 and β9, and contains the

C159/C160 pair. The second flexible loop consists of residues 177-184 and connects H5

to β10. The flexibility of both of these loops is supported experimentally by the 15N-1H

heteronuclear NOE data (Figure 4.11C).

The solution of the MerB/Hg/DTT structure allowed a comparison between the

obseved NOE crosspeaks and those expected based on the β-sheet topology (Figure 4.18).

In some cases, the expected inter-strand Hα-Hα and Hα-HN correlations were not present

in the set of restraints used for structure calculations due to peak overlap, proximity to

the diagonal, ambiguity, baseline artifacts, or a combination of these factors. However,

re-examination of the 15N-edited NOESY-HSQC and 3D 13C-edited HMQC-NOESY

experiments following structure determination allowed identification of several of the
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V113

F164

V128

Figure 4.17: Closeup of the DTT binding pocket in the MerB/Hg/DTT structure. NOE
restraints between the protein and the DTT molecule are shown as dashed lines. The bonds
of the DTT molecule are shown in red. The sulfur atoms are yellow and the mercuric ion
is green. Ribbons are shown for H4 and strands β5 and β6.

missing expected correlations. For the additional correlations identified, it was confirmed

that the atoms involved were within 5 Å in the lowest-energy structure.

The DTT molecule, attached to C96 through the mercury atom, is situated in a pocket

between the carboxyl terminal and central domains. A closeup view of this configuration is

shown in Figure 4.17. Although this conformation of C96 places the Hg(II)/DTT moiety

in a hydrophobic pocket, the Hg(II)/DTT moiety could be placed into the solvent by a

simple rotation of the C96 Cα-Cβ bond, without any reorganization of the backbone fold.

Of the four cysteine residues in the MerB/Hg/DTT complex, C159 and C160 are the

most solvent-exposed, C96 is the next most solvent-exposed, and C117 is the least solvent-

exposed. C159 and C160 are part of the flexible loop between strands β8 and β9. The

side-chains of C159 and C160 point out into the solvent. C96 occurs at the amino terminal

end of α-helix H4. C96 is on the surface of the protein, but the side-chain of C96 points
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inwards due to the positioning of the bound Hg(II)/DTT moiety. C117 is part of the hairpin

loop between strands β5 and β6. The side-chain of C117 is completely protected from the

solvent by the side-chains of residues A119, T120, A122, A166, and T170. In addition,

the side-chains of several residues in strand β9 form a barrier between C117 and the other

three cysteine residues.
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Figure 4.18: Sequential and long-range NOE’s observed in the MerB/Hg/DTT complex
between backbone atoms in β-sheet B (top), β-sheet C (lower left), and β-sheet A (lower
right). Thin arrows represent weak NOE restraints. Thick arrows represent medium and
strong NOE restraints.
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4.3 DISCUSSION

4.3.1 DOMAIN ORIENTATION

The values of the alignment tensor magnitudes for the three domains of the MerB/Hg/DTT

complex (Figure 4.4) are consistent with several observations about the structure. The

central and carboxyl terminal domains were found to have very similar alignment tensors.

There are numerous contacts between the central and carboxyl terminal domains, as well

as a relatively large number (31 total) of long-range NOE restraints between the two. In

contrast, there were only three observable long-range NOE restraints between the amino

terminal domain and the central domain. Also, the amino terminal and central domains

are only connected by a less well-defined loop consisting of residues 71-80. The lower

resolution of the overall structure (Figure 4.14) as compared to the resolution of the indi-

vidual domains is mainly due to a lack of definition of the orientation of the amino terminal

domain relative to the other two domains. The alignment tensor data show that this is a real

phenomenon in the MerB/Hg/DTT complex and not a consequence of the lesser extent of

resonance assignments in the region of residues 70-80. Internal motions of molecules can

lead to local average alignments different from the global average alignment [164]. In the

MerB/Hg/DTT complex, the most pronounced difference in the alignment tensors cal-

culated for each domain individually is a decrease in rhombicity for the amino terminal

domain (R = 0.17) vs. the rhombicity of the other two domains (R = 0.50). Many different

models for interdomain motion could explain this difference in rhombicity. One of the

simplest is a model in which the amino terminal domain wobbles about the Z axis of the

global alignment tensor. Calculations have shown that a wobbling motion averaging 40o

is sufficient to produce the observed change in rhombicity (see Appendix B).
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4.3.2 INDIVIDUAL DOMAIN CALCULATION

The division of a larger molecule such as MerB into domains for separate structure cal-

culation is useful because it speeds the initial stages of structure determination, and it

allows a separate domain-by-domain consideration of the alignment tensor. The poten-

tial time savings through domain-by-domain calculations can be seen by a simple prob-

ability argument. Let there be a probability p that a particular restraint will be satisfied

in a structure calculation. Then, to a first approximation, the probability of all restraints

being simultaneously satisfied is pn, where n is the number of restraints. Because p < 1,

the probability of simultaneously satisfying all restraints decreases exponentially with

increasing molecular size; for large structures, the probability becomes very low. The

time needed to solve the structure as a single unit is proportional to p−n. The time needed

to solve the structure as separate domains is proportional to m ∑m p−n/m, where m is the

number of domains. In protein structure determination, the number of restraints n is on the

order of one thousand; therefore p−n � m∑m p−n/m. This is, of course, an oversimplifi-

cation, because all restraints do not have an equal probability of satisfaction, nor are they

uncorrelated. However, the strong inverse relationship between molecular size and proba-

bility of restraint satisfaction was always seen in the MerB/Hg/DTT calculations. Because

structure determination is usually an iterative process, consisting of cycles of simulated

annealing following the determination of parameters such as alignment tensor compo-

nents, NOE calibrations, and force constants, it makes sense to optimize the parameters

on small molecular fragments, and then use the optimized parameters in a final calculation

of the whole molecule.

The separate domain-by-domain calculation was also useful because it allowed more

flexibility in the interpretation of residual dipolar couplings. The magnitudes of residual

dipolar couplings are a function of the overall alignment of the molecule as well as internal

motions. For the sake of simplicity, it is often assumed that the internal motions influ-
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ence all residual dipolar couplings in the molecule equally. In reality, internal motion

in different parts of the molecule may influence the residual dipolar couplings differ-

ently [164]. One simple compromise between simplicity and accuracy is to assign each

domain a separate alignment tensor with the same orientation, but different magnitudes.

This amounts to the usual assumption of uniform internal motion effects within a domain,

but allows for different degrees of motion for the different domains. In the case of the

MerB/Hg/DTT complex, the observed residual dipolar couplings could be fit very well for

the individual domains (Figure 4.4). The tensor magnitudes for the central and carboxyl

terminal domains were similar to each other, but significantly different in both magnitude

and asymmetry from the amino terminal domain’s alignment tensor. Increased motion of

the amino terminal domain relative to the rest of the protein would cause this change, and

this is consistent with the observation that the amino terminal domain is connected to the

rest of the protein through a single flexible loop that is not very well defined in the struc-

ture. The assumption that the alignment tensor should have an equal orientation in the

three domains is in agreement with the observed interdomain NOE restraints. The imposi-

tion of equal orientations on each domain’s alignment tensor did not disrupt the agreement

between calculated and observed residual dipolar couplings seen in the individual domain

calculations, even when the orientation between domains was also constrained by NOEs.

4.3.3 USE OF RDC RESTRAINTS

There are some fundamental differences in the interpretation of NOE restraints vs. residual

dipolar coupling restraints in terms of structure calculation. An unambiguously assigned

NOE which is not due to spin diffusion can only be satisfied by bringing two atoms to

within a specified distance of each other. In contrast, there are several quite different

ways that a residual dipolar coupling restraint can be satisfied. A residual dipolar cou-

pling restraint does not constrain an internuclear vector to a single orientation, but rather

to one of the many orientations which satisfy the condition D ∝
〈

3cos2θ−1
〉

. A residual
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dipolar coupling restraint can be satisfied through rotation of the alignment tensor relative

to the entire molecule, through adjustment of the relative orientations of different domains,

or through local adjustments in conformation, including small changes in bond angles or

impropers. The calculation of an anisotropy energy alone does not distinguish these pos-

sibilities very well. It is important to consider whether the calculated anisotropy energies

correspond to global minima, and whether the alignment tensor orientations between dif-

ferent structure calculation trials agree. In calculations on the MerB/Hg/DTT complex, the

agreement was good between alignment tensor orientations obtained from different simu-

lated annealing calculations, suggesting that the calculated orientation is at a global min-

imum (Figure 4.19). Also, the orientation derived from simulated annealing is in agree-

ment with the orientation derived from SVD [156].

4.3.4 DTT BINDING

The DTT molecule in the MerB/Hg/DTT complex is buried in a pocket between the cen-

tral and carboxyl terminal domains (Figure 4.16). This is consistent with the high stability

of the MerB/Hg/DTT complex (see Section 3.2.2), in contrast with standard HgS3 com-

plexes which are usually labile [131]. It is also consistent with the observation that even

a small amount of DTT inhibits MerB turnover in the presence of cysteine or glutathione

[48].

In Chapter 3, it was shown that the reaction rate of MerA with the MerB/Hg/DTT

complex as a substrate is most consistent with a direct transfer of the mercuric ion from

MerB to MerA. In the NMR structure of the MerB/Hg/DTT complex, the mercuric ion

is situated in such a way that transfer to another protein would be possible. Although

the most solvent-exposed cysteine residues in the MerB/Hg/DTT complex are C159 and

C160, C96 is also on the surface of the protein. The mercuric ion occurs in the cleft

between the carboxyl terminal domain and the central domain. No major reorientation of

the secondary structure or global fold would be required to remove the mercuric ion. A
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Figure 4.19: Orientation of the alignment tensor as obtained by simulated annealing,
vs. the orientation of the tensor as obtained by SVD [156], for (A) the amino terminal
domain, (B) the central domain, and (C) the carboxyl terminal domain. For each of the
three domains, the lowest energy structure was placed in the principal alignment frame as
determined by SVD. A bundle of 15 structures was then aligned to this first structure by
minimizing the RMSD in the position of the backbone atoms. The anisotropy atoms rotate
with the molecules as they are aligned. The orientation of the three Cartesian axes defined
by the anisotropy atoms is shown in the principal alignment frame for the lowest-energy
structure.



96

small change in the interdomain orientation between the central and carboxyl terminal

domains would expose the bound mercuric ion to an even larger surface area, able to

accomodate a larger portion of another protein.

An initial estimate of the binding site for Hg/DTT was discussed in Chapter 2 on the

basis of chemical shift perturbations between a complex involving (R,R)-DTT and one

involving (S,S)-DTT. Most of the perturbed residues are in fact near the DTT binding site

in the MerB/Hg/DTT complex, but they do not form a tight cluster (see Figure 4.20). This

observation might at first seem paradoxical, but it is actually consistent with the magni-

tude of the perturbations and the structural environment of the residues involved. None of

the chemical shift differences between the (R,R)-DTT and (S,S)-DTT complex are very

large; all changes are below 0.2 ppm in 15N chemical shift and below 0.05 ppm in 1H

chemical shift. Changes of this magnitude are observed throughout the protein sequence

upon transition from the free form to the MerB/Hg/DTT complex (Figure 2.8). Clearly,

changes of this small magnitude do not require close proximity to the mercury binding

site. For residues that are near the binding site, the change in backbone chemical shift

upon transition from free to mercury-bound form is much larger, often greater than 0.2

ppm in 1H chemical shift (see Figure 2.8). All of the perturbed residues are either near

the point of chemical attachment of DTT (residue 96), or on adjacent flexible loops which

would be easily perturbed by small changes in the C96 region. Residues V113 and V128

are not perturbed residues, although these residues exhibit NOE crosspeaks to the DTT

molecule. Both of these residues are part of the central β sheet which is the most rigid

part of the molecule, and which would not be easily perturbed by a change as small as

the substitution of (R,R)-DTT for (S,S)-DTT. The chemical shift perturbations seen in the

MerB/Hg/DTT complex upon exchange of (R, R)-DTT for (S, S)-DTT are therefore illus-

trative of several considerations for the use of chemical shift perturbations in general. The

chemical shift perturbation of a residue depends not only on the proximity of that residue

to the perturbing ligand, but also on the structural flexibility of that residue. Further, small
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structural changes can generate small chemical shift perturbations which propagate over

considerable distances.
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Figure 4.20: Ribbon diagram of MerB/Hg/DTT complex showing the DTT molecule (red)
and the residues (green) which exhibit chemical shift perturbations upon exchange of
(R,R)-DTT for (S,S)-DTT.



CHAPTER 5

CONCLUSIONS

5.1 COMPARISON OF FREE AND MERB/HG/DTT STRUCTURES

The difference in backbone chemical shift between the free MerB and MerB/Hg/DTT

structures (Figure 2.8) predicts structural differences in two regions: around C96, and

around C159/C160. A domain-by-domain comparison of the structures shows that the

observed structural differences are consistent with the chemical shift differences.

The α-helical structure of the amino terminal domain is very similar between the

free MerB protein and the MerB/Hg/DTT complex. When residues 26-71 of the free

and MerB/Hg/DTT structures are aligned, the RMSD of the backbone atoms is 1.33 Å

(see Figure 5.1). The largest differences are seen in the loop from residues 71-80 which

connects the amino terminal and central domains. However, this difference may reflect

the poorer quality of the data in this region, more than actual structural differences. The

extent of assignments in this loop was lower than average for both forms, and there are

not many long-range NOE restraints in this region.

In the core domain of the protein (composed of both the central and carboxyl ter-

minal domains), the largest differences are in the unstructured regions and around C96,

as expected. The remainder of the structure is similar between the two forms. If the loop

regions consisting of residues 95-104, 147-161, and 178-184 are omitted, the RMSD for

the backbone atoms is 2.01 Å. A large part of this difference was seen to be due to a

translation of the carboxyl terminal helix between the two forms. This helix is poor in

assignments and long-range NOE restraints in both forms, so this difference may only

99
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H2
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H3

Figure 5.1: Ribbon diagram overlay of the lowest-energy free MerB structure (green)
and the lowest-energy MerB/Hg/DTT structure (red) for the amino terminal domain. The
RMSD of the backbone atoms is 1.33 Å.

reflect the accuracy of the data. If the carboxyl terminal helix is omitted, the RMSD of

the backbone atoms between the two forms is 1.62 Å (Figure 5.2). Upon formation of the

MerB/Hg/DTT complex, α-helix H4 comprising residues 97-103 adopts a more clearly

helical conformation. Also, C96 shifts towards the interior of the protein.
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Figure 5.2: Ribbon diagram of the overlay of the lowest-energy MerB/Hg/DTT structure
(red) and the lowest-energy free MerB structure (green) for residues 84-192. The RMSD
of the backbone atoms, excluding the flexible loop regions and the carboxyl terminal α-
helix H6 (see text), is 1.62 Å. The sulfur atom of C96 is shown in yellow.

5.2 MERCURIC RESISTANCE PROTEIN MECHANISMS

The recently solved MerB structure reveals some similarity between the arrangement

of cysteine residues in MerA and MerB. Both proteins have a pair of adjacent cysteine

residues which are exposed to solvent and located on a flexible portion of the molecule.

In MerB, the flexible pair of cysteine residues is C159 and C160 located on the loop

between strands β8 and β9. In MerA, the flexible pair of cysteines is C628/C629 on the

carboxyl-terminal extension. In both MerA and MerB, the flexible cysteine pair is near

in space to another “inner” cysteine residue (or pair of cysteine residues) which is distant

in the sequence. In MerA, the inner cysteine pair is C207 / C212, and in MerB, the inner

cysteine is C96.
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The inner / outer cysteine arrangement is highly conserved in both MerA and MerB.

Because MerA and MerB are quite dissimilar in both sequence and structure, it appears

that both proteins arrived at this cysteine arrangement independently, which shows that

the arrangement is particularly well suited to reactions involving mercurial substrates.

The outer cysteine pair C628 / C629 of MerA is involved in initial contact with the

mercuric substrate. The structure of MerB, together with biochemical evidence, suggests

that the outer cysteine pair C159 / C160 of MerB has a function similar to the outer cys-

teine pair of MerA. In both proteins, this outer cysteine pair occurs on a flexible, solvent

exposed part of the molecule: In MerA, both the flexibility and solvent accessibility of the

C628 / C629 outer cysteine pair was seen in the crystal structure [56]. The flexibility of

C159 / C160 in MerB is demonstrated by 15N relaxation data. Thiol modification exper-

iments have identified C159 of MerB as the most solvent-exposed cysteine residue [48],

and this was confirmed in the recently solved NMR structure.

The function of the outer cysteine pair in MerA, as demonstrated by single-turnover

experiments, is to remove thiol ligands from the mercuric ion substrate [62]. Based on

the structural similarity, the outer cysteine pair C159 / C160 in MerB may have the same

function. Both MerA and MerB are capable of accepting substrates with a wide variety

of thiol ligands, differing in size and charge. In both proteins, having a flexible outer cys-

teine pair which displaces exogenous thiol ligands may be what allows the wide substrate

acceptance.

In the MerA mechanism, the mercuric ion is transferred from the outer cysteines to the

inner cysteines where catalysis occurs. It has been suggested that this transfer is impor-

tant for an alternating sites mechanism, in which the two active sites of the dimer alter-

nate between a substrate-binding and a catalytic phase [60]. Because the inner and outer

cysteine pairs are located on opposite monomers, a small change in interdomain orien-

tation would allow a relatively large change in the distance between the inner and outer

cysteine pairs. In MerB, a similar transfer of the mercuric ion may occur from C159 /
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C160 to C96. In both the free MerB structure and the MerB/Hg/DTT structure, C159 is

within 9 Å of C96. A small change in the conformation of the flexible C159 / C160 loop

would be sufficient to bring C159 and C96 close enough for transfer of the mercuric ion.

The MerB/Hg/DTT complex, in which the mercuric ion is bound to C96, forms after the

transfer has taken place.

5.3 IMPLICATIONS FOR PHYTOREMEDIATION

Initial attempts to use the MerA and MerB proteins for phytoremediation have shown that

genetically engineered plants can indeed usefully express both MerA and MerB [37, 35].

This insertion of the target genes into the genetically engineered plants is the necessary

first step in phytoremediation. However, further improvement in the engineered organisms

could be achieved by consideration of details such as the localized expression of the trans-

genes, and the interaction of the new proteins with their non-native environment [10]. In

the case of mercury resistance proteins and phytoremediation, one such detail to consider

is the interaction between the proteins and phytochelatins.

In response to heavy metals, plants synthesize a series of multiple-sulfur-containing

chelating compounds known as phytochelatins [165, 166]. The phytochelatins are similar

in function to the metallothioneins present in animals [167], but metallothioneins are small

gene-encoded proteins, whereas phytochelatins are synthesized from amino acids in a

dedicated pathway [168]. Phytochelatins are ubiquitous in plants and form the principal

initial response to heavy metals [169]. The phytochelatin synthesis pathway is rare outside

of the plant kingdom, although a gene for a key step in phytochelatin synthesis has been

identified in C. elegans [170].

Phytochelatins are synthesized from glutathione and normally contain 3-7 thiol groups

[169, 171]. It has been shown that phytochelatins chelate ionic mercury in a 1:1 com-

plex, and that phytochelatins easily outcompete monothiols such as glutathione (GSH) for
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ionic mercury [172]. Therefore, in the presence of phytochelatins and organomercurial

substrates, it is likely that MerB would form a MerB/Hg/phytochelatin complex similar

to the MerB/Hg/DTT complex. It is clear from kinetic evidence and this structural study

that small thiol molecule cofactors have a large influence on all steps of the mercury

detoxification pathway. The effort to incorporate mercury resistance proteins into plants

may benefit from a consideration of the interaction of phytochelatins with the mercury

resistance proteins, especially MerB, because the presence of phytochelatins is one of the

largest known differences between the plant cell environment and the native prokaryotic

environment of the Mer proteins.

There are several avenues for the exploration of the interaction of phytochelatins with

MerA and MerB. For in vivo experiments, it is possible to synthesize phytochelatins in

large quantities [173]. These could be used in kinetic assays of MerA and MerB, and it

may be possible to prepare a stable MerB/Hg/phytochelatin complex. If significant inter-

actions were found, this would indicate that manipulation of the phytochelatin pathway in

the modified plants would be a useful complement to the control of MerA and MerB

expression in these plants. For example, if phytochelatins were found to significantly

reduce transfer of mercuric ions from MerA to MerB in vivo, this would suggest that a rea-

sonable strategy for increasing turnover in this pathway in plants would be to reduce the

phytochelatin content of these plants. Total plant phytochelatin content could be manip-

ulated by alterations in the phytochelatin synthesis pathway [168] or alterations in the

synthesis pathway of the precursor GSH [171]. Such manipulations may prove equally

important to the manipulation of the MerA and MerB proteins themselves for the creation

of an effective phytoremediation system.
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5.4 NMR AND STRUCTURE DETERMINATION

The structure of MerB demonstrates several advantages of NMR as a structure determi-

nation method. NMR may be preferred over X-Ray crystallography for structure deter-

mination of proteins with a significant proportion of disordered or flexible regions. In a

recent comparison of X-Ray and NMR structures in the PDB, it was observed that NMR

becomes the preferred method for proteins when over 5% of the structure is disordered

[174]. In the case of MerB, the first 25 residues were not defined in the structure. The

fact that these residues are not observed (or only weakly observed) in NMR spectra indi-

cates that the disorder in the NMR structure probably reflects real disorder in this part of

the protein, and not just the accuracy of the structure determination process. This amino

terminal segment accounts for ∼ 12% of the sequence. If one includes the flexible loop

containing C159 and C160 in the disordered regions of MerB, the extent of disorder rises

to ∼ 17%, significantly higher than the 5% cutoff point where NMR becomes a preferred

method. As with the amino terminal segment, the disorder in the C159 loop appears to

be real mobility in the structure, and not just inaccuracy in the structure determination

process. This is supported by the 15N relaxation data (Figure 4.11).

For MerB, or other flexible proteins like it, one possible strategy for crystal structure

determination would be to reduce the flexibility by eliminating problematic regions. In

MerB, the two flexible regions are the amino terminal stretch and the C159 loop. The first

25 residues could be removed through mutagenesis. Removal of the C159 loop through

mutagenesis would also be possible, although there are problems with this approach. By

the kinetic evidence and analogy with MerA, it appears that the flexibility of the C159

loop is essential for the protein’s function, so alteration of this region would impact the

biological relevance of the resulting construct. Thus, it appears that, even if the amino

terminal segment could be removed, the C159 loop would need to remain, resulting in a

minimum of 5% unstructured region in the protein. A benefit of NMR is seen in that the
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necessary presence of these disordered regions does not detract from the ability to obtain

a precise structure of the remainder of the molecule.

5.5 RECOMMENDED FUTURE DIRECTIONS

5.5.1 ALTERNATIVE MERB/HG COMPLEXES

It would be interesting to obtain a mercury-containing MerB complex with a physiolog-

ically important thiol. Attempts to create MerB/Hg complexes with glutathione and cys-

teine did result in well-folded protein, but suffered from issues of homogeneity and repro-

ducibility (Chapter 2). This is probably because these thiols promote turnover, so it is dif-

ficult to capture the enzyme in any one catalytic state. Although all known “physiological”

thiols promote turnover [53], there are some small monothiols such as 2-aminoethanethiol

which are similar to physiological thiols yet do not promote turnover. One of these non-

turnover-promoting monothiols may form a stable complex with MerB, allowing a better

characterization of the interaction with physiological thiols such as GSH. One interesting

trend is that thiols which promote turnover tend to be charged, whereas those that do

not promote turnover tend to be neutral, which would enhance their ability to fit into the

binding pocket identified for DTT.

Another particularly useful sample would be a complex of MerA and MerB. If it is

true that the carboxyl terminal cysteines of MerA behave similarly to the DTT molecule

(Figure 3.3), then it is apparent that the difference between the two is that MerA is able

to complete the process of complete removal of the mercuric ion, whereas DTT is not.

MerA may have this capability due to its inner pair of active-site cysteine residues, which

accept mercuric ions from the carboxyl terminal pair. If this is true, it may be possible

to obtain a stable MerB/Hg/MerA complex by using a MerA peptide containing only the

carboxyl terminal cysteine pair, or by using a full length mutant MerA which lacks the

inner cysteine pair [62].
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5.5.2 OTHER CHANNELING EVIDENCE

In general, the conclusion of substrate channeling between an enzyme pair is stronger if

more than one type of test for channeling can be applied. The known types of test are

discussed in Chapter 1. For the proposed MerA/MerB interaction, some of the tests are

complicated by the fact that MerA clearly can utilize Hg(II) not bound to protein in addi-

tion to MerB-bound Hg(II). For this reason the isotope dilution test may be inconclusive,

because it depends on a preference by the E2 enzyme for E1-bound substrate (prefer-

ence of MerB-bound Hg(II) by MerA in this case). Although such a preference clearly

indicates channeling, it is not necessary for channeling. In the case of MerA and MerB,

it seems likely that there would be no preference, because MerA has evolved to accept

mercury both from MerB and from other sources. Perhaps a better alternative test for

channeling would be the competing reaction test. The conclusion of the enzyme buffering

test was that Hg(II) transfer from MerB to MerA preferentially occurs via direct transfer

and not through solution. In the competing reaction test, some third molecule (a “reporter

molecule”) would be present that was capable of detecting the intermediate mercuric ion

in some way. One type of “reporter molecule” could be an enzyme inhibited by the mer-

curic ion. Due to the reactivity of Hg(II), such an enzyme should be easily found.
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APPENDIX A

NMR EXPERIMENTS PERFORMED ON MERB/HG/DTT COMPLEX

Table A.1: NMR experiments for MerB/Hg/DTT structure

determination.

npa
i npb

f sw / Hz drc / ppm

3D 13C-edited HMQC-NOESYd 1H f3 560 2048 10000 0.022

1H f1 128 256 5599 0.055

13C f2 50 256 7066 0.703

HNCACB 1H f3 512 2048 8000 0.026

13C f1 50 256 9199 1.220

15N f2 42 128 2000 0.783

HNCO 1H f3 512 2048 8000 0.026

13C f1 90 256 1849 0.136

15N f2 42 128 2000 0.783

HBCBCACONNH 1H f3 512 2048 8000 0.026

13C f1 50 256 9199 1.220

15N f2 42 128 2000 0.783

129
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C(CC)TOCSY-NNH 1H f3 512 2048 8000 0.026

13C f1 64 256 9199 0.953

15N f2 42 128 2000 0.783

H(CC)TOCSY-NNH 1H f3 512 2048 8000 0.026

1H f1 64 256 4100 0.107

15N f2 42 128 2000 0.783

13C/15N-edited NOESY-HSQC 1H f3 427 2048 8000 0.031

13C f1 146 512 7000 0.318

15N f2 32 128 3600 1.851

15N-edited NOESY-HSQC 1H f3 512 2048 8000 0.026

1H f1 100 256 7199 0.120

15N f2 60 128 2000 0.548

HCCH-COSY 1H f3 512 2048 8000 0.026

1H f1 70 256 4100 0.098

13C f2 40 256 5300 0.879

HCCH-TOCSY 1H f3 512 2048 8000 0.026

1H f1 70 256 4100 0.098

13C f2 40 256 5300 0.879
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HNHA 1H f3 512 2048 8000 0.026

1H f1 72 256 7099 0.164

15N f2 50 128 2000 0.658

F1-(13C)filtered, F3-(13C)edited NOESY-HSQC 1H f3 382 2048 7499 0.033

1H f1 116 256 4199 0.060

13C f2 40 256 4200 0.696

TROSY-HNCO-COCA 1H f3 1024 4096 8000 0.013

13C f1 72 256 1600 0.147

15N f2 42 128 1700 0.666

TROSY-HNCO-HN 1H f3 1024 4096 8000 0.013

13C f1 36 256 1600 0.295

15N f2 41 128 1700 0.682

TROSY-HNCO-NCO 1H f3 1024 4096 8000 0.013

13C f1 36 256 1600 0.295

15N f2 48 128 1700 0.583

15N-edited DIPSI-HSQC 1H f3 512 2048 8000 0.026

1H f1 140 256 7099 0.085

15N f2 42 128 2000 0.783

a npi is the number of acquired complex points before any processing.

b np f is the number of complex points after linear prediction and zero filling.
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c dr f is the digital resolution.

d recorded at a field of 800 MHz.



APPENDIX B

CHANGES IN ASYMMETRY DUE TO DOMAIN MOTION

In this section it will be shown that the difference in rhombicity observed between the

amino terminal domain and the remainder of the protein can be explained by a wobbling

motion of the domains about the Z axis of the principal alignment frame.

For an internuclear vector
→
v the observed residual dipolar coupling is related to the

orientation by [111]:

Dv ∝
〈

3cos2θ−1
〉

(B.1)

where θ is the angle between
→
v and the magnetic field and angle brackets denote an

average over time.

The angle θ between the internuclear vector and the magnetic field can be broken

down into its components in a Cartesian frame, so that:

Dv ∝
〈

3(Bx · vx +By · vy +Bz · vz)
2 −1

〉

(B.2)

where Bx represents the cosine of the angle between the magnetic field and the x axis

of the Cartesian frame and vx represents the cosine of the angle between the internuclear

vector and the Cartesian frame; similar terms exist for the other two axes.

We now introduce the key modification to the above theory: Assume that the vector
→
v′

represents the equilibrium position of the internuclear vector in the Cartesian frame. The

actual position of the internuclear vector
→
v is related to the equilibrium position

→
v′ by a

rotation through the angle φ about the Z axis, so we have:

Dv ∝ (B.3)
〈

3
(

Bx · (v′xcosφ+ v′ysinφ)+By · (−v′xsinφ+ v′ycosφ)+Bz · vz
)2 −1

〉
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Let us assume that the Cartesian frame corresponds to the principal alignment frame so

that cross terms such as
〈

Bx ·By
〉

vanish:

Dv ∝ 3
(〈

B2
x(v

′
xcosφ+ v′ysinφ)2〉+ (B.4)

〈

B2
y(−v′xsinφ+ v′ycosφ)2〉+

〈

B2
z

〉

v2
z

)

−1

Further, the overall orientation of the molecule is not correlated to the instantaneous wob-

bling position as given by φ. Therefore, equalities such as
〈

B2
xsin2φ

〉

=
〈

B2
x

〉〈

sin2φ
〉

hold.

This allows the following simplification of (B.4):

Dv ∝ 3
(〈

B2
x

〉〈

(v′xcosφ+ v′ysinφ)2〉+ (B.5)

〈

B2
y

〉〈

(−v′xsinφ+ v′ycosφ)2〉+
〈

B2
z

〉

v2
z

)

−1

If we assume that the probability distribution of φ is an even function (i.e. leftwards and

rightwards wobbles are of equal liklihood), then terms such as 〈sinφ · cosφ〉 vanish, and

(B.5) becomes:

Dv ∝ 3
(

〈

B2
x

〉

(

v′x
2 〈

cos2φ
〉

+ v′y
2 〈

sin2φ
〉

)

+ (B.6)

〈

B2
y

〉

(

v′x
2 〈

sin2φ
〉

+ v′y
2 〈

cos2φ
〉

)

+
〈

B2
z

〉

v2
z

)

−1

Regrouping terms, we obtain:

Dv ∝ 3
(

v′x
2 (〈

B2
x

〉〈

cos2φ
〉

+
〈

B2
y

〉〈

sin2φ
〉)

+ (B.7)

v′y
2 (〈

B2
y

〉〈

cos2φ
〉

+
〈

B2
x

〉〈

sin2φ
〉)

+ v2
z

〈

B2
z

〉

)

−1

From (B.7) we can define an effective rhombicity R′ and compare it to the rhombicity of

the overall alignment frame, R:

R′

R
=

(〈

B2
x

〉〈

cos2φ
〉

+
〈

B2
y

〉〈

sin2φ
〉)

−
(〈

B2
y

〉〈

cos2φ
〉

+
〈

B2
x

〉〈

sin2φ
〉)

〈B2
x〉−

〈

B2
y

〉 (B.8)

=
〈

cos2φ− sin2φ
〉

The magnitude of the scaling factor
〈

cos2φ− sin2φ
〉

depends on the probability distribu-

tion of the wobble angle, φ. As an example, we will now consider the case where the
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displacement angle φ is normally distributed: P(φ) = 1√
2πσ2

e
−φ2

2σ2 where σ is the standard

deviation in φ. Note that the mean of φ is always zero by definition. We can now calculate:

R′

R
=

〈

cos2φ− sin2φ
〉

=
∫

φ
(cos2φ− sin2φ)P(φ)dφ (B.9)

A numerical integration of (B.9) for several values of the standard deviation σ shows that

a normal distribution of the wobble angle φ with a standard deviation of 40o results in

a scale factor of 0.3 (i.e. the rhombicity of the wobbling domain is scaled down by a

factor of 0.3 relative to the rhombicity of the overall molecule.) This corresponds to the

scaling observed for the amino terminal of MerB relative to the whole MerB/Hg/DTT

complex ( R′/R = 0.17/0.50 ∼ 0.3 ), so the residual dipolar couplings observed in the

MerB/Hg/DTT complex are consistent with a wobbling of the amino terminal domain

with respect to the rest of the protein about the Z axis of the principal alignment frame

with a normally distributed displacement angle of 40o standard deviation.


