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ABSTRACT 

Structural and biochemical work on the enzymes taurine α-ketoglutarate dependent 

dioxygenase TauD (Esherichia coli), cysteine dioxygenase CDO (Homo sapiens) and cysteine 

sulfinic acid decarboxylase CSAD (Homo sapiens) have provided the necessary groundwork 

from which biomedical studies can now proceed in studying disease states associated with the 

taurine metabolic pathway and the respective enzymatic family members.  TauD is the enzyme 

responsible for the conversion of taurine (2-aminoethanesulfonate) to sulfite and 

aminoacetaldehyde while concurrently decomposing α-ketoglutarate to succinate and carbon 

dioxide.  Expressed during conditions of sulfur starvation, TauD enables the cell to utilize 

taurine, and other similar sulfonates as an alternative sulfur source.  The crystal structure of 

TauD solved in the apo (1.9 Å resolution, Rcryst=21.2%, Rfree=24.9%) and holo (2.5 Å resolution, 

Rcryst=22.5%, Rfree=24.9%) forms revealed two possible dimeric arrangements; the one supported 

in this work has a significant amount of evidence to suggest the functional importance of 

dimerization.  The 2-his 1-carboxylate facial triad was identified in this structure as well as the 

residues involved in substrate binding for both taurine and α-ketoglutarate.  From this structure a 

feasible reaction mechanism is proposed and is currently being tested through mutagenic and 



 

crystallographic studies.  A significant area of interest is the method of oxygen activation, which 

remains unclear.  Studies with another dioxygenase, CDO, hope to provide insight into the 

method of oxygen activation.  CDO and CSAD are the two enzymes involved in the taurine 

biosynthetic pathway primarily located in the human brain, heart, liver, and central nervous 

system.  Since taurine is a known osmoregulator, neurotransmitter, radical scavenger, and is 

central to the cholesterol excretion pathway, any information gathered on these enzymes 

provides the base for future disease research.   The recombinant expression of human CDO and 

CSAD is new research.  Two forms of CDO were observed, a 23 kDa form and a 25 kDa form.  

Here we report the expression, purification, and kinetic information for CDO. 
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CHAPTER 1 

INTRODUCTION 

In the United States cardiovascular disease is the leading cause of death in both men and 

women over the age of thirty-five.  According to the American Heart Association, one million 

Americans die each year due to cardiovascular disease thus constituting 42% of all deaths (1).  

Cardiovascular disease is traditionally thought of as a disease primarily affecting men.  The US 

Food and Drug Administration reports that, while men will suffer from three times as many heart 

attacks and strokes as women, the death rate among women is almost twice that among men (1).  

In women, more deaths result from cardiovascular disease than the next six leading causes of 

death combined (2).   

 Since the prediction of sudden heart attack and stroke is complicated and often 

impossible, prevention is the best method of lowering the cardiovascular death toll.  While diet 

and exercise remain important in prevention, some patients are still prone to cardiovascular 

disease regardless of their lifestyle (3).   In an effort to aid these patients, the pharmaceutical 

industry has introduced a plethora of cholesterol lowering medications (4).  Family medical 

history is the most accurate tool for predicting the onset of cardiovascular disease (5).  

Unfortunately, research finds that physicians are unable to predict the sudden onset of heart 

attack even when family medical history and cholesterol levels are taken into consideration (6).  

In this study the medical records of 326 patients were collected within a six month period prior 

to their death by sudden heart attack (6).  Physicians were unable to predict a heart attack in all 

of the cases in the study under study (6).  Fore example, pediatric patients suffering from 
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cardiovascular disease cannot be attributed to lifestyle, and often these children have no notable 

family medical history of early onset cardiovascular disease (7).  Therefore, screening methods 

are needed to determine which patients are at risk when family medical history, physical exams 

and cholesterol screens reveal nothing unusual.   

 The development of biological indicators, other than cholesterol levels and family 

medical history, for cardiovascular disease has been underway since the 1960’s.  In the early 

1970’s Ryan Huxtable and Rubin Bressler investigated cardiac pathology and noted elevated 

levels of 2-aminoethanesulfonic acid (taurine) in patients with cardiovascular disease (8, 9).  

This discovery sparked a new field of research in cardiovascular disease.  Stemming from this 

research, taurine has been found to be the most abundant free amino acid in the human body.  A 

normal 70kg human contains 7g of taurine, primarily concentrated in the brain, heart, and liver 

(10).  Taurine cannot be utilized for the construction of proteins because it is a sulfonic acid.  

However, it plays an important role in various other biological processes including processes 

directly related to cardiovascular disease. 

 The most well known function of taurine is in the cholesterol excretion pathway.  The 

conjugation of taurine and cholate to form taurocholic acid is the body’s primary pathway for 

excreting cholesterol.  From cholesterol, the liver synthesizes two primary bile acid salts, cholate 

and chenodeoxycholate, which are then excreted as taurine or glycine conjugates into the small 

intestine.  There the taurine and glycine conjugates aid in the digestion and absorption of fats and 

fat-soluble vitamins.  Much of the bile salts will be recycled and passed through the liver several 

more times each day.  The bile salts that are not recycled are metabolized by microorganisms in 

the large intestine and are excreted, thus providing the only means by which cholesterol is 

released from the body. 
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Huxtable’s and Bressler’s (9) work indicates a correlation between the concentration of 

taurine in cardiac tissue and cardiovascular disease. We have expanded upon their work by 

focusing our study on taurine metabolism, specifically on how this molecule is catabolized by 

bacteria and biosynthesized in humans.  The loss of taurine in humans is due to excretion rather 

than catabolism (11).  Bacteria, on the other hand, have the ability to break down taurine and use 

it as an alternative sulfur source (12).  An enzyme known as taurine α-ketoglutarate dependent 

dioxygenase (TauD) catalyzes the hydroxylation of taurine to aminoacetaldehyde and sulfite in 

the presence of α-ketoglutarate (α-KG), Fe(II) and oxygen (13).  As TauD is a mononuclear non-

heme iron dioxygenase, the bacterial system can be used in biochemical studies to understand the 

hydroxylation of taurine and the method of oxygen activation in mononuclear non-heme iron 

dioxygenases.  By studying how taurine is catabolized in bacteria, we can also begin to 

understand how it is constructed in humans.   

The taurine biosynthetic pathway in humans involves two enzymes, cysteine dioxygenase 

(CDO) and cysteine sulfinic acid decarboxylase (CSAD).  This pathway was chosen for our 

study because, like the taurine catabolic pathway, this particular anabolic pathway also utilizes a 

mononuclear non-heme iron dioxygenase and can contribute to the field of mononuclear non-

heme iron dioxygenase mechanisms and oxygen activation in addition to understanding the 

taurine biosynthetic process.   

Taurine Catabolism by Taurine α-Ketoglutarate Dependent Dioxygenase (TauD).  TauD 

is a sulfur starvation induced (ssi) protein that is found in the tauABCD gene cluster. This cluster 

is involved in the uptake of alkanesulfonates during times of sulfur starvation (14) of the 

organism Escherichia coli.  TauD catalyzes the conversion of taurine to sulfite and 

aminoacetaldehyde coupled to the degradation of α-ketoglutarate (α-KG) to succinate and carbon 



 4

dioxide (Figure 1.1) (13).  The enzyme is promiscuous, accepting 3-N-morpholino 

propansulfonic acid (MOPS), 1,3-dioxo-2-isoindolineethaesulfonic acid, butanesulfonic acid, 

pentanesulfonic acid and hexanesulfonic acid as substrates in addition to taurine (13). 

 

 

 

Figure 1.1 :  The reaction catalyzed by TauD.  The reaction scheme is from Elkins et al (15). 

 

 

The crystal structure of TauD was initially reported by Elkins et al. to a resolution of 

3.0Å (Rcryst = 28.1%, Rfree=32.0%) (15).  The structure revealed a conserved jellyroll motif, and 

confirmed that H99, D101, and H255 form the 2-his 1-carboxylate facial triad iron coordination 

motif.  The orientation of α-KG could also be ascertained from the observed electron density.  α-

KG occupies two coordinating positions on the iron, and binds in a bidentate fashion with the C-

1 carboxylate and the 2-oxo-group coordinated to the iron.  The C-5 carboxylate forms a salt 

bridge with R266 and is hydrogen bonded to T126.  Due to the poor resolution of the structure, 

the binding of taurine was not clear in the electron density maps.  A putative assignment of 

taurine binding was achieved by empirically positioning the substrate in such a way that it 

created a logical hydrogen bonding network with TauD.  
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C D
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Stopped-flow kinetic analysis by Ryle et al. (16) suggests that α-KG binding is the initial 

step in the TauD mechanism.  It has been proposed that taurine binding occurs rapidly after the 

binding of α-KG, producing a lilac-colored taurine-α-KG-Fe(II)TauD chromophore that rapidly 

disappears (17).   A similar phenomena has been observed with another α-KG-dependent 

dioxygenase, 2,4-dicholorphenoxyacetic acid dioxygenase (TfdA), where addition of α-KG and 

Fe(II) produces a weak, pink-colored chromophore that is indicative of the Fe(II)-to- α-KG 

charge transfer transitions (18, 19).  In both cases, addition of the substrate and exposure to 

oxygen results in the rapid decay of the chromophore (20).   Additional support for this 

assignment and the working model of the TauD reaction mechanism, was provided by Ho et al. 

through a resonance Raman study on the chromophores of TauD (21).   

 

 

 

 

 

 

 

 

 

 

 
 
 
 
 

Figure 1.2: Proposed reaction mechanism for TauD.  Figure is from Elkins et al. (15). 
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Unfortunately, the published structure does not provide any information on the initial 

binding of oxygen to TauD.  In the heme oxygenase systems, due to steric hindrance, there are 

fewer modes of binding molecular oxygen due to steric hindrances than in the mononuclear non-

heme iron oxygenase systems, where there is more flexibility around the iron coordination site.  

This allows oxygen to bind in numerous positions in the mononuclear non-heme oxygenase 

systems.  As a result, there are two proposed mechanisms of oxygen activation.  The first is the 

end-on binding mode of oxygen in which the iron directly coordinates one oxygen atom while 

the other atom is coordinated either by water molecules or side chains in the binding pocket (22).  

However, in this binding mode the oxygen atoms are activated unequally and would produce an 

oxygen species that is less reactive when compared with the side-on binding mode.   

The second binding mode is the side-on binding mode in which both oxygen atoms are 

coordinated to the iron thus both being equally activated.  This appears to be the more probable 

of the two binding modes.  While not a member of the α-KG dependent dioxygenase family, the 

crystal structure of naphthalene 1,2-dioxygenase (23) bound to molecular oxygen bound has shed 

some light on the mode of oxygen activation in the αKG dependent dioxygenase family.  The 

authors used cryogenic time resolved crystallography to trap molecular oxygen in the active site 

and were able to solve the resultant crystal structure.  The molecular oxygen was found to be 

bound in a side-on fashion as was originally proposed for this enzyme (23) (Figure 1.3).   
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Figure 1.3: Binding of molecular oxygen to the iron center of naphthalene dioxygenase.   

Oxygen is shown in red and iron in purple.  Figure is from Karlsson et al. (23). 

 
 

The mechanism of oxygen activation by TauD is proposed to occur through a debated 

Fe(IV)=O intermediate (Figure 1.2 C & D).  In particular, due to the reactivity of such a species, 

evidence for this intermediate has only recently been provided by the work of Price et al. (24). 

Mössbauer and EPR spectroscopy showed that a new intermediate in the TauD reaction had a 

low isomer shift (0.31 mm/s) and a S=2 ground state and that subsequent cryoreduction yields a 

high spin Fe(III) (vide infra).  This information, coupled with the observation that the quadrupole 

splitting parameters were similar to the high-spin Fe(IV) intermediate of ribonucleotide 

reductase (25), provides strong evidence for the Fe(IV) intermediate (Figure 1.2, Step D) in the 

α-KG dependent dioxygenase family. 

The presence of such a reactive oxygen intermediate is also supported by the long 

standing observation that TauD undergoes self-inactivation (17, 20).   If oxygen is added in the 

absence of any substrate, the lilac chromophore, formed by the addition of taurine and α-KG to 

TauD, converts to a yellow species (λmax = 408nm) which slowly transforms to a green/brown 
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chromophore (λmax = 550nm) (17).  Resonance Raman spectroscopy of the green/brown 

chromophore revealed a set of vibrations not observed in the lilac chromophore (λmax = 530nm) 

(17).  When this data was compared with data available for other iron-binding proteins (26) it 

was clear that these vibrations were not arising from a Fe(III)-O-Tyr or Fe(III)-O-Trp interaction.  

This suggests that a tyrosine residue has been hydroxylated to 3,4-dihydroxyphenylalanine 

(DOPA) during the formation of the green/brown chromophore and has inactivated the enzyme.  

How this inactivation occurs is still unknown, but may hold clues to the enzyme mechanism of 

TauD. 

Ascrobic acid has an important effect on the TauD reaction mechanism.  In the absence 

of ascorbic acid the enzyme will function properly, however the rate of the reaction falls off 

dramatically with time as the enzyme undergoes self-inactivation (27).  The precise function of 

ascorbic acid in the reaction mechanism is unknown although it is apparent that is has a 

protective effect.  It is thought that ascorbate may act to keep the iron in the ferrous state (16).  

However, the rate of ascorbic acid consumption is not stoichiometric with the amount of 

substrate consumed (16).  Therefore, the nature of the protective mechanism must be more 

complicated. 

Studies of the TauD Dimerization Site.  TauD is known to be active in the dimeric form 

(13) and presently there are two proposed dimerization sites for TauD in the literature.  The first 

was proposed by Elkins et. al based on the crystal packing and interactions observed in their 

structure (15).  The authors noted eight hydrogen bonds between the two monomers and a buried 

surface area of 1770Å.  Similar size proteins in their correct dimeric form normally have a buried 

surface area of 2000Å.  The temperature factors (B factors) in the proposed interface region were 

as expected for residues in the interior of a multimer.   
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 Interestingly, a second dimeric arrangement also exists within this data suggesting that 

there are two possible sites for dimerization.  In the second published structure of TauD the 

fourth monomer in the asymmetric unit was in a different conformation forcing the data into a 

different spacegroup (28).  Because of this shift, two different dimers were observed.  

Interestingly, when two 6-fold symmetry mates are generated in the Elkins data, the presence of 

a tetramer becomes apparent.  The first is the dimeric arrangement described above, and the 

second is a dimeric arrangement not detailed in the Elkins publication but observed in the 

O’Brien structure (28).  This second dimeric arrangement contains secondary structural 

elements, a conserved set of amphipathic helices, that have been observed in the literature for 

other members of the α-ketoglutarate dependent dioxygenase family (28-30).  The residues at the 

center of these helices are highly conserved and hydrophobic (15).  Two residues at the center of 

these helices, L145 and L221, present a two fold symmetry axis between the two molecules (28).  

The buried surface area that has been calculated for the second dimeric arrangement is 400 Å2 as 

compared to 550 Å2 calculated in the dimeric arrangement proposed by Elkins et al. (15, 28).  

However, the data suggests that water is completely excluded from the second dimerization site 

which, according to work by Fernandez et al., provides strong evidence for inter-protein 

interaction (28, 31, 32). 

Taurine Biosynthesis by Cysteine Dioxygenase (CDO) and Cysteine Sulfinic Acid 

Decarboxylase (CSAD).  The taurine biosynthetic pathway has been identified and shown to 

involve two enzymes (33).  The first-pass metabolism of sulfur amino acids is accomplished in 

the liver where an increase in dietary sulfur amino acids results in the upregulation of hepatic 

CDO (34).  CDO catalyzes the conversion of cysteine to cysteine sulphinic acid (CSA).  CSA is 

then converted to hypotaurine by CSAD (Figure 1.4).  The decomposition of hypotaurine to 
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taurine occurs non-enzymatically (Figure 1.4).  It is clear that hepatic taurine synthesis is largely 

restricted by the low levels of CSA as a substrate for CSAD and, therefore, CDO is presumed to 

be the rate-limiting step in taurine biosynthesis (35). 

 

 

Figure 1.4:  Taurine biosynthetic pathway. 

 

 

CDO Regulation, Structural Studies, and Reaction Mechanism.  CDO catalyzes the first 

reaction of the taurine biosynthetic pathway by performing the oxidation of L-cysteine to 

cysteine sulfinic acid.  The upregulation of cysteine dioxygenase protein levels occur when the 

cellular cysteine pool begins to rise.  The upregulation of CDO occurs on the post-transcriptional 

level as the levels of mRNA have been shown to remain constant (35). 

Down-regulation of CDO activity occurs on the post-traslational level.  Two isoforms of 

the enzyme have been reported in the literature, a 25kDa and a 23kDa form (35-37).  The 

degradation of this protein into an inactive form suggests the possibility of ubiquitination as a 

form of regulation, and  Dominey et al. have recently published the first evidence of this 

regulation (38).  They found that CDO could be stabilized by adding proteosome inhibitor 1 to 

inhibit ubiquitin-26 S proteosome (38) demonstrating that ubiquitinylation is involved in CDO 

destabilization. 

CDO CSAD 
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 There are several inconsistencies in the literature regarding the biochemistry of CDO.  

The gene has been successfully cloned from Homo sapiens (ACC# D85782.2) encoding what 

would appear to be a 200 amino acid protein suggesting a molecular weight of 23 kDa.  

Yamaguch et al. first suggested a molecular mass of 22.5 kDa in the initial characterization of 

this enzyme (39).  Later it was suggested that there was also a 68 kDa isoform of the enzyme 

(40-45).  The matter was addressed by using antibodies providing evidence for a 23 kDa and 25 

kDa form of CDO (36).   

An additional controversy involves the measured kinetic parameters for CDO.  The 

enzyme’s Michaelis constant (Km) for substrate L-cysteine was first determined to be 5 mM (39), 

whereas it was later reported to be 0.45 mM (39).   Recently Chai et al. have reported the Km  for 

L-cysteine to be 2.5 mM (46).  Simmons et al. report kinetic parameters that agree closely with 

the original measurement of 0.45 mM (47).  The large variation in the reported kinetic 

parameters can be attributed to differences in the respective assay procedures.  Two assays exist 

for CDO, one in which ophthaldialdehyde is used to derivatize the product which is then 

analyzed by HPLC and the other in which UV absorbance at 215nm is used to measure the 

product.  Table 1.1 outlines the assay procedures and reported data on CDO. 
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Table 1.1:  Comparison of reported kinetics for CDO. 

Author Optimum 
pH 

Cysteine 
 Km 

Fe 
 Kd 

Assay Procedure Additives 

Yamaguchi 
(39) 

9 0.45mM ND [35S] cysteine; Dowex 50W 
with HEMA IEC BioQ 
DEAE guard cartridge 

None 

Sakakibara 
(42) 

8.5 – 9.5 1.3mM ND [35S] cysteine; Dowex 50W 
with HEMA IEC BioQ 
DEAE guard cartridge 

None 

Bagley (48) 6.1 1.2mM ND [35S] cysteine; Dowex 50W 
with HEMA IEC BioQ 
DEAE guard cartridge 

hydroxylamine

Chai (46) 7.5 2.5mM ND 215nm detection of CSA None 
Simmons (47) 
 

6.1 0.45mM .09mM Derivitazation by 
ophthaldialdehyde (OPA) 

Bathocuprione 
disulfate 
(BCS) 

McCoy (49) 7.5 3.4mM 
– 
2.1mM 

ND Reaction quenched by 
freeze/thaw cycle 
215nm detection of CSA 

None 

 

  

 

The preliminary biochemical characterization of rat CDO clearly suggests that the 

enzyme is a non-heme iron oxidase (42).  CDO is thought to contain a mono-nuclear iron site, in 

the ferrous form, that is required for activity though no spectroscopic or biophysical 

characterization of the non-heme iron center has confirmed this hypothesis (50).  Unlike their 

heme counterparts, the iron site of the non-heme dioxygenases/oxidases does not exhibit the 

intense spectral features that are characteristic of the porphyrin ligation.  While some alternative 

spectroscopic approaches can be applied, the lack of intense spectral features also emphasizes the 

importance of crystallographic analysis in uncovering the atomic details responsible for the 

enzymatic diversity among the non-heme iron oxidases.   
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The structure of the Mus musculus CDO reported by McCoy has been solved to 1.75 Å 

resolution (49).  This structure, however, is not physiologically relevant as it contains a metal ion 

refined as Ni(II).  The overall fold of the protein is a small β-barrel structure that is typical of the 

cupin superfamily (49).  The metal binding site is reminiscent of the 2-His 1-carboxylate facial 

triad as observed in TauD with one important distinction.  Instead of utilizing a carboxylate CDO 

utilizes a histidine in its stead producing a 3-H binding motif (H86, H88 & H140) that is 

accompanied by three water molecules lending to a distorted octahedral nickel coordination site.   

A Y157-C-93 adduct was described in the structure and has only been seen once before 

in the structure of galactose oxidase, a member of the cupin superfamily (51).  In the proposed 

reaction mechanism for galactose oxdiase, the adduct allows the reaction to proceed without the 

formaction of Cu(III).  The hydroxyl group of Y157 is located 4.4Å away from the metal in 

CDO and may serve a similar purpose in its reaction mechanism (51). 

The reaction mechanism proposed by McCoy et al. (49) follows that of aromatic ring 

extradiol dioxygenases (52) and since sulfur is able to access cation-radical intermediates (53, 

54) the aid of the C-Y adduct may not be needed.  A reaction mechanism for CDO has been 

proposed and proceeds as follows:  L-cysteine displaces two water molecules upon coordinating 

to the iron, oxygen then binds the iron in an end-on fashion (Figure 1.5 C).  This produces a 

suitable environment for an oxygen attack on the sulfate, resulting in a sulfoxy cation.  Transfer 

of the metal-bound oxygen follows to form the product. 
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Figure 1.5:  McCoy et al. Proposed Reaction Mechanism for Cysteine Dioxygenase.  This 

figure is from McCoy et al. (49) 

 

 

The recently reported structure of the Rattus norvegicus CDO solved by Simmons et al. 

(55) agrees with the overall fold of the protein reported by McCoy et al. (49). However, as 

Simmons’ structure contains iron rather than the previously reported nickel, the metal 

coordination geometry is no longer the distorted octahedran reported previously.  Instead the iron 

coordinates tetrahedrally with three histidine residues (H86, H88, and H140) and a highly 

conserved water molecule (Figure 1.6) (55).  The iron binding site is well defined, with B factors 

of 12 Å2, 10 Å2 and 11 – 14 Å2 for the water molecule and coordinating histidines respectively.  

The binding site defined by this geometry is restrictive, thus the authors propose that oxygen 

activation occurs in an end-on fashion.  The structure suggests that the highly conserved Y157 is 

involved in coordinating the oxygen in this end-on binding mode. 
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Figure 1.6:  Comparison of CDO metal binding site in the rat (A) and mouse (B) 

crystal structures.  This figure is from Simmons et al. (55). 

 

 

Attempts to co-crystallize the protein with substrate or substrate analogs have been 

unsuccessful (55).  Protein crystals readily grew however, but when data was collected there was 

not enough evidence to support substrate binding.  The authors (55) did observe a tunnel from 

the iron binding site to the bulk solvent.  This tunnel leads to a pocket that is lined with non-polar 

residues (L75, W77, V142, F161, C164, V177, and M179) which would be suitable for the 

binding of a single L-cysteine molecule.  A mixed disulfide between C164 and substrate 

molecules disrupted the solvent structure within the binding pocket and changed the 

conformation of M160 and R60.  Due to the inability to bind the substrate the mixed disulfide 

had to be modeled as a methyl-sulfide and the binding pocket for L-cysteine could not be 

defined.  

CSAD Biocehmical Studies.  CSAD catalyzes the second step in the taurine biosynthetic 

pathway, the decarboxylation of cysteine sulfinic acid, produced by CDO, to hypotaurine. 

Regulation of CSAD is believed to occur on the transcriptional level.  Bella et al. (35) studied the 
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effect of cysteine metabolism in rats fed on varying diets and found that the levels of CSAD 

mRNA were lower in rats given a high protein diet (35).  Purification of CSAD has been 

achieved from bovine brain and rat liver (56-60).  The brain and the liver forms of the enzyme 

are encoded by mRNA that differ in the 5’ untranslated regions.  This suggests that the CSAD 

mRNAs are differentially regulated in these two tissues. 

Substrates for CSAD include cysteine sulfinic acid, pyrodoxal phosphate, and, to a much 

lesser degree, cysteic acid (61).  Other sulfonyl containing amino acids are not substrates.  The 

protein has a NPHK sequence, a putative pyridoxal phosphate binding site that is also found in 

several other amino acid decarboxylases.    The reaction mechanism of CSAD is still unknown. 

Research Goals.  Due to the importance of taurine to normal cardiovascular health, we 

have undertaken a biochemical and biophysical investigation of the enzymes involved in taurine 

metabolism (TauD, CDO, and CSAD).  The goals of this study are: 

1 Provide additional structural and kinetic data for TauD. 

2  Recombinantly express human CDO and address the matters of molecular mass 

and optimal pH. 

CDO and TauD are both mononuclear non-heme iron dioxygenase, therefore this study also 

contributes to the fields of oxygen activation and reaction mechanisms for members of the non-

heme iron dioxygenase family.  An understanding of the kinetics and functional biological 

structure of these enzymes provides medical researchers with a baseline upon which a search for 

mutations in CDO and CSAD that may be useful in identifying and treating cardiovascular 

disease may be performed.   
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CHAPTER 2 

SUBSTRATE-INDUCED CONFORMATIONAL CHANGES IN ESCHERICHIA COLI 

TAURINE/α-KETOGLUTARATE DIOXYGENASE AND INSIGHT INTO THE 

OLIGOMERIC STRUCTURE.1 

                                                           
1 O’Brien, J, R, Schuller, DJ, Yang, VS, Dillard, BD, and Lanzilotta, WN.  2003 Biochemistry.   42:5547-5554.
 Reprinted here with permission of publisher. 
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Abstract 

The enzymes in the α-ketoglutarate (αKG) dependent dioxygenase superfamily represent 

the largest class of non-heme iron oxidases and have important medical, ecological, and 

biotechnological roles.  One such enzyme, taurine/α-ketoglutarate dioxygenase (TauD), 

catalyzes the conversion of 2-aminoethanesulfonate (taurine) to sulfite and aminoacetaldehyde 

while decomposing αKG to succinate and CO2.  This αKG dependent dioxygenase is expressed 

in Escherichia coli under sulfur starvation conditions and allows the cell to utilize taurine, and 

other similar sulfonates in the environment, as an alternative sulfur source.  In this work, we 

report the structures of the apo and holo forms of TauD to 1.9 Å resolution (Rcryst = 21.2%, Rfree 

= 24.9%) and 2.5 Å resolution (Rcryst = 22.5%, Rfree = 27.8 %) respectively.  The models reported 

herein provide significant new insight into the substrate orientations at the active site and the 

conformational changes that are induced upon taurine binding.  Furthermore, analysis of our 

crystallographic data coupled with re-analysis of the crystallographic model ( resolution = 3.0 Å, 

Rcryst = 28.1, Rfree = 32.0) presented by Elkins et al. (Biochemistry 1999, 38, 15278-15286) 

reveals an alternative oligomeric arrangement for the enzyme that is consistent with the 

conserved primary and secondary structure elements of other αKG dependent dioxygenases. 

Introduction 

Oxygenases and oxidases that contain iron as the sole cofactor constitute a large family of 

redox enzymes that utilize either di-iron centers or mono-iron centers for catalysis.  Mono-

nuclear iron enzymes can be iron(III)-dependent, such as lipoxygenase or the intradiol cleaving 

catechol dioxygenase, and iron(II)-dependent, such as the extradiol cleaving catechol 

dioxygenases and the αKG dependent oxygenases.  The members of the latter family, the αKG 

dependent oxygenases, represent the largest class of non-heme iron oxidases.  These enzymes 
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require ferrous iron and αKG as a co-substrate to catalyze biological oxidations of otherwise 

inactivated carbon-hydrogen bonds (52, 62, 63).  Like their heme counterparts, these oxygenases 

perform a variety of essential reactions, including hydroxylations, desaturations, and oxidative 

ring closures in the biosynthesis of antibiotics, modified amino acids/peptides, carnitine, and 

signaling molecules.  Notably, in higher organisms these enzymes catalyze the post-translational 

hydroxylation of proline residues during collagen biosynthesis and in the hypoxia inducible 

factor (HIF)-mediated pathway for dioxygen sensing (64-66). 

Sequence analysis of many members within αKG dependent superfamily has revealed a 

conserved His-X-Asp-X(~55)-His sequence (67) that forms a 2-His-carboylate facial triad at the 

active site of the enzyme (68-70).  The three amino acids that form the 2-His-carboylate facial 

triad represent the only protein ligands to a bound iron atom.  Previous studies have shown that 

in the absence of αKG and substrate, solvent molecules occupy the remaining three coordination 

sites of the six coordinate iron (68, 71).  Two of these solvent ligands are displaced when αKG 

binds to the ferrous center through its C-1 carboxylate oxygen and C-2 carbonyl oxygen (68, 71). 
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Figure 2.1: Overall reaction catalyzed by Escherichia coli taurine//α-ketoglutarate 

dioxygenase (TauD). 

 

 

The overall reaction catalyzed by Escherichia coli taurine/α-ketoglutarate dioxygenase 

(TauD) is summarized in figure 2.1.  TauD is a member of the group II αKG dependent  

dioxygenases and a crystal structure of TauD with Fe(III), taurine, and αKG bound at the active 

site has been reported to 3.0 Å resolution (Rcryst = 28.1%, Rfree = 32.0%)(15).  Although the exact 

orientations of the substrates could not be determined, it was clear from this work that the 2-His-

carboylate facial triad architecture was preserved in TauD.  Similar to what has been proposed 

for other αKG dependent dioxygenases, this structural work combined with spectroscopic 

measurements suggested that the binding of taurine displaces a solvent molecule resulting in a 

shift from 6-coordinate to 5-coordinate geometry at the active site and creation of an oxygen 

binding site (15, 16, 72-74).  In the absence of taurine, oxygen can still react with the αKG- and 

Fe(II)-bound form of TauD and leads to hydroxylation at tryptophan residues 128, 240 and 248 
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(20).  At the present time, the mechanism by which these modifications are made and their 

physiological role remains unclear. 

Biochemical analysis suggests that TauD functions as a dimer (13) and a model for the 

physiological dimer was proposed based on the crystallographic data (15).  Interestingly, the 

proposed oligomeric structure was inconsistent with some of the conserved primary and 

secondary structural elements found throughout the group II αKG-dependent dioxygenase family 

of iron dioxygenases.  Specifically, all group II αKG-dependent dioxygenase, that have been 

structurally characterized thus far, contain a “jelly roll” motif around the active site as well as a 

pair of structurally conserved α-helices (15).  For TauD and clavaminate synthase (CAS) these 

are helices 4 and 6.  The amino acids that make up these helices are composed of primarily 

conserved hydrophobic residues and when the jelly roll motifs are aligned, these two helices also 

align.  A similar pair of structurally conserved helices has also been observed in the structure of 

proline 3-hydroxylase and has been proposed to be the site of dimer formation (29). 

In order to provide further insight into the substrate interactions and the oligomeric nature 

of TauD, we have determined the crystal structure of apo and holo TauD to 1.9 Å and 2.5 Å 

resolutions, respectively.  In both cases, the substrate taurine was an absolute requirement for 

crystallization.  The apo structure therefore represents crystals prepared in the presence of 

taurine, while the holo structure contains taurine, αKG, and ferrous iron bound at the active site.  

Due to the crystallographic symmetry, four copies of the TauD monomer are present in the 

asymmetric unit.  In both the holo and the apo structures, three of the monomers contain taurine 

bound at the active site, while the fourth does not.  Significant conformational changes are 

observed in the monomer without taurine bound.  In both the apo and the holo data the exact 

orientations of the substrate molecule can be observed in the monomers with taurine bound.  
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Taken together, the data presented here provides an improved understanding of the substrate 

interactions within the active site and insight into the conformational changes associated with 

substrate binding.  In addition, evidence for an alternative dimeric arrangement for TauD is 

presented that is consistent with the conserved sequence and structural elements found in other 

αKG-dependent enzymes. 

Experimental Procedures 

Enzyme Expression, Purification, and Assay.-  The tauD gene was cloned from the E. coli 

genome by using traditional PCR methods.  The oligos used for amplification of the tauD gene 

were designed such that the correct flanking sequences required for subcloning into the pET-

TOPO™ vectors (Invitrogen Corporation, Carlsbad CA) were incorporated in the PCR product.  

Using these vectors, gene expression is under the control of the T7 RNA polymerase/promoter 

system (75).  One advantage to using this approach is that a 6x His tail can be attached at either 

the N- or C-terminus for rapid isolation.  For optimal expression levels using this system, 5 mL 

of cells (0.6-1.0 OD600nm) harboring the expression plasmid were inoculated into 1 L of TB 

media and grown for 12 hours at 34°C.  The cells were then induced by addition of IPTG (1 mM 

final) and grown an additional 4 hours before being harvested.  Purification of the tagged TauD 

was performed in a single step using chelating sepharose (Amersham Pharmacia, Piscataway NJ) 

as previously described (76), except that salt was omitted from all elution buffers.  Typical yields 

were between 40-60 mg of pure protein from 1 L of cell material.  To ensure that no cationic 

metals were contaminating the purified protein, purified enzyme was exchanged from 10 mM 

TRIS buffer pH 8.0 into 100 mM EDTA pH 8.0 and back into the original buffer.  The 

reconstituted enzyme had a specific activity of   14.0 + 1.5 μmoles min-1 (mg TauD)-1 at pH 7.0 

when assayed by the method described by Eichorn et al (13). 
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 Crystallization.  Crystals were grown by batch method in an anaerobic environment of 

95% nitrogen and 5% hydrogen gas.  The temperature of the glove box was 22°C and the oxygen 

level was maintained below 1 ppm at all times.  All solutions for crystallization were made 

anaerobic by several rounds of vacuum degassing and flushing with argon using a vacuum 

manifold.  The protein to precipitant ratio was 2:3 in the batch experiment and the initial protein 

concentration was 30 mg/mL.  Due to protein requirement for crystallization and the ease of 

purification, we decided to use TauD that was tagged at the N-terminus.  Diffraction quality 

crystals typically appeared within two weeks after the conditions were set up.  Crystals were 

grown using the TauD protein as isolated and a precipitating solution consisting of 0.2 M di-

sodium tartrate dihydrate, 5 mM taurine and 20 % PEG 3350.  These crystals represent the apo 

crystals used in this study.  Interestingly, once these crystals were formed, they could be 

transferred to mother liquor containing 0.1 M TRIS-HCL pH 7.5 in place of di-sodium tartrate 

dehydrate.  This could only be accomplished if iron (FeSO4), ascorbate, and αKG were also 

present at 10 mM.  These crystals represent the holo crystals used in this study.  In order to 

prepare both the apo and holo crystals for freezing, the PEG 3350 was replaced with PEG 4000 

and the concentration was increased to 30% in 2.5 % increments. 

 Data collection and structure determination.  Data for the apo-crystals was collected at 

the Cornell High Energy Sychrotron Source (CHESS) on beam line A1.  Data were collected for 

the iron-treated crystals at the University of Georgia on a Rigaku RU-200 rotating anode 

equipped with Osmic focusing mirrors and a R-axisIIc image plate detector.  Data were 

processed using MOSFLM (77) and the CCP4 suite of programs (78). Our initial approach was 

to treat data collected from the apo crystal as native data and data from the iron-treated crystal as 

a derivative.  Anomalous difference Patterson methods indicated four weak signals in the 
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asymmetric unit.  Prior to applying for beam time to collect MAD data, a 3.0 Å structure (Rcryst = 

28.1 % Rfree = 32.0 %) of TauD was reported by Elkins et al. (15).  Using a poly-alanine version 

of the momomer reported by Elkins et al., without any substrate or cofactors, molecular 

replacement was performed using CNS (79) and gave a good solution that was consistent with 

four monomers in the asymmetric unit.  Subsequent rounds of model building and refinement 

was performed using the programs O (80) and CNS (79).  Protein atoms were placed prior to 

modeling the water molecules and no atoms or molecules were treated as rigid groups during 

refinement.  All Figures were generated using the programs Molscript (81), Xtalview (82), and 

Raster3D (83). 

Results and Discussion 

 Crystal growth and Structure Refinement.  Consistent with Elkins et al (15), we observed 

that the exposure of iron-treated crystals to oxygen had a negative impact on diffraction  

(exposure during crystallization or post-crystallization).  Therefore, prior to freezing the crystals 

for data collection, sodium dithionite was added to a final concentration of 2 mM.  A crystal, in 

mother liquor containing dithionite, was then removed from the glove box and immediately 

frozen.  We found that taurine, αKG, and molecules with structure similar to αKG (e.g.  tartrate 

or citrate) could also be used in crystal growth.  In addition, once crystals were formed, they 

could be transferred to mother liquor in which the original buffer had been replaced with a 

variety of buffers including 50 mM imidazole (pH 6.5-7.0), 50 mM HEPES pH 7.5, or 50 mM 

TRIS (pH 7.5-8.5).  The only essential requirement for preserving the crystal quality appeared to 

be taurine and the precipitant (Either PEG 3350 or PEG 4000).  Taken together, these data 

indicate that conformational changes are occurring in TauD upon substrate binding or during 

turnover. 
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 The structure of TauD with 5 mM taurine bound (apo TauD) is described to 1.9 Å 

resolution.  In addition, the structure of TauD with αKG, Fe(II), and taurine bound (holo TauD) 

is described to 2.5 Å resolution.  In both cases, the crystals belong to the space group P212121 

with similar unit cell dimensions (See Table 2.1).  There are four monomers in the asymmetric 

unit.  In all models, the main chain atoms were clearly visible in their respective 2Fo-Fc 

composite omit maps for residues 3 through 282.  The 6x poly-histidine tail was not observed in 

any of the models.  All side chain atoms could be placed with the exception of residues 168-170 

in the D monomer.  In this case, the residues were modeled as alanine.  

The overall fold of the TauD monomer forms an α-β structure with a “jelly-roll” motif at 

the core of the structure.  Despite the low sequence identity (7.7%) the TauD monomer shows a 

high degree of structural similarity to clavaminic synthase (CAS) (84).  Forty-eight percent of 

the backbone atoms align with a rms deviation of 1.64 Å (15).  Not too surprisingly, the region 

of greatest alignment is centered on the jelly roll motif, where the active site typically resides in 

this superfamily.  Interestingly, the other region of structural alignment is found around helices 

3, 4, 6.   
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Table 2.1  Data and Refinement Statistics.   aRsym = ∑hkl[∑I(|Ihkl,I - <Ihkl>|)] / ∑hkl,I <Ihkl>, where 

Ihkl is the intensity of an individual measurement of the reflection with indices hkl and <Ihkl> is 

the mean intensity of that reflection.  bThe numbers in parenthesis refer to the outer resolution 

bin used in data processing.  cThe numbers refer to cell edges a, b, and c respectively.  The space 

group is P212121 so all angles are 90°. 

 

Data Statistics 
Data Set λ (Å)  Resolution Range  Completeness (%)        Rsym

a 

Apo  0.97     50.0-1.90 (1.97-1.90)b        96.9(78.9)            0.049(0.334)  
Holo  1.54  38.0-2.50 (2.59-2.50)  99.9(98.4)     0.059(0.431) 
Refinement Statistics 
Model      Apo    Holo 
Unit Cellc     95.8 117.8 118.2  92.5 118.8 118.8   
Protein/Cofactor Nonhydrogen Atoms 6810    6850 
Solvent Molecules    706    353   
Resolution Range (Å)    50.0-1.9   36.5-2.5   
Total Refections    99459    46047 
Total Reflections Used in Rfree  5034    2321 
Rcryst      0.212    0.225 
Rfree      0.254    0.278 
R.m.s. Deviations 

Bond Distances (Å)   0.005    0.006 
Bond Angles (°)   1.34    1.35 

B-Factors (Å2) 
Average    34.5    47.9 
Minimum    13.3    10.8 
Maximum    76.9    98.0 
 

 

 

In both the apo and the holo models, substrate is bound in only three of the four 

monomers.  If taurine was modeled in the active site of the fourth monomer, both Rcryst and Rfree 

would increase by 5.0 %.  Due to this observation and the high B-factors of residues covering the 

active site, we suspected that the fourth monomer might be in multiple conformations due to 
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partial occupancy of taurine in the active site.  To test this we modeled monomer D with taurine 

having an occupancy of 0.5 and the residues that cover the active site in both an “open” and a 

“closed” conformation.  Like taurine, each of the conformations was assigned an occupancy of 

0.5.  This approach resulted in an increase in both Rcryst and Rfree by ~2.5 %.  These results 

indicate that the structure that best fits the data is a crystallographic tetramer with three 

monomers in a closed conformation while the fourth monomer is in an open conformation.  The 

nature of the open and closed conformations is discussed in the sections that follow. 

Interestingly, if all four monomers were in the closed conformation, then the 

crystallographic tetramer would exhibit 222 symmetry.  Considering that two of the unit cell 

edges are very similar (See Table 2.1) and the observation that all angles are 90°, this explains 

why our crystals were initially indexed in a tetragonal space group.  However, integration and 

scaling of the data using P4 resulted in unreasonable values for Rsym.  Subsequently, all data 

reduction and refinement was performed with the orthorhombic space group P222.  Further 

analysis of the systematic absences suggested that the correct space group was P212121.  This 

space group was used for all subsequent refinement for both the apo and the holo data and the 

same set of reflections were used in both cases for calculating Rcryst and Rfree.  The structure 

reported by Elkins et al. described crystals belonging to the hexagonal space group P6222 with 

unit cell dimensions a = b =117, c = 202 Å.  This was interesting due to the similar cell 

dimensions observed for our crystals (See Table 2.1) and would suggest a small movement of the 

unique monomer as well as the tetramer itself could generate two six fold symmetry axes. 

Consistent with this proposal is the observation of a tetramer in the data presented by Elkins et 

al. that is similar to the tetramer found in our asymmetric unit (RMSD for α-carbon atoms < 2.0 

Å). This is shown in Figure 2.2.  Figure 2.2 was generated using the coordinates deposited by 



 28

Elkins et al. (PDB ID 1GQW) and shows the position of this tetramer relative to their 

asymmetric unit.  The observation of this tetramer in the hexagonal unit cell as well as in our 

asymmetric unit is significant because it suggests two possible arrangements for the biological 

dimer. 

 

 

 

Figure 2.2:  Cross-eyed stereo view showing the identification of the asymmetric 

unit for space group P212121 relative to the asymmetric unit (space group P6222) presented 

by Elkins et al. (13).  The monomers colored in grey and red represent the asymmetric unit for 

the space group P6222 and the monomers colored in red, green, cyan, and blue represent the 

asymmetric unit found in the space group P212121.  The grey and red monomers are taken from 

the coordinates submitted by Elkins et al. (PDB ID=1GQW) and the green, cyan, and blue 

monomers were generated using the appropriate symmetry operators for the space group P6222.  

The biological dimer proposed by Elkins et al. is represented by the red and green monomers.  
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Dimerization Interface.  The proposed oligomeric arrangement that we feel best explains 

the dimeric nature of the enzyme (13) is shown in Figure 2.2 and is in contrast to what was 

previously proposed (15).  The reason we favor this dimer arrangement stems from several lines 

of evidence.  First,  the two helices that form the dimer interface are conserved elements of 

secondary structure in other αKG-dependent iron dioxygenases (29, 30).  Moreover, many of the 

residues that are found in the two helices at the dimer interface are highly conserved and 

hydrophobic in nature (15).  Specifically, four highly amphipathic helices (two from each 

subunit) form a hydrophobic core that extends back into the hydrophobic center of each 

monomer.  The tertiary structure that comprises our proposed dimer interface can therefore be 

described as an anti-parallel four helical bundle.  At the center of the dimer interface are residues 

L145 and L221 (two from each subunit).  An axis of symmetry can be drawn between the two 

equivalent pairs and a two fold rotation of one monomer around this axis will generate the other.  

Using the CCP4 program AREAMOL, the calculated buried surface for this dimer is ~400 Å2, 

compared with ~550 Å2 for the alternative dimer arrangement (15).  The hydrophobic core at the 

dimer interface is then covered by the helical structure itself and by a number of hydrogen bonds 

between the monomers at either end of the helices.  It is very clear, especially in the 1.9 Å data, 

that water is completely excluded from this interface.  Extensive work by Fernandez et al. (31) 

indicates that there is significant hydrogen bond desolvation observed in the interior of proteins.  

These authors have extended their analysis to show that insufficiently dehydrated hydrogen 

bonds are good determinants of protein interactions (32).  Consistent with their findings, is the 

observation that formation of our dimer interface allows these hydrophobic helices to dehydrate 

the hydrogen bonds that are central to the stability of the secondary structure.  There are no such 

interactions at the dimer interface proposed by Elkins et al. (15).  Additional support for this 
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dimer arrangement comes from the observed B-factors for atoms at our proposed dimer interface.  

The B-factor can be described as a measurement of thermal motion.  In Figure 2.3 it is clear that 

the region of the model with the lowest thermal motion is centered on our proposed dimer 

interface.  Finally, a dimeric arrangement that is similar to our proposed dimer has been observed 

in the high resolution structures of other αKG-dependent dioxygenases (29).  

 

 

 

 Figure 2.3:  Diagram of the proposed biological dimer for TauD.  Side view of the 

proposed biological dimer for TauD.  The monomer on the left is colored by B-factor with the 

color ranging from blue to red and corresponds to a B-factor range from 10 to 95 Å2.  The 

monomer on the right is colored by secondary structure with helices shown in red, strands in 

green, and coils are colored yellow.  The Figure was generated using the coordinates from 

monomer A (right side) and monomer D (left side) of the Holo model. 
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Taurine Binding in the Apo Enzyme.  The binding mode of taurine, prior to the addition 

of σKG and iron, is presented in Figure 2.4.  The focus of Figure 2.4 is on the amine group of 

taurine.  This is primarily because the taurine sulfonate interactions are similar to what was 

reported by Elkins et al.  Briefly, this includes residues R270, H70, and the backbone N-H of 

V102.  Interactions of the taurine sulfonate clearly support the hypothesis presented by these 

authors to explain the selection of substrates with tetrahedral sulfonate moieties by TauD. 

The taurine amine group is bound in a distorted tetrahedral environment with hydrogen 

bonds to two water molecules and the amide oxygen of N97.  The phenolic oxygen of Y73 

extends across the substrate from a loop region to come within 3.0 Å of the carboxylate oxygens 

of D94.  While the phenolic oxygen of Y73 is 3.7 Å away from amine group of the taurine, the 

interaction of Y73 with D94 positions the phenolic ring within 3.5 Å of the C2 carbon of taurine.  

This interaction essentially locks the substrate in place, with two additional phenyl side chains 

(F159 and F206) approaching the C1 and C2 carbon atoms of the taurine molecule from the other 

side. 
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Figure 2.4: Cross-eyed stereo view of the 2Fo-Fc composite omit map contoured at 

1σ and the corresponding model of the active site region for apo TauD with taurine bound.  

Top Panel:  Stereoview of the substrate taurine and key residues in the active site of the apo 

model and the corresponding 2Fo-Fc composite omit map (Purple Cage).  The composite omit 

map was generated using the simulated annealing protocol with 5 % of the asymmetric unit 

being omitted at a time.    Bottom Panel:  Stereoview taken from the same perspective as the top 

panel with taurine colored purple.  For additional clarity, the amino acid D94 and the side chain 

atoms of F159, Y73, N97, N95, S158, H99, F206, as well as D101 are labeled.  Five water atoms 

atoms are also shown, and unless stated otherwise, all atoms are shown in stick format using cpk 

colors. 
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Taurine-Induced Conformational Changes.  For both the apo and the holo data sets, the 

crystallographic tetramer was best modeled with three monomers in a closed conformation with 

substrate bound.  As previously mentioned, the position of taurine was not well defined in the 

electron density of the fourth monomer.  Given that the position of taurine was not well defined 

in the forth monomer (Monomer D) for both the apo and holo data sets, as well as the lack of any 

strong interactions between this region of monomer D and other molecules in the unit cell, some 

conclusions can be made regarding conformational changes that may be due to taurine binding 

alone.  The overall secondary structure for the open conformation is compared with that of the 

closed conformation in Figure 2.5.  Two regions of secondary structure are seen to undergo 

dramatic movement.  One possible explanation for the conformational change from the closed to 

the open state is the loss of several key interactions with the substrate taurine.  In the region of 

random coil (See Figure 2.5) both H70 and Y73 have key interactions with taurine.  On the 

opposite side of taurine, is a hydrophobic cluster of side chains including F159, Y164, and 

W174.  In the absence of taurine, the hydrogen bonding network in the active site is lost.  This 

action releases the residues 60-80 (random coil region) and exposes a significant portion of these 

hydrophobic side chains in the region of the helix (See highlighted in helix in Figure 2.5).  

Conformation adjustments must be made to shelter these hydrophobic side chains from solvent.  

This is accomplished in part by a shift from α-helical structure to that of a 3-10helix in the region 

from T167 to W174.   
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Figure 2.5:  Cross-eyed stereo view depicting the difference between the “open” and 

the “closed” conformation of TauD.  Overlay of the C and D monomers from the apo model.  

Monomer C is shown in purple while monomer D is shown in brown.  Regions of movement are 

highlighted by a lighter shade.  The difference in the relative position of helix 5 is further 

highlighted by the black arrow. 

 

 

Iron and αKG Binding.  The binding of iron and αKG has minimal impact on the 

orientation of the substrate taurine (Figure 2.6).  However, the hydrogen bonding network around 

the taurine amine group is in contrast to what was reported by Elkins et al. (15).  In our model 

the hydroxyl oxygen of S158 is positioned 2.6 Å from the backbone carbonyl oxygen of G205 

and 2.5 Å from a bound water molecule that is interacting with the amine group of taurine.  This 

water molecule is 2.5 Å away from the amide oxygen of N97.  It is clear in both apo and holo 

data sets that water bound near the amino group of taurine provides a short solvent channel to the 

bulk solvent.  Residues in the active site that have hydrogen bond interactions with the ordered 

water include D94, N97, and S158.  Consistent with what was proposed by Elkins et al., we 
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clearly see a pentacoordinate ferrous iron bound to the protein through a 2-His-carboxylate facial 

triad consisting of residues H99, D101, and H255.  The αKG molecule is bound to the iron in a 

bidentate manner with the opposite carboxylate end being locked into place by the strictly 

conserved residues R266 (salt bridge) and T126 (hydrogen bond).  In the holo structures, all four 

monomers in the asymmetric unit show good density for the iron and αKG molecules.  As was 

observed in the apo data, the density in the active site of the fourth monomer (D monomer) was 

consistent with no taurine being bound.  In addition, the B-factors for atoms in the active site 

region of the D monomer were also higher than average suggesting greater thermal motion in the 

absence of substrate. 

 

 

 

Figure 2.6:  Cross-eyed stereo view of the 2Fo-Fc composite omit map contour at 1σ and 

corresponding model of the active site region for holo TauD with taurine bound.  Top 
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Panel:  Stereoview of the substrate taurine and key residues in the active site of the holo model 

and the corresponding 2Fo-Fc composite omit map (purple cage).  The 2Fo-Fc composite omit 

map was generated using the simulated annealing protocol with 5 % of the asymmetric unit 

being omitted at a time.  The anomalous difference map is also shown contoured at 12 σ around 

the iron position (red cage).  Bottom Panel:  Stereoview taken from a similar perspective with 

taurine colored purple.  For additional clarity, the amino acid D94 and the side chain atoms of 

F159, S158, Y73, N97, F206, N95, H99, R270 as well as D101 are labeled.  The iron atom is 

colored black, αKG is labeled, and two water atoms are also shown.   Unless stated otherwise, all 

atoms are shown in stick format using cpk colors. 

Implications for the Mechanism of TauD.  All αKG dependent dioxygenase family 

members demonstrate a common jellyroll fold with three iron ligands found in a common 2-His-

carboxylate facial triad motif.  While the source of the carboxylate ligand can be either an 

aspartate or glutamate residue, the relative positions of the histidine and carboxylate side chain 

further divide these enzymes into three distinct groups.  Both TauD and CAS belong to the group 

II αKG-dioxygenase subfamily due to the additional 138-207 residues that separate the 

carboxylate ligand from the second histidate ligand (85).  While TauD and CAS demonstrate low 

sequence identity (<10 %), a remarkable 48 % of the protein backbone atoms align with an RMS 

deviation of 1.64 Å (15).  In fact, if the residues that form the 2-His-carboxylate facial triad in 

both enzymes are explicitly aligned ( residues 144, 145, and 146 in the CAS model, and residues 

99, 100, and 101 in the TauD model), then two regions of high homology are immediately clear.  

The first region of homology is the β-strand section, or jelly-roll motif, that is important for the 

active site structure.  The second region of alignment is centered on the two helices that we 

propose are involved in dimer formation.   



 37

Given the complex regulation of metal ions in the cytoplasm (86), the relative binding 

constants for substrates (16), and the absolute requirement for taurine and molecules with 

structures similar to αKG for crystal growth, a reasonable hypothesis is that in vivo activity of 

TauD may ultimately be limited by the availability of iron.  Furthermore, given the similar 

positions of taurine αKG and the 2-His-carboxylate facial triad of TauD, compared to the 

equivalent positions in CAS, it is reasonable to predict that the oxygen binding mode between 

these two group II αKG-dependent dioxygenases is similar (84).  In this mode, oxygen binds 

opposite the second histidine residue and is positioned for insertion into the appropriate C-H 

bond of αKG.  However, recent work using nitric oxide (NO) as an oxygen analog has shown the 

potential for Fe-O rearrangements (30) at the active site in CAS.  At the present time this has not 

been tested in TauD.  In any case, decomposition of αKG has been proposed to occur prior to 

hydroxylation of taurine (15, 16).  It has further been suggested that the hydroxylation reaction 

will proceed through an Fe(IV)=O intermediate in this family of enzymes (84, 87, 88).  At the 

present time there is no crystallographic information for these intermediate states or the product-

bound form of TauD. 

One final point regarding the structural information presented here must be incorporated 

into the current model for the mechanism of TauD and the observed properties of the enzyme.  In 

addition to the conformation changes that are revealed in this work, we have also observed 

significant differences in the positions of side chains near the amino group of the substrate 

taurine.  In contrast to what was reported previously, the hydroxyl oxygen of S158 and the 

phenolic oxygen of Y73 are not interacting directly with taurine.  Alternatively, the hydroxyl 

side chain of S158 is hydrogen bonded to the carboxylate oxygen of a back residue and the 

phenolic oxygen of Y73 is hydrogen bonding with the carboxylate side chain of D94.  It is 
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interesting to note that, despite poor sequence and structural alignment in the variable loop 

regions covering the active site, a similar interaction observed in CAS between Y149 and D202. 

While the functional role of these interactions remains to be investigated, the observation of a 

short solvent channel to the bulk solvent is significant.  Specifically, expulsion of the water 

atoms allows additional room to accommodate larger sufonates, consistant with the activity of 

TauD (13). 
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CHAPTER 3 

CLONING, EXPRESSION, PURIFICATION, AND CHARACTERIZATION OF 

RECOMBINANT HUMAN CYSTEINE DIOXYGENASE. 

In the early 1970’s Ryan Huxtable and Rubin Bressler published an investigation of 

cardiac pathology reporting elevated levels of 2-aminoethanesulfonic acid (taurine) (8, 9).  This 

discovery sparked a new field of research in cardiovascular disease.  Taurine is now known to be 

the most abundant free amino acid in the human body.  Lack of taurine during development and 

growth can lead to cardiomyopathy, retinal degeneration, and growth retardation (11).   

Humans express taurine biosynthetic enzymes in the brain and liver (10, 89).  Cysteine 

dioxygenase (CDO) catalyzes the oxidation of L-cysteine to cysteine sulfinic acid.   Cysteine 

sulfinic acid decarboxylase (CSAD) decarboxylates cysteine sulfinic acid to hypotaurine which 

is subsequently auto-oxidized to taurine (Figure 3.1).  

CDO has been successfully cloned from human (ACC# D85782.2) encoding a 200 

amino acid protein suggesting a molecular weight of 23 kDa if the entire gene is translated (44).  

Several isoforms of the enzyme were thought to exist (40, 48) however, analysis using antibodies 

provides evidence for a 23 kDa form and a 25 kDa form (36).  The isolation of the distinct forms 

of the enzyme suggests degredation as a form of regulation.  Dominey et al. have recently 

published the first evidence of ubiquitination in the role of regulating cysteine dioxygenase and 

its effects on the cysteine pool (38).  CDO could be stabilized by adding proteosome inhibitor 1 

to inhibit ubiquitin-26 S proteosome. 
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FIGURE 3.1:  The taurine biosynthetic pathway. 

 

 

 Two crystal structures of CDO have been solved, the structure of mouse CDO by McCoy 

et al. (49) and rat CDO by Simmons et al. (55).  Both structures agree on an overall fold that is 

similar to the cupin family of proteins.  The differences in these structures occur in the metal 

binding motif.  In the mouse structure the metal refined as nickel (II) and the metal coordination 

site consisted of three conserved histidine residues (H86, H88, H140) and three water molecules 

in a distorted octahedral environment (49).  In the rat structure the metal refined as an iron (II) 

and while the same three histidines were involved in metal coordination, only one water 

molecule was observed conferring a more universally accepted tetrahedral coordination 

geometry (55).  Neither structure was able to reveal the binding mode of L-cysteine, however a 

putative binding pocket was identified in the Simmons et al. structure (55). 

Biochemical analysis has also failed to provide insight into substrate binding due to the 

inability to reproduce the data reported in the literature.  Specifically, the measured kinetic 

parameters for the rat and mouse forms of CDO have been debated in the literature.  Yamaguchi 

et al.  initially measured a Km for L-cysteine of 5 mM (39) whereas it was reported later as 0.45 

mM (39).   Recently Chai et al. have reported the Km  for L-cysteine to be 2.5 mM (46).  

CDO CSAD 
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Simmons et al. report kinetic parameters that agree closely with the original measurement of 

0.45mM (47).   

 Due to the inconsistencies in the literature a careful biochemical study of human cysteine 

dioxygenase was necessary.  We present the cloning, expression, purification, and properties of 

recombinant human cysteine dioxygenase. 

Experimental Procedures 

PCR and Cloning.  The human CDO gene was PCR amplified from the human liver 

genome library using the following primers: 

5’ GTT CTT GAA CAG ACC GAA GTG CTG AAG CC 3’ 

3’ GTT CTT CAC CTT AGT TGT TCT CCA GCG AGC CCG 5’ 

NheI and HindIII sites were stitched onto the gene for cloning into pTrcHisA (Invitrogen).  The 

gene and vector were parallel double digested with NheI and HindIII for two hours at 37ºC.  The 

cut vector was then electrophoresed on a 1% agarose gel.  The digested vector and insert were 

purified together using a Qiagen gel extraction kit.  The ligation reaction was performed by 

adding 5µL of the cleaned insert/vector into a mixture of 12 µL H20, 2 µL 10X T4 buffer, 1 µL 

T4 DNA ligase and incubating overnight at 16ºC.  5 µL of the ligation reaction was transformed 

into the chemically competent TOP10 (Invitrogen) Esherichia coli cell line.  After a one hour 

recovery the culture was plated onto a carbenicillin resistant plate and incubated at 34ºC 

overnight.  Individual colonies were grown in 5 mL LB cultures for plasmid purification 

(Qiagen) and sent off for sequencing. 

Expression and Purification.  1 µL of miniprepped DNA is transformed into the 10 µL 

JM109 (Invitrogen) Esherichia coli cell line and, after the addition of 250 µL LB media, is 

allowed to recover for one hour shaking at 250 rpm at 34ºC.  The culture is plated onto a 
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carbenicillin resistant plate and incubated overnight at 34ºC.  A 25 mL culture containing 

carbenicillin is incubated at 34ºC shaking at 250 rpm overnight.  1 L TB cultures containing 

carbenicillin are inoculated with 1 mL of the overnight culture and are incubated at 34ºC shaking 

at 200 rpm for 20 hours.  The cells are harvested by centrifugation and resuspended in 50 mM 

NaPO4, 100 mM NaCl pH 7.5 buffer before being frozen at -80ºC. 

 The cell suspension is thawed at 34ºC while shaking at 250 rpm for 30 minutes.  DNAse, 

lysozyme, and PMSF are added and the culture is incubated for a further 15 minutes at 34ºC 

shaking at 250 rpm.  The cells are broken by French pressure cell at 1,200 psi.  The cell 

suspension is cleared of debris a by ultracentrifugation (16,000 rpm for 45 minutes).  The 

supernatant is then applied to a 5 mL bed volume of a Talon (Clonetech) resin gravity flow 

column that has been pre-equilibrated with 50 mM NaPO4, 100 mM NaCl pH 7.5.  The resin is 

washed with 50 mL 50 mM NaPO4, 100 mM NaCl pH 7.5 before eluting with 15 mL 50 mM 

NaPO4, 100 mM NaCl, 150 mM imidazole pH 7.5.   

 The protein is concentrated by Millipore ultracell centrifugal concentrator (5,000 Da 

MWCO) at 3,000 rcf.  The protein is then buffer exchanged into 100 mM NaPO4 pH 7.5.  Buffer 

exchange is accomplished by concentrating the sample down to 1 mL and refilling the 

concentrator to 15 mL with buffer.  This step is repeated three times.  The samples are then 

analyzed by SDS PAGE using the Laemmli method (90).  Protein concentrations are calculated 

using the Bradford assay (Bio-Rad) (91).  Protein not immediately used in experimentation is 

flash frozen in liquid nitrogen and stored at -80ºC.  

Determination of Bound Iron.  Inductively coupled plasma-emission spectrometry (ICP) 

was used to analyze bound iron in the purified CDO.   Protein was purified from two sources, an 

iron-spiked growth and a normal TB growth.  The iron spiked growth contained 1 mL 10 mg mL-
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1 ferrous sulfate in the 1 L 20 hour growth and expression phase.  Protein was purified as 

reported, concentrated, and buffer exchanged into chelex (Bio-Rad Analytical Grade Chelex 

Resin 100-200 mesh, sodium form) treated buffer.  1 ppm, 5 ppm, and 10 ppm samples were 

made assuming a 100% bound 1:1 iron:protein binding ration.  Control samples were also made 

with ferrous sulfate to correspond to the 1 ppm, 5 ppm, and 10 ppm experimental samples.  

Samples were treated with 2 M HCl, to precipitate the protein, and spun in a tabletop centrifuge 

at 14,000 rpm.  The samples were transferred to clean tubes and sent to the University of Georgia 

chemical analysis facility to be analyzed by ICP. 

Enzymatic Assay.  The enzymatic assay is adapted from Chai et al. (46).  Due to the 

controversy in the literature about the optimal pH for the enzyme, it was first necessary to 

conduct trials to find the optimal pH.  The reported optimal pH for cysteine dioxygenase ranges 

from 6.5 to 9.5.  Therefore a buffer must be found within each of these ranges that have the least 

absorption at 208 nm.   

The assay mixture includes 1 mM L-cysteine, 1 mM ferrous sulfate, 100 mM NaPO4 pH 

7.5.  The reaction is initialized by the addition of 3 µM cysteine dioxygenase.  The reaction is 

incubated at 30ºC shaking at 250 rpm for 10 minutes.  The reaction is terminated by the addition 

of 1 mL 1 M heptaflurobutyric acid (HFBA) followed by a 3 minute boil.  The mixtures are then 

refrigerated for 3 minutes to bring them back down to room temperature before being centrifuged 

at 14,000 rpm.  The supernatant is then transferred to a clean microfuge tube.   

 Separation of the reaction product from the substrate and oxidized degredative produces 

was achieved by ion paired reversed phase HPLC using a particil ODS-3 C18 column (Alltech). 

Isocratic analysis of a 100 µL injected sample was achieved using a mobile phase consisting of 

58:42 acetonitrile:deionized water (v/v) with 0.3% HFBA at a flow rate of 0.5 mL per minute 
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and detection at 208 nm.  The peak eluting at six minutes was confirmed to be cysteine sulfinic 

acid (CSA) by retention time comparison with standards. 

Results and Discussion 

Expression and Purification. Recombinant cysteine dioxygenase was expressed at 20 mg 

L-1 and contained only minor larger molecular weight contaminants that could be polished away 

using an S200 size exclusion column.  The purified protein required 100 mM NaCl in the buffer 

for stabilization.  CDO is stable in solution at 4ºC for several weeks, a notable difference from 

the unstable rat and mouse CDO (39, 40, 49).  While the mouse and rat CDO share 100% 

sequence similarity, they share 92% sequence similarity with human CDO.  This is significant 

similarity however; the difference in the stability of these proteins emphasizes the importance of 

studying the human CDO for future biomedical hypotheses.   

 The SDS PAGE analysis of the purified recombinant CDO showed a repeatable double 

banding pattern (figure 3.2).  The two bands coincide with the 23 kDa and 25 kDa forms that 

have been previously reported in the literature (36).  Bacteria do not have the ubiquitin pathway 

to which this degradation has been attributed.  Therefore, another form of degradation is 

occurring.  It is probable that the degradation is occurring at the carboxy terminal end of the 

protein since the metal affinity column purifies the protein based on the amino terminal 6X his 

tag.  A look into textbook biology reveals a possible explanation of this observation.  The 

stability of proteins in mammals is dependent on the amino terminal sequence whereas the 

stability of proteins in bacteria is dependent on the carboxy terminal sequence.  In bacteria, the 

presence of histidines on the carboxy terminus is a signal for degradation and one such histidine 

(H182) can be found on the carboxy terminus of CDO.   
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Figure 3.2  SDS PAGE analysis of recombinant human CDO purification. 

 

 

 The hypothesis we have put forth is completed by considering the metabolic 

consequences of overexpressing CDO in E. coli.  In this case, CDO is overexpressed providing 

an excess of cysteine sulfinic acid within the cell.  In the absence of overexpressed cysteine 

sulfinic acid decarboxylase, the excess cysteine sulfinic acid is transaminated to β-

sulfinylpyruvate which is then rapidly degraded to pyruvate and sulfite.  The pyruvate enters the 

TCA cycle providing an excess of ATP.  The ATP dependent proteases are activated and 

presumably providing the degradation that we see in our expression of recombinant CDO. 

Determination of Bound Iron.  ICP analysis data suggests that recombinant human CDO 

is purified with 13% iron bound (data not shown).  This percentage could not be increased by 
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adding iron to the growth media, changing temperature, or changing the expression line.  The 

only reported dissociation constant (Kd) for iron is 90 µM (47).  The binding site, according to 

published structures (49, 55), involves a three conserved histidine coordination motif and a water 

molecule in a tetrahedral geometry.  This coordination environment would lead to a very 

transiently bound iron, although this coordination environment has been observed in 2,2',3-

trihydroxybiphenyl dioxygenase, another mononuclear non-heme iron dioxygenase (92).  The 

iron determination data supports the model of a transiently bound iron, however it suggests that 

the iron is more transiently bound than the previously published Kd alludes. 

Enzymatic Assay.  Adjustments to the enzymatic assay were necessary for optimal 

performance.  The mobile phase was adjusted to a 58:42 acetonitrile:water (v/v) mix containing 

0.3% HFBA after an initial test run indicated that the water:methanol mixture previously 

published (46) was interfering with the detection of product.  The next adjustment was the 

detection wavelength.  An experiment was conducted by adding cysteine sulfinic acid to the 

mobile phase mixture and measuring the absorbance in a spectrum from 230 nm to 200 nm.  The 

peak absorbance was observed at 208 nm, not the 215 nm reported in the literature (46).  To 

ensure that no interference from L-cysteine was occurring, a duplicate experiment was 

performed using L-cysteine in the mobile phase.  At 208 nm, no interference from L-cysteine 

could be detected (figure 3.3).  The third adjustment was an analysis of all of the buffers (Tris, 

HEPES and ammonium acetate) reported in previous studies (46).   It was determined that 

sodium phosphate buffer provided the least background interference at the detection wavelength. 
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Figure 3.3: Substrate and product absorbance versus wavelength. 

 

 Once the buffer was chosen, a pH profile was in order to determine the optimal pH to run 

the enzymatic assay.  The pH profile indicated optimums at both pH 6.5 and 7.5 (figure 3.4).  It 

has been previously reported that when an assay contains a mixture of two isoforms, two pH 

optimums are observed (93).  This does address an issue in Stipanuk’s publication (36) that 

reports that the 23 kDa form of the enzyme is inactive.  The pH profile suggests that the 23 kDa 

form is most likely active however; it is active at a different pH.   
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CDO pH Profile
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Figure 3.4: Recombinant CDO pH profile. 

 

 

An explanation of the phenomenon observed in Figure 3.4 that is consistent with our 

ATP dependant carboxy terminal degradation hypothesis, is that the binding pocket for L-

cysteine is exposed in the 23 kDa isoform.  This can be further expanded by considering the 

available structural information.  According to structures solved by McCoy et al. (49, 55) the L-

cysteine binding pocket involves a portion of the carboxy terminal portion of the protein.  The 

pH becomes much more important in binding substrate in the exposed binding pocket than it 

would in a closed pocket due to the lack of a self-created microenvironment in the full length 

protein.   

Conclusions 

 Recombinant human CDO was expressed and purified in potentially two active forms.  

These are a 23 kDa form and 25 kDa form.  While we propose that both forms are active, the pH 

optimum for each isoform differs.  In order to properly address the enzymatic activities of each, 
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the isoforms must be purified and independently assayed.  Due to the nature of our hypothesis it 

is likely that calculation of Km for L-cysteine will result in an average unless the two forms are 

separated. 

 In order to isolate the two distinct forms, two methods are being employed.  The first 

approach involves the addition of an ATP dependent protease inhibitor cocktail to the 

purification process in order to eliminate the possibility of degradation by ATP dependent 

proteases and potentially eliminate the 23 kDa form.  Another option is to alternatively tag the 

protein with a 6X his-tag on the amino terminus and a maltose binding protein tag on the 

carboxy terminus.  The expressed enzyme would be applied to a metal affinity column to purify 

both variants.  The elution fraction would be applied to a maltose resin, the flow through would 

contain only the 25 kDa form and the elution fraction would contain only the 23 kDa form.  Thus 

the variants could be independently studied.   

Further characterization of both isoforms of human CDO is in order.  Enzymatic rates 

and binding specificities will need to be calculated for each of the reported variants.  Structural 

work on this enzyme is important in elucidating the enzymatic mechanism since spectroscopic 

work cannot lend this information to the field.  Since an iron (II) metal coordination sphere is 

silent in spectroscopy, structural work is the only means by which the metal binding site can be 

probed.  While the structures of the mouse and rat forms of CDO have provided some much 

needed information, the structure of human CDO could provide information to the stability and 

regulation of this enzyme.
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CHAPTER 4 

CONCLUSION 

Both the α-ketoglutarate dependent dioxygenase family and the taurine biosynthetic 

pathway are central to many biomedical studies, therefore a firm foundation in atomic structure 

and biochemical kinetics is necessary to further expand mechanistic studies.  The work presented 

in this dissertation contributes to this field through the structural and biochemical studies 

presented herein.  This work provides new mechanistic insight into two important dioxygenase 

enzymes as discussed below. 

 TauD Structural Studies.  The structure studies of TauD not only elucidated the active 

site of the enzyme, but also provided a basis for mutagenic studies that explore the iron 

coordinating residues in terms of functionality and the method of oxygen activation.  Members 

of the α-ketoglutarate dependent dioxygenase family retain the 2-his 1-carboxylate facial triad 

coordination sphere for iron, however the choice of the carboxylate is not trivial.  When the 

aspartic acid coordinating the iron is mutated to glutamic acid the enzymatic activity is silenced.  

Since the change in carboxylate inactivated the enzyme it is likely that the choice of carboxylate 

preserves the active site geometry and fold. 

 Structural studies of TauD have also implicated the importance of quaternary structure in 

the functionality of the α-ketoglutarate dependent dioxygenase family.  Two possible dimeric 

organizations have been presented in the literature (28).  The presence of the two-fold axis of 

symmetry and a hydrophobic core that extends from the dimerization site to the active site along 
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with evidence that water is completely excluded from the dimerization site presented in this work 

all suggest that the dimer that we have observed is the correct dimer. 

 Self-Inactivation of TauD and CDO.  A number of chromophores have been noted for 

TauD that are reported to coincide with metal to ligand exchange and enzyme inactivation.  This 

inactivation was initially thought to be irreversible, however treatment with ascrobic acid was 

found to recover enzymatic activity (16).  Therefore, it is likely that the inactivation resulted 

from the oxidation of the ferrous iron and upon reduction of the iron the enzyme was able to 

recover activity. 

 Because dioxygenases activate molecular oxygen either in the presence or absence of 

substrate, it is not unlikely that the enzyme would react in the absence of substrate.  Evidence of 

reactivity in the absence of substrate is reported in all of the CDO structures (49, 55, 94).  The C-

Y adduct is the result of the enzyme turning over in the absence of substrate in the crystallization 

conditions.  Alternatively, it has also been suggested that this C-Y adduct is involved in the 

reaction mechanism and is utilized in the stabilization of reaction intermediates (49, 55, 94). 

However, until the substrate binding site is located and the residues involved in substrate binding 

are evaluated, the potential role of this adduct in catalysis can be speculated at best.  

 The presence of the C-Y adducts in the structures of CDO and the reported self- 

inactivation of TauD raise important questions regarding regulation of dioxygenases.  While the 

inactivation of TauD is reversible, a mechanism for the degredation of CDO was thought to be a 

form of irreversible inactivation (36).  During the purification of recombinant human CDO, two 

variants were noted, a 23 kDa form and a 25 kDa form.   Bacteria possess ATP dependent 

proteases and since the overexpression of CDO would lead to an abundance of CSA, it is likely 

that CSA is shunted down an alternate pathway to form pyruvate.  The excess pyruvate entering 
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the TCA cycle will result in an abundance of ATP that would activate ATP dependent proteases 

that in turn cleave proteins on the carboxy terminal end readying them for destruction.  In CDO 

the hypothesized cleavage site is H183.  This region of the protein is associated with the 

hypothesized binding pocket of L-cysteine (55).  Therefore cleavage of this region may destroy 

the binding pocket thereby inactivating the enzyme. 

 The Importance of Studying Human CDO.  The cloning and expression of recombinant 

human CDO is new research.  Previously the only work done on this pathway was in rat and 

mouse enzymes.  Successful expression of this enzyme highlighted the factors necessary in 

stabilizing the enzyme, predominantly the requirement for sodium chloride in the purification 

buffer.  Interestingly, the human enzyme tends to be much more stable than the rat or the mouse 

enzyme.  The proteins previously purified were concentrated to levels of only 10 mg ml-1.  The 

human enzyme can be concentrated to well over 200 mg ml-1 with sodium chloride present in the 

buffer at a concentration of 100mM.   

 The iron coordination site that is reported in the literature highly suggests an end-on 

method of oxygen activation (55).  It is also noted in the literature that copper can be substituted 

for iron however the substitution markedly lowers the level of activity (49).  This may make it 

possible to conduct structural studies to trap oxygen in the active site to elucidate the method of 

oxygen activation.    

 The Future of Dioxygenase Research and Cardiovascular Disease.   Two areas of 

research work hand in hand to understand the underlying causes of cardiovascular disease, iron 

metabolism and mononuclear non-heme iron dioxygenases.  The study of mononuclear non-

heme iron dioxygenases is inherently dependent on iron metabolism and a falter in one will 

ripple an effect to the other.   
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 It is known that family medical history is one of the most powerful tools in medicine to 

predict cardiovascular disease.  This information given to a biochemist sends us searching for 

genetic markers.  The cardiac pathology study by Huxtable et al. (8, 9) implicating altered 

taurine concentrations in cardiomyopathy lead us to look for this genetic predisposition in one of 

two areas, taurine biosynthesis or taurine recovery.   Loss of taurine through urine has not been 

associated with any patients with notable family medical history of cardiovascular disease (89).  

With this information in hand the search is limited to taurine biosynthesis in the heart, brain, and 

liver.  Normally mouse and rat models are sufficient in the study of proteins associated with 

human disease. However since there are significant differences between the stability of these 

models and the human model, it is important to study the human protein to look for the subtle 

nuances that may affect protein activity and over time lead to cardiovascular disease.   

 Many on-going studies are investigating the expression of CDO and CSAD.  The studies 

are finding that diet is the main regulator of CDO expression (34, 43, 95-99).  Therefore CDO 

activity, or lack thereof, in patients genetically predisposed to cardiovascular disease must be 

explored.  Isolation of CDO from cardiac tissue in patients that have suffered from 

cardiovascular disease will provide information on possible mutations in CDO that may serve as 

genetic markers.   

 Errors in iron insertion into CDO may render the successfully expressed CDO inactive.  

Purifying CDO from cardiac tissue and measuring the concentration of iron bound would be 

difficult in lieu of the transient environment of the metal coordination sphere.  It would be 

logical to assume that if iron insertion was the primary problem that other iron binding enzymes 

with tighter coordination would suffer as well.  Evalutaion of cardiac tissue will be the only 
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means by which we will be able to reject the hypothesis of CDO mutations as genetic markers in 

cardiovascular disease.   
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APPENDIX A 

INSIGHT INTO THE MECHANISM OF THE B12-INDEPENDENT GLYCEROL 

DEHYDRATASE FROM CLOSTRIDIUM BUTYRICUM; PRELIMINARY BIOCHEMICAL 

AND STRUCTURAL CHARACTERIZATION.2

                                                           
2 O’Brien, J, R, Raynaud, C, Soucaille, P, and Lanzilotta, WN.  Biochemistry. 2004 Apr 27;43(16):4635-45
 Reprinted here with permission of publisher. 
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Abstract 

 The molecular characterization of a B12-independent glycerol dehydratase from 

Clostridium butyricum has recently been reported (Raynaud et al. P.N.A.S. (2003) 100, 5010-

5015).  In this work, we have further characterized this system by biochemical and 

crystallographic methods.  Both the glycerol dehydratase (GD) and the GD-activating enzyme 

(GD-AE) could be purified to homogeneity under aerobic conditions.  In this form both the GD 

and the GD-AE were inactive.  A reconstitution procedure, similar to what has been reported for 

pyruvate formate lyase activating enzyme (PFL-AE), was employed to reconstitute the activity 

of the GD-AE.  Subsequently, the reconstituted GD-AE could be used to reactivate the GD under 

strictly anaerobic conditions.  We also report here the crystal structure of the inactive GD in the 

native (2.5 Å resolution Rcryst = 17 %, Rfree = 20 %), glycerol-bound (1.8 Å resolution Rcryst = 21 

%, Rfree = 24 %), and 1,2-propanediol-bound (2.4 Å resolution Rcryst = 20 %, Rfree = 24 %) form.  

The overall fold of the GD monomer was similar to what has been observed for pyruvate formate 

lyase (PFL) and anaerobic ribonucleotide reductase (ARNR), consisting of a 10-stranded β/α 

barrel motif.  Clear density was observed for both substrates and a mechanism for the 

dehydration reaction is presented.  This mechanism clearly supports a concerted pathway for -

OH group migration through a cyclic transition state that is stabilized by partial protonation of 

the migrating -OH group.  Finally, despite poor alignment (RMSD ~ 6.8 Å) of the ten core 

strands that comprise the barrel structure of the GD and PFL, the C-terminal domains of both 

proteins align well (RMSD ~ 0.7 Å) and have structural properties consistent with this being the 

docking site for the activating enzyme.  A single point mutation within this domain, at a strictly 

conserved arginine residue (R782K) in the GD, resulted in formation of a tight protein-protein 

complex between the GD and the GD-AE in vivo, thereby supporting this hypothesis. 
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Radical-catalyzed reactions in biological systems are of great significance.  In particular, 

the arrival of the genomic and proteomic era, coupled with advances in scientific methods and 

technology, has had a dramatic impact on our understanding of protein radicals in catalysis.  

Among one of the most recent developments is the recognition of a new superfamily of enzymes 

that utilizes S-adenosylmethionine (SAM) in place of adenosylcobalamin (B12) to catalyze 

radical reactions at enzymatic sites (For reviews see refs. (1-4).  Despite intensive biochemical 

and spectroscopic investigation, the exact chemical details of radical generation in this new 

superfamily, termed the “radical SAM” superfamily (5), remains unclear.  Similar to the B12-

dependent reactions, this new superfamily of enzymes has been identified in all kingdoms of life 

and has been shown to catalyze a diverse array of chemical reactions of significant medical and 

biotechnological importance (5).  It has been further suggested that the diversity of chemical 

reactions catalyzed by this new superfamily exceeds those catalyzed by B12 (1).  Although 

different enzymes in the radical SAM superfamily appear to require different cofactors specific 

to their “primary” metabolic substrate, it appears that a common mechanism is at work in the 

generation of the initial radical species.  The cofactors required for this common activation 

mechanism are a [4Fe-4S]1+ cluster (formally three Fe2+ and one Fe3+) and S-adenosylmethionine 

(SAM).  This catalytic cluster is similar to the cluster found in aconitase in that one iron is 

uncoordinated.  The role of this open coordination site has been demonstrated by both 

spectroscopic and crystallographic methods and is to coordinate the SAM prior to reductive 

cleavage (6,7).  Reductive cleavage of SAM results in the transient formation of a 5’-

deoxyadenosyl radical (8,9).  While this is reminiscent of the B12 reaction mechanism, the exact 
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chemical details are not well understood as this radical is highly reactive and rapidly transferred 

to the active site where conversion of the primary metabolic substrate can proceed. 

Two areas of intense research have been initiated to investigate 1) the mechanism of 

radical generation by the Fe-S cluster and SAM as well as 2) the general mechanism of radical 

transfer and catalysis during the conversion of the primary substrate to product.  For some radical 

SAM systems, all the components necessary for activation and conversion of the primary 

metabolic substrate are found within a single poly-peptide.  In contrast, some systems require an 

additional enzyme for the initial radical generation.  Of particular interest to this work are 

anaerobic ribonucleotide reductase (ARNR) and pyruvate formate lyase (PFL).  In these radical 

SAM systems, the activating enzyme contains the catalytic [4Fe-4S] cluster and the SAM 

binding site, while the enzyme proper contains the active site for the prime metabolic substrate.  

Details regarding the complex formed between these two enzymes are essential to completing an 

accurate description of the activation mechanism and the mechanism of radical transfer. 

 One reaction that has, until most recently, been shown to be exclusively catalyzed by B12 

is the dehydration of glycerol to 3-hydroxyl-propionaldehyde (3-HPA).  In most systems the 

subsequent reduction of 3-HPA to 1,3-propanediol (1,3-PD) is catalyzed by a NADH-dependent 

reductase.  The bacterial conversion of glycerol to 1,3-PD has become of significant interest due 

to the recent development of a new polyester called poly(propylene terephtalate).  The polymer 

is essentially made by substituting 1,3-PD for ethylene glycol in producing polyester and results 

in a new fiber with superior properties (10,11).  However, chemical processes for producing 1,3-

PD involve toxic intermediates and chemical conversion under dangerous and expensive 

conditions.  Not too surprisingly several patents have recently been filed that describe 

environmentally friendly approaches for conversion of renewable resources such as glucose to 
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1,3-PD (12,13).  All of these approaches utilize recombinant microorganisms expressing the 

appropriate genes to convert a renewable resource, such as glucose, to 1,3-PD.  The penultimate 

step of this pathway is the dehydration of glycerol to 3-HPA.  The mechanism of both the B12-

dependent glycerol and diol dehydratases has been extensively studied and is fairly well 

understood (14).  A severe limitation of the B12-dependent glycerol and diol dehydratases is their 

rapid inactivation during enzyme turnover with glycerol (15-18).  This limitation is overcome in 

the native organism by the presence of a reactivase enzyme that couples the energy of MgATP 

hydrolysis to the exchange of inactivated cofactor with new coenzyme B12 (19).  Presently, 

engineered strains carrying the B12-dependent system do not contain the reactivase, the 

inactivation problem is therefore overcome by the addition of excessive amounts of vitamin B12 

to the culture medium.  An exciting alternative has been presented by Raynaud et al. through 

their identification and molecular characterization of a B12-independent glycerol dehydratase 

system from the strict anaerobe Clostridium butyricum.  Similar to the B12-dependent glycerol 

dehydratases, this system was also capable of dehydrating 1,2-propanediol to propionaldehyde in 

addition to glycerol dehydration (20).  Further sequence analysis of this operon suggested that 

this system was also a member of the radical SAM superfamily.  Specifically, that this system 

was similar to PFL in that it contained genes for the glycerol dehydratase (GD) as well as a 

glycerol dehydratase activating enzyme (GD-AE). 

 In order to further advance our understanding of the radical SAM superfamily as well as 

accurately describe a mechanism for the B12-independent dehydration of glycerol, we have 

further isolated the B12-independent GD and GD-AE.  We report here the preliminary 

biochemical properties of this system as well as the crystallographic models for the radical-free 

form of the GD in the absence of substrate and with the substrates glycerol and 1,2-propanediol 
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bound.  A detailed mechanism for the B12-independent dehydration of glycerol is presented.  In 

addition, the ability to follow the activity of the system in vivo and rapidly isolate either 

component has led to the identification of a single point mutation in the GD that forms a tight 

complex with the GD-AE.  Taken together, the work presented here provides the first direct 

evidence for the site of complex formation in the two-component radical SAM systems and the 

first look at the atomic factors that catalyze B12-independent glycerol dehydration in biology. 

EXPERIMENTAL PROCEDURES 

Plasmid Preparation and Enzyme Expression.  The polycistronic plasmids used for co-

expression of the glycerol dehydratase (GD) and the glycerol dehydratase activating enzyme 

(GD-AE) from Clostridium butyricum were prepared as previously described (20), except that an 

additional eleven residues (MWSHPQFEKRS) were added to the N-terminus of either the GD 

(plasmid pST11) or the GD-AE (plasmid pST12).  This epitope is more commonly known as the 

Strep-Tag™ (IBA, Göttingen Germany) and is used for affinity purification.  Similar to their 

parent plasmids (pSPD5 and pIMP1), the expression plasmids also carry the dhaT gene that 

codes for the 1,3-propanediol dehydrogenase.  Consistent with what has also been previously 

reported (20), conversion of glycerol to 1,3-propanediol was observed during the anaerobic 

growth of Escherichia coli cells harboring either of these plasmids. 

While the pST11 plasmid was sufficient for the isolation of the GD (~10 mg of pure 

enzyme from 20 g  of wet cell paste), relatively small amounts of the GD-AE were obtained 

using the pST12 plasmid (<1 mg of pure enzyme from 50 g wet cell paste).  In order to obtain 

better expression of the GD-AE, the dhaB2 gene was amplified using PCR methods and the 

primers were designed to incorporate a NheI and HindIII restriction site at the 5’ and 3’ end of 

the gene respectively.  The PCR product was then subcloned into the commercially available 
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expression vector pTRCHisA (Invitrogen Corporation, Carlsbad, CA).  Instead of the Strep-Tag, 

this vector incorporates a 6x poly His tail at the N-terminal end of the GD-AE. 

Purification of the GD.  The following procedures could be performed under either 

aerobic or anaerobic conditions.  If the procedure was performed under anaerobic conditions then 

E. coli cells harboring the pST11 plasmid were grown on LB media supplemented with 

nitrilotriacetic acid (200 mg·L-1), FeSO4 (50 mg·L-1), K2HPO4 (0.5 g·L-1), Na selenate (30 μg·L-1) 

and glycerol (40 g·L-1).  A 50 mL overnight culture was used to inoculate a 2000 mL culture that 

was contained in a 4000 mL glass carboy.  Following inoculation, the carboy was sealed with a 

screw cap and the culture was incubated at 34°C and 110 rpm for 18 hours.  The cells were 

harvested anaerobically by centrifugation and stored at -80°C.  In addition, for anaerobic 

purifications, all buffers were made anaerobic by several rounds of degassing and flushing with 

oxygen-scrubbed argon and contained 1 mM Ti(III)citrate.  All subsequent purification 

procedures were then performed in a glove box under an atomosphere of 95 % nitrogen and 5 % 

hydrogen.   

Approximately 50 g of wet cells were resuspended in 350 mL of buffer containing 150 

mM NaCL, 2 mM TCEP, and 50 mM TRIS pH 8.0 (Buffer A).  Cells were then broken at 16,000 

psi using a French press.  The pellet was then discarded and 5 mg of avidin (Sigma, St. Louis 

MO) was added to the supernatant.  The supernatant was then gently stirred for an additional 30 

minutes at 4 ° C before being centrifuged at 10,000 x g for 10 minutes.  This supernantant was 

passed through a Strep-Tactin® sepharose (IBA, Göttingen Germany) column that had been 

equilibrated with buffer A.  Once the supernatant was loaded onto the column, the column was 

then washed with 20 volumes of buffer A.  Buffer A containing 2.5 mM d-desthiobiotin (Sigma, 
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St. Louis MO) was then used to elute the bound protein.  Purified protein was then exchanged 

into fresh buffer A and concentrated to 10 mg/mL. 

Isolation and reconstitution of the GD-AE.  Inactive GD-AE was isolated using the 

Talon™ metal affinity resin (Clonetech, Palo Alto CA).  50g of wet cells were resuspended in 

buffer containing 20% 1,2-propanediol, 100 mM HEPES pH 7.5, and 100 mM KCl (Buffer B).  

The resuspended cells were broken using a French press at 16,000 psi and centrifuged at 50,000 

x g for one hour.  The supernatant was then applied to affinity resin equilibrated with buffer B.  

The column was then washed with 20 column volumes of buffer B and the bound GD-AE was 

eluted with buffer B containing 150 mM imidazole.  Isolated enzyme was immediately degassed 

on an argon manifold and concentrated to 1-2 mL.  In this form the GD-AE was unable to 

activate the GD. 

In order to reconstitute the GD-AE activity we employed the same procedure used for 

PFL-AE (21) except that the Mops buffer was replaced with HEPES and the reconstitution buffer 

also contained 20 % 1,2-propanediol.  An incubation time of 12 hours was used for 

reconstitution and the reconstituted GD-AE was separated from excess iron and sulfide by 

passage through a sephadex G25 column equilibrated with 100 mM HEPES pH 7.5, 100 mM 

KCl, 2 mM mercaptoethanol and 2 mM sodium dithionite.  The reconstituted GD-AE was 

concentrated to 1 mL.  Typical yields for the entire isolation and reconstitution procedure were 

20 mg of GD-AE from 50 g of wet cell paste.  All enzymes used in this study were homogeneous 

as judged by SDS-PAGE and their concentrations were determined by a modified biuret method 

(22). 

Activation of the GD by the GD-AE.  It has been previously reported (20) that this system, 

like the B12-dependent glycerol dehydratases, can also catalyze the dehydration of 1,2-
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propanediol to propionaldehyde.  In order to test the ability of the GD-AE to reactivate the GD, 

we modified a procedure that had been previously reported (20).  The assay was performed under 

strictly anaerobic conditions in sealed quartz cuvettes at 25 ° C and the final assay volume was 

0.5 mL.  The assay solution contained 5 % 1,2-propandiol, 100 mM HEPES pH 7.5, 1.13 �M 

GD, 1 mg/mL yeast alcohol dehydrogenase (YADH) (Sigma Chemical Companay, lot# 

070K7432), 220 µM NADH and 2 mM sodium dithionite.  This solution was prepared with and 

without 5 mM SAM.   Prior to initiating the assay, the spectrophotometer was blanked against 

buffer containing 100 mM KCl, 100 mM HEPES pH 7.5, and 2 mM sodium dithionite.  The 

assay was initiated by addition of varying amounts of purified GD-AE and the absorbance at 340 

nm was monitored.  The GD-AE used in this study was purified as described above and 

concentrated to a final concentration of 18 mg·mL-1 prior to being used in the assay. 

 Crystallization of the GD.  The best diffracting crystals of the GD were obtained using 

aerobically prepared protein and a precipitating solution containing 200 mM tri-ammonium 

citrate pH 7.0 and 10 % PEG 3350.  Diffraction quality crystals could be obtained under 

anaerobic or aerobic conditions using either the capillary batch or hanging drop methods.  

Crystals of the GD belonged to the space group C2221 and had unit cell dimensions of a=104, 

b=212, and c=199 Å (See Table A.1).  These crystals were taken to be the substrate free GD 

crystals.  These crystals could be soaked with up to 20% glycerol (glycerol-bound crystals) or 

20% 1,2-propanediol (1,2-propanediol bound crystals) without any significant changes in the 

diffraction quality.  For data collection on the native or substrate-free form of the enzyme, 

crystals were mounted in quartz capillaries and data was collected at room temperature. 

Data Collection, Phasing, Model Building, and Refinement.  Data for the substrate-free 

GD and the 1,2-propanediol bound form of the GD were collected at the University of Georgia 



 72 

on a Rigaku RU-200 rotating anode equipped with Osmic focusing mirrors and a R-axisIIc 

image plate detector.  Data for the glycerol-bound form of the GD were collected at the advanced 

light source (ALS, Berkeley CA) on beamline 8.2.2.  All data were processed using HKL2000 

(23) and the CCP4 suite of programs (24).  While both glycerol and 1,2-propanediol are 

excellent cryo-protective agents, we were interested in comparing the data between the substrate-

free enzyme and the glycerol- or 1,2-propanediol-bound enzyme.  Therefore in order to collect 

data for both the substrate-free and a mercury derivative, data was collected at room temperature 

on crystals mounted in quartz capillaries.  Under these conditions about 30 frames worth of data 

could be collected before the diffraction deteriorated.  Five different crystals were used to 

complete the data sets for both the native (substrate-free) and Hg derivative data sets.  A heavy 

atom derivative was used for phasing because, despite the conserved sequences shared between 

PFL and the GD (~23.0 % identical), attempts to obtain phases by molecular replacement were 

unsuccessful.  Due to the high cysteine content of the GD (14 cysteines per monomer) a single 

Hg derivative was sufficient to obtain phase information good to 2.5 Å resolution, and therefore 

no phase extension was required prior to model building and refinement (Table A.1).  

Subsequent rounds of model building and refinement were performed using the programs O (25) 

and CNS (26).  All graphical representations of structural elements were made using the 

programs molscript (27), Bobscript (28), and Raster3d (29). 
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Table A.1:  Data Collection, Phasing Statistics, and Refinement Statistics for the Native 

Glycerol Dehydratase and Its Substrate-Bound Forms.   aRsym = ∑hkl[∑I(|Ihkl,I - <Ihkl>|)] / ∑hkl,I 

<Ihkl>, where Ihkl is the intensity of an individual measurement of the reflection with indices hkl 

and <Ihkl> is the mean intensity of that reflection.  bThe numbers in parenthesis refer to the outer 

resolution bin used in data processing.  cThe numbers refer to cell edges a, b, and c.  The space 

group is C2221 so all angles are 90°. 

 

   native glycerol-free glycerol-bound 1,2-propanediol-bound Hg-derivative 
number of crystals used 5   1  1   5 
wavelength (Å)  1.54   0.98  1.54   1.54 
resolution range (Å) 50.0-2.5   50.0-1.8  50.0-2.4   50.0-2.5 
unique observations 74,994   199,038  83,330   73,024 
total observations  427,249   1,002,737 491,798   422,078 
completeness (%)  98.6(93.5)b  99.5(96.5) 98.0(90.8)  96.9(90.3) 
Rsym (%)a  9.9(38.5)  8.3(28.2) 9.6(31.2)  12.7(44.7) 
I/σ   29.7(2.2)  26.7(3.3) 20.0(3.2)  27.8(1.7) 
Rcullis (cen/acen/anom)         0.84/0.80/0.81 
phasing power (cen/acen/anom)        1.24/1.47/1.45 
isomorphous difference (%)        27.8 
number of sites          8 
model   substrate-free  glycerol-bound  1,2-propanediol-bound 
unit cellc   103.4 212.9 199.4 103.0 213.4 199.5 102.6 212.3 198.7 
protein atoms  12,370   12,390   12,392 
solvent atoms  511   969   696 
resolution limits  50.0-2.5   50.0-1.8   50.0-2.4 
Rcryst (%)  17.1   21.7   19.8 
Rfree (%)   20.3   23.8   23.5 
rmsd bonds (Å)  0.005   0.005   0.005 
rmsd mainchain angles (°) 1.21   1.21   1.19 
average B factor (Å2) 28.4   31.1   27.0 

 

 

RESULTS AND DISCUSSION 

Isolation of the Glycerol Dehydratase (GD) from C. butyricum and Activation of the GD 

by the GD-AE.  Expression and isolation of the GD could be performed under both aerobic and 

anaerobic conditions.  However, as was previously reported by Raynaud et al., in order to 

observe any activity in vivo or in crude extracts, E. coli cells expressing both the GD gene 
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(dhaB1) and the GD-AE gene (dhaB2) had to be grown under strictly anaerobic conditions using 

a modified media containing glycerol (20).  Using the Strep-tactin® sepharose affinity resin, the 

GD could be isolated from aerobically grown cells under aerobic conditions or anaerobically 

grown cells under anaerobic conditions.  However, if an aliquot of the elution fraction from 

anaerobically prepared enzyme was removed from the glove box and immediately exposed to air, 

then a cleavage product was observed.  This is shown in Figure A.1 and is reminiscent of the 

oxygenolytic cleavage of activated PFL (30).  Therefore, in order to insure that we had a 

homogenous population of enzyme for crystallization trials, all of the GD used in the 

biochemical and crystallographic work was expressed and purified by aerobic methods.  In this 

state the enzyme is inactive, presumably because it does not contain the active site radical.  The 

aerobic isolation of the GD-AE is also shown in Figure A.1. 
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Figure A.1:  Isolation of the GD and the GD-AE.  Panel A;  Isolation of recombinant GD under 

aerobic conditions and the affect of oxygen exposure on activated enzyme.  Lane 1.  Molecular 

weight markers.  Lane 2.  Crude extract from areobic preparation.  Lane 3.  Flow-through from 

Strep-Tactin® sepharose column (aerobic preparation).  Lane 4.  Wash fraction after 10 column 

volumes of buffer A (aerobic preparation).  Lane 5 and 6.  First and Second elution fractions 

using buffer A containing 2.5 mM d-desthiobiotin (aerobic preparation).  Lane 7.  GD isolated 

under strictly anaerobic conditions from anaerobically grown E. coli expressing both the GD and 

the GD-AE after a five minute exposure to air.  Panel B;  Isolation of recombinant GD-AE under 

aerobic conditions.   Lane 1.  Molecular weight markers.  Lane 2.  Crude extract.  Lane 3.  Flow-

through from Talon™ metal affinity resin during the load.  Lane 4.  Wash fraction after 10 

column volumes of buffer B.  Lane 7.  Elution fraction using buffer B containing 150 mM 

imidazole. 
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In order to test whether or not the GD used in this investigation could be activated by the 

GD-AE, we developed a simple assay based on the observation of Raynaud et al. that the system 

was also capable of dehydrating 1,2-propanediol to propionaldehyde.  This is a coupled assay 

that utilizes a ten-fold excess of yeast alcohol dehydrogenase (YADH) to catalyze the NADH-

dependent conversion of propionaldehyde to 1-propanol.  The coupled reaction is monitored at 

340 nm and the results from these preliminary studies are shown in Figure A.2.  Following the 

addition of the GD-AE, a delay was observed prior to a decrease in the absorbance at 340 nm.  

No decrease was observed if either SAM or the GD-AE was excluded from the assay.   

 

 

 

Figure A.2:  S-adenosylmethionine (SAM) dependent activation of the GD by the GD-AE.  

The coupled assay was performed as described in the Experimental Procedures.  The absorbance 

at 340 nm was monitored to follow the NADH-dependent reduction of propionaldehyde formed 

by GD-catalyzed dehydration of 1,2-propanediol (+SAM trace).  No change in the absorbance 

was observed if SAM was left out of the assay solution (-SAM trace).  Inset;  The affect of the 
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GD-AE concentration on activation of the GD.  The specific activity was calculated from the 

maximum slope of the coupled assay using 6.2 mM-1 cm-1 as the molar extinction coefficient for 

NADH. 

 

Interestingly, the maximum activity was achieved once the GD-AE:GD ratio exceeded 

10.  Two important pieces of information must be considered in interpreting our data.  First, our 

assay does not utilize the light-activated reductant 5’-deazariboflavin, as has been routinely used 

for PFL-AE (21).  Second, it has been shown that activation of PFL by the PFL-AE requires an 

intact [4Fe-4S]1+ cluster to catalyze the reductive cleavage of SAM and generate the catalytic 

radical on PFL (31).  At this time, we do not know if sodium dithionite is sufficient for reduction 

of the catalytic Fe-S cluster in the GD-AE.  Moreover, at the present time we do not know if the 

reconstitution procedure has restored the catalytic Fe-S cluster in 100 % of the apo GD-AE.  In 

addition, the sequence of the GD-AE suggests that a second cluster is also present in the enzyme 

(20).  The exact role of this second cluster has not been characterized in any radical SAM 

system.  However, it should be noted that a second cluster binding site has also been identified in 

the sequences of TutE and BssD, these are also radical-SAM enzymes involved in the benzyl 

succinate synthase system from two Thauera species (32,33).  We are currently investigating the 

properties of the activated GD-AE to address these issues.  What can be said is that the 

reconstituted GD-AE can catalytically re-activate the GD in a SAM-dependent manner.  A 

maximum specific activity for the GD of 1.56 + 0.09 mmoles·min-1·mg-1 is obtained when the 

ratio of GD-AE to GD exceeds ten in our assay.  Because glycerol is both a good substrate and a 

potent inhibitor of the B12-dependent glycerol dehydratase (34), a comparison of the 1,2-

propanediol dehydratase activity in the two systems is valid.  Interestingly, the specific activity 
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we have observed for the B12-independent system is approximately thirteen times that of the B12-

dependent glycerol dehydratase (35).  Moreover, this specific activity also exceeds that typically 

reported for the B12-dependent diol dehydratases (15,16,36).  The biochemical parameters for 

glycerol dehydration are currently being pursued by this laboratory using purified DhaT in place 

of YADH in the coupled assay.   

Overall Structure of the Glycerol Dehydratase Monomer.  In order to provide a solid 

foundation for future biochemical and biophysical investigations, we have determined the crystal 

structure of the B12-independent GD in the native, glycerol-bound and 1,2-propanediol-bound 

forms.  In all of the structures reported here the complete translated peptide (residues 2-787) is 

clearly visible in the electron density.  The overall structure of the GD is shown in Figure A.3.  

Similar to PFL and ARNR, the GD monomer forms a core 10-stranded β-barrel motif that is 

assembled in an antiparallel manner from two parallel five-stranded β-sheets.  This β-barrel core 

is entirely surrounded by a α-helices as was also reported for PFL and ARNR and has been 

termed a β/α-barrel structure.  Despite the observation of a highly conserved core, if the ten 

strands that compose this motif are aligned between PFL (PDB ID 1H16) and the GD, then a root 

mean square deviation (RMSD) of 6.8 Å is obtained for the backbone α-carbon atoms.  In 

addition to the significant variation in the core motif, there are also dramatic differences in the 

number and position of the surrounding helices.  If the conserved helical regions are also 

included in this alignment the RMSD for backbone α-carbon atoms is substantially worse (>8.0 

Å).  A substantial finding of this work is the observation that the only region of the GD that 

aligns well with PFL is the C-terminal domain (exploded view, Figure A.4, Panel A).  For PFL 

and the GD this includes residues 731-782 (GD) and residues 702-754 (PFL) respectively.  

Alignment of this domain results in an RMSD of 0.7 Å for the backbone α-carbon atoms.  This 
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domain is highlighted in yellow in Figure A.3 and contains the radical glycine loop, a small anti-

parallel sheet section and four helices.  Notably, two of the helices are on the surface of the 

enzyme.  This domain can therefore be described as extending from the surface of the protein to 

the substrate binding site at one end of the 10-stranded β-barrel. 

 

 

Figure A.3:  Overall fold of the glycerol dehydratase (GD) monomer and the proposed 

biological dimer.  Helices are shown as purple cylinders, sheet structure is represented by green 

strands, and random coil is represented by orange coils.  The topology of the C-terminal region 

(Residues 731-787) is represented similarly, but is colored yellow in the monomer and dimer 

representations.  Panel A.  Overall topology of the monomer and exploded view of the C-

terminal region of the enzyme.  Panel B.  The proposed biological dimer of the GD, for clarity 

monomer 1 and monomer 2 are labeled. 
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Oligomeric Structure and a Potential Site for Binding of the Activating Enzyme.  Similar 

to the most recent model of PFL (37), our GD crystals also belong to the space group C2221 and 

contain two monomers in the asymmetric unit.  Like PFL, the two monomers are related by a 

nearly perfect two-fold rotation and represent the closest contact between any two monomers in 

the unit cell with a buried surface area that exceeds 1000 Å2 per monomer.  Consistent with what 

has been proposed for PFL, we propose that this arrangement also represents the biological 

dimer (monomer 1 and 2 in Figure A.3, Panel B).  Further efforts to investigate whether or not 

the GD exists as a dimer in solution and whether or not this oligomeric arrangement has any 

impact on function are currently being pursued by this laboratory.  However, if this is the correct 

biological dimer than the C-terminal domain of each monomer is found on the opposite side of 

the dimer interface.  One significant property that both the GD and PFL have in common is that 

they must be activated by another enzyme.  This involves docking of the activating enzyme and 

therefore a significant unanswered question is “where is the site of complex formation?”  Given 

i) the overall structural similarities of PFL and the GD, ii) the observation that a similar 

reconstitution procedure can be used to reconstitute the PFL-AE as well as the GD-AE, and iii) 

the observation that the only region of PFL and the GD that aligns well is the C-terminal domain, 

we propose that this is the site of complex formation between the activating enzyme and the 

enzyme proper in both systems.  To further examine this hypothesis, a sequence and structural 

alignment of this domain between PFL and the GD is shown in Figure A.5.  All of the side 

chains that are shown in Figure 4 are strictly conserved between PFL and the GD and are further 

found in identical conformations in both crystallographic models.  Of particular interest is the cis 

conformation of the strictly conserved glycine residue.  Another noteworthy residue that is 

strictly conserved in sequence and structure is R782 in the GD (R753 in PFL).  In the structure of 
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the GD and PFL this residue extends inward from the C-terminal helix to form a hydrogen bond 

with the backbone carbonyl of a residue that is only two amino acids away from the active site 

glycine (Dashed lines Figure A.4, ~2.9 Å).  Again, in both crystallographic models this 

interaction is further stabilized through a salt bridge to an acidic residue found within the same 

C-terminal helix.  The distance from the surface of the GD to the active site along this pathway is 

~17 Å, however in both the PFL and the GD models, a substantial amount of water molecules 

are clearly seen on the interior side of this helix.  This observation may suggest that this helix 

moves during activation.  Further evidence for this hypothesis comes from the single point 

mutation R782K in the GD. 
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GD  731-GFHVQFNVIDKKILLAAQKNPEKYQDLIVRVAGYSAQFISLDKSIQNDIIART-

783 

PFL 703-

GQHLNVNVMNREMLLDAMENPEKYPQLTIRVSGYAVRFNSLTKEQQQDVITRT-754 

 

 

Figure A.4:  Sequence and structural comparison of the C-terminal domains of PFL and 

the GD.  Identical residues are colored red and similar residues are colored blue in the sequence 

alignment.  The structural topology of residues in the sequence alignment is shown in a cross-

eyed stereo view with PFL colored green and the GD colored yellow.  The side chains of strictly 

conserved residues in the GD model are represented in ball and stick with the carbon atoms 

colored light brown, oxygen atoms colored red and nitrogen atoms colored blue.  The side chain 

of R782 comes within 3.0 Å of the backbone carbonyl oxygen of residue 761 (dashed line). 
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During our initial attempts to construct the pST12 plasmid, a single point mutation was 

serendipitously introduced in the GD gene and sequence analysis confirmed that AAG was 

substituted for AGG in the codon for residue 782.  Sequence analysis also confirmed that the 

sequence for the affinity-tagged GD-AE was correct.  Since the point mutation was on the GD 

and the Strep-Tag™ was on the GD-AE, we thought that this plasmid (pG782KGD-ST12) might 

still be useful for production of wild-type GD-AE as well as to investigate the impact of this 

point mutation on the in vivo activity of the glycerol dehydratase system.  Surprisingly, no 

activity could be detected in crude extracts or in vivo for this construct.  As was observed for the 

parent plasmids (20) reconstruction of this plasmid (without the R782K point mutation) resulted 

in full activity in vivo.  To further confirm that the loss of activity was due to the R782K point 

mutation in the GD and not the affinity tag on the N-terminus of the GD-AE, we have shown in 

Figure A.1 and Figure A.2 it is possible to isolate the affinity-tagged GD-AE and use it to 

activate the wild-type GD.  We then took a step backwards and attempted to isolate the GD-AE 

anaerobically from crude extracts of E. coli cells harboring the pR782KGD-ST12 plasmid that 

were grown under the conditions previously described (20).  The results of this purification are 

shown in Figure A.5.  Despite the fact that the affinity tag is on the GD-AE, both the GD and the 

GD-AE eluted from the column after washing the column with several column volumes of 

buffer.  These data suggest that a tight protein-protein complex has been formed in vivo as a 

result of the point mutation R782K on the GD.  This observation further supports our hypothesis 

that this region is the site of complex formation between the GD and the GD-AE.  The factors 

that are required to form the complex are currently being investigated by isolating the R782K 

GD and wild-type GD-AE independently and then initiating complex formation in vitro.  An 

exciting possibility is that the complex forms after electron transfer and radical generation and 
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that this arginine residue has a role in dissociation.  Structural and spectroscopic characterization 

of such a complex with the radical intact would be extremely valuable. 

 

                    

Figure A.5:  Isolation of a tight protein-protein complex between the GD-AE and the 

R782K GD in vivo.  Lane 1. Molecular weight markers.  Lane 2.  Crude extract from E. coli  

cells harboring the pR782KGD-ST12 plasmid.  Lane 3.  First wash fraction.  Lane 4.  Last wash 

fraction.  Lane 5.  Elution fraction. 

 

 

Substrate Binding.  Because both glycerol and 1,2-propanediol have been shown to be 

good substrates for the GD (20), the interaction of both of these substrates was investigated.  The 

binding mode of glycerol is shown in Figure A.6.   
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Figure A.6:  Cross-eyed stereoview of the active site with glycerol bound.  All atoms are 

represented by ball-and-stick models with the carbon atoms colored light brown, oxygen atoms 

colored red, nitrogen atoms colored blue, and sulfur atoms colored orange.  The green cage 

represents a fourier difference (Fo-Fc) map contored at 4σ using the observed glycerol-bound 

structure factors and the calculated phases from the substrate-free model. 

 

 

A number of hydrogen bonds position the glycerol molecule so that both of the terminal carbon 

atoms are each positioned 3.7 Å away from the γ-sulfur atom of the active site cysteine (C433).  

This residue is strictly conserved in PFL and ARNR.  For PFL, Kozarich and co-workers have 

shown that a thiyl radical is generated at this site as the result of hydrogen atom abstraction by 

the active site glycyl radical (38).  Comparison of the substrate-free and substrate-bound form of 

the GD suggests that there is some movement of the γ-sulfur atom of C433 towards the α-carbon 

atom of G763 as this distance is 4.4 Å in the substrate-free structure and 4.0 Å in the glycerol-

bound structure.  A thiyl radical on the γ-S atom of C433 would be perfectly positioned to 

abstract a hydrogen atom from either end of the glycerol.  The question that arises is then “which 
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end of the substrate is the site of hydrogen atom abstraction?”  This is easily answered by 

examining the binding mode of the alternative substrate 1,2-propanediol.  The binding mode of 

1,2-propanediol is shown in Figure A.7.  Of particular interest is the purple density, that 

essentially represents the missing –OH group when the 1,2-propanediol and glycerol data are 

compared.  These data clearly place the 1-OH group of 1,2-propanediol in a hydrogen bond with 

the carboxylic acid oxygen of E435 (2.6 Å).  At the opposite end of either substrate, a direct 

connection between the bulk solvent and the active site is observed.  This is accomplished 

through a series of hydrogen-bonded water molecules that extend from the side chain of D447 to 

the surface of the enzyme and into the bulk solvent. 

 

 

 

Figure A.7: Cross-eyed stereoview of the active site with 1,2-propanediol bound.  All atoms 

are represented by ball-and-stick models with the carbon atoms colored light brown, oxygen 

atoms colored red, nitrogen atoms colored blue, and sulfur atoms colored orange.  The green 

cage represents a fourier difference (Fo-Fc) map contored at 4σ using the observed 1,2-

propandiol-bound structure factors and the calculated phases from the substrate-free model.  The 

purple cage represents a fourier difference (Fo-Fc) map contored at 4σ using the observed 
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glycerol-bound structure factors and the calculated phases from the 1,2-propanediol-bound 

model. 

 

 

The Mechanism of B12-Independent Glycerol Dehydration.  Given the structural details 

revealed here and the extensive information available for the B12-dependent glycerol and diol 

dehydratases, a reasonable hypothesis for the B12-independent mechanism of glycerol 

dehydration can be surmised.  Given that the GD system is structurally similar to PFL and the 

observation that the activation of the GD by the GD-AE is SAM-dependent, we propose that the 

activation mechanism will be similar to PFL.  Specifically, that activation of the GD by the GD-

AE will result in a stable glycyl radical at G763 and that this radical will be in equilibrium with a 

thiyl radical at the γ-sulfur atom of C433.  Whether or not this is the case, and the mechanism of 

radical propagation from the GD-AE to the active site of the GD, is currently under 

investigation.  In particular, the observation that the key glycine residue is structurally conserved 

in the models of the GD, ARNR, and PFL would suggest that these enzymes will all share a 

common activation mechanism.  While PFL appears to require two cysteine residues (C418 and 

C419) for activity, only one of these residues (C419) is conserved in the sequence and structures 

of the GD and ARNR.  This would be equivalent to C433 in the GD and would represent the site 

of the thiyl radical.  Therefore our proposed mechanism for B12-independent glycerol 

dehydration is shown in Figure 8, and begins at the point where, by analogy with PFL, the active 

site glycyl radical has already abstracted a hydrogen atom from the γ-sulfur atom of C433. 

 The binding modes of the substrates examined here indicate that a thiyl radical at C433 

would be perfectly positioned to abstract the proS hydrogen atom from the C1 carbon of either 
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substrate.  A significant mechanism for lowering the activation barrier for this event may come 

from the resonance of the peptide bond between residue 433 and residue 434.  Since the amide 

proton of this peptide is hydrogen bonded to the acidic side chain of E435, the strength of this 

hydrogen bond is associated with the overall resonance of the peptide bond.  This will further 

have a direct impact on the hydrogen bond between the hydroxyl group of the substrate and side 

chain of E435 (See Figure A.8, Steps A & B).  At the present time it is not clear how this 

equilibrium might influence the initial abstraction of the hydrogen atom. 

 

              

 

Figure A.8:  Proposed mechanism of vitamin B12-independent glycerol dehydration by the 

Clostridium butyricum glycerol dehydratase. 

a b

c d
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 Although the B12-dependent reactions are quite diverse, all of them, except for the 

ribonucleotide reductase reaction, involve an intramolecular group transfer reaction.  In the case 

of the diol dehydratase reaction mechanism, this involves the overall migration of a hydrogen 

atom in exchange for the movement of the OH group in the opposite direction.  Due to the nature 

of these reactions, the mechanism of group migrations is difficult to study and has been the 

subject of considerable debate (Recently reviewed in (14).  In particular, it is difficult to get 

direct evidence for a specific mechanism from biochemical studies.  Therefore, model reactions, 

X-ray structures, and theoretical calculations have provided significant insight.  Of particular 

interest to this work is the proposal by Golding and Random (39) that the barrier in the 

intramolecular 1,2-shifts of an OH group, through a cyclic transition state, is reduced by 

protonation of the migrating OH group.  A significant problem is that the nature of an acid 

required to protonate this species would be outside the range of acidic groups found in proteins.  

Although the active site of an enzyme can modulate pKa values substantially, the pH at which the 

enzymes are functioning in general would indicate that the majority of the acidic groups would 

exist as –COO- and therefore the conjugate acids of the active site residues are more likely.  A 

Lewis acid such as K+ might also lower the energy of this transition state.  The latter proposal is 

consistent with the requirement for potassium in the B12-dependent dehydration of glycerol and 

the position of K+ and 1,2-propanediol in the binding site of the B12-dependent glycerol 

dehydratase model (35).  In both the glycerol and 1,2-propanediol bound forms of the B12-

independent GD presented here, we clearly see the interaction of two histidine residues with 

what would ultimately be the migrating OH group.  Because H164 is involved in a hydrogen 

bond with a backbone carbonyl it would better serve as the hydrogen bond acceptor for the OH 

group at the C2 carbon of substrate.  H281 is a hydrogen bond acceptor for the side chain amino 
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group of K323 and therefore would be better suited to serve as a conjugate acid for the 

stabilization of the transition state shown in Figure A.8, Panel C.  The nitrogen atom of H281 is 

also slightly closer to the migrating OH group in both the glycerol- and 1,2-propanediol-bound 

structures (2.8 Å compared with 3.0 Å).   This mechanism is further supported by computational 

results that indicate that the presence of imidazolium is effective for transition state stabilization 

in the absence of K+ (40).  In order for these histidine residues to maintain their interaction with 

this OH group, the product must reorient itself in the active site.  This would essentially amount 

to a 180 ° rotation that would place the 2° carbon radical in proximity to the γ-S atom of C433 

(Figure A.8, Panel D).  In this sense, the migration of the OH group is essential to regenerating 

the catalytic radical at the active site.  Whether or not the migration of this OH group is 

stereospecific, as has been shown for the B12-dependent glycerol and diol dehydratases, remains 

to be addressed. 

Summary.  In this work we present the first isolation and preliminary biochemical 

characterization of a B12-independent glycerol dehydratase.  The 1,2-propandiol dehydratase 

activity is significantly greater than what has previously been reported for the B12-dependent 

glycerol and diol dehydratases.  We also report the crystal structure for the B12-independent GD 

and show that it is similar to PFL in both structure and the SAM-dependent activation 

mechanism.  The observation that only the C-terminal domains of PFL and the GD crystal 

stuctures align, coupled with the observation that a single point mutation (R782K) in this domain 

results in the formation of a tight complex in vivo, provides support for our hypothesis that this is 

the binding site for the activating enzyme.  Further crystallographic analysis of the binding 

modes of glycerol and 1,2-propanediol have provided critical insight into the mechanism of B12-

independent dehydration reactions.  Taken together, the biochemical and structural data 
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presented here provide a solid foundation for further understanding the B12-independent 

dehydration reactions and the radical SAM activation mechanism in the two-component systems 

such as PFL. 
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