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ABSTRACT 

 The dynamic nature of the actin cytoskeleton is maintained through interactions 

with a suite of different Actin Binding Proteins (ABPs) that remodel actin filaments.  One 

such ABP, profilin, is believed to promote both actin filament polymerization and 

depolymerization via the binding and sequestering of globular actin (G-actin) monomers.  

In Arabidopsis thaliana, profilin is encoded by a five-member gene family that contains 

two distinct subclasses, vegetative and reproductive.  PRF1, PRF2, and PRF3 are 

expressed in all vegetative tissues, while PRF4 and PRF5 are specifically expressed only 

in reproductive tissues.  The goal of this study was to characterize the three vegetative 

members in terms of their roles in plant cell and organ development.  Using a collection 

of T-DNA insertion mutants and RNAi knockdowns targeting individual and 

combinations of PRF1, PRF2, and PRF3, I found that each of these three variants gave 

rise to specific developmental deficiencies.  Plants lacking profilins had defects in rosette 

leaf morphology, inflorescence stature, petiole elongation, and lateral root initiation and 

growth.  Microscopic examination of these dwarfed plants lacking in profilin variants 



indicated that they have smaller cells defective in cell elongation.  Evidence is presented 

that mixtures of independent function, quantitative genetic effects, and functional 

redundancy have preserved the three vegetative profilin genes.  

 I also explore the possibility of DNA sequence guiding various epigenetic control 

mechanisms.  My efforts focus on understanding how sequence facilitates the epigenomic 

landscape of histone post-translational modifications (PTMs).  Through interpretation of 

PTM deposition data at the gene and gene family level, I discovered that recently 

duplicated gene sequences exhibit varying levels of conservation across their histone 

modification enrichment profiles.  These data suggest that epigenetic controls aid 

“evolution by gene duplication” by silencing some recent gene duplicates, but not others, 

until beneficial mutations and subfunctionalization can occur.  By searching for 

correlations among these enrichment profiles I was able to detect combinatorial patterns 

of histone modification marks within each gene family.  Distinct patterns containing 

known activation marks that are cooperatively interacting were found in gene families 

where sequence was more conserved, suggesting that sequence may be playing some role 

in facilitating PTM deposition throughout the genome.   
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CHAPTER 1 

INTRODUCTION AND LITERATURE REVIEW 

 

 

Overview of Epigenetics 

 Epigenetics is classically known as the study of inherited gene expression or 

phenotypic changes that are caused by mechanisms that do not involve changes in DNA 

sequence.  These types of changes are a result of non-genetic factors that cause an 

organism to differentially express their genes, which can impact phenotype (Hunter, 

2008).  The term ‘epigenetics’ was originally defined by C.H. Waddington in 1942 and it 

was a blend of the two words genetics and epigenesis (Waddington, 1942).  Epigenesis is 

defined as the differentiation of cells from their initial embryonic stage of development.  

Some years later David Nanney took this one step further by introducing the term 

‘epigenetic controls’ to describe the diverse inherited differences between genetically 

identical daughter cells (Nanney, 1958).  Currently, epigenetics refers to the study of 

mitotically and/or meiotically heritable changes in gene function that cannot be explained 

by DNA sequence (Russo et al., 1996). 

Epigenetics plays an important role in cellular differentiation allowing distinct 

cell types to have specific characteristics despite sharing the same genomic sequence.  

For example, during morphogenesis, totipotent stem cells differentiate into the many 

different cell types by epigenetically activating and inhibiting certain genes (Wolf, 2007).  
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This makes epigenetic regulation a target for medical therapies.  Understanding the 

myriad of ways epigenetic mechanisms control gene expression can have a profound 

impact on genetic therapies.   

In order to understand the complexities behind epigenetic regulation, one must 

first understand the importance of chromatin.  Chromatin refers to the DNA and proteins 

that together make up chromosomes.  A major component of chromatin is histones.  DNA 

is wrapped around histone proteins in order to compact and strengthen DNA, as well as 

regulate gene expression.  Chromatin can be separated into two forms: a condensed 

heterochromatic form that is associated with gene repression (since proteins, like 

transcription factors, are unable to access these DNA regions), and euchromatin, which is 

a more relaxed and extended form that allows proteins access to the DNA sequence and 

is therefore normally associated with active gene expression.  Chromatin is extremely 

dynamic.  Epigenetic control mechanisms, like DNA methylation and histone 

modifications, are constantly relaxing and condensing DNA regions in order to facilitate 

temporal and spatial gene expression. 

The two most studied pathways of epigenetic control are DNA methylation and 

histone modification.  In addition to these pathways, we will also examine the roles that 

histone variants, nucleosome positioning/ phasing, RNA interference (RNAi), and non-

coding RNAs (ncRNAs) play in directing epigenetic control in plants, fungi, and animals.  

In addition, there will be a section dedicated toward some of the more species specific 

epigenetic pathways.  These will include mechanisms like dosage compensation and 

genomic imprinting.  By taking a broad look at the different types of epigenetic pathways 

across different kingdoms, we are hoping to gain a better understanding of the 



3 

 

evolutionary history of epigenetic control, with hopes to determine which mechanisms 

are the most evolutionarily conserved. 

DNA Methylation 

DNA methylation involves the addition of a methyl group (CH3) to the number 5´ 

carbon of the cytosine pyrimidine ring (DNA methylation can also occur on the number 6 

nitrogen of the adenine purine ring, but for epigenetic purposes we will concentrate on 

5meCytosine methylation).  This type of DNA modification is able to be inherited 

through cell division, making DNA methylation crucial for cellular and organismal 

development.  Cytosine methylation allows for the stable alteration of gene expression 

patterns, leading to cellular differentiation in higher organisms. DNA methylation has 

also been shown to play a major role in the development of many different types of 

cancers (Jaenisch, Bird, 2003).  In terms of epigenetics, DNA methylation is known to 

play a major role in facilitating chromatin structure.    

5meC DNA methylation tends to occur in areas of the genome that are not 

expressed.  Examples of these areas include repeat sequences and transposable elements 

(Slotkin and Martienssen, 2007).  This is because DNA methylation has the effect of 

reducing gene expression.  However, more recent studies have shown methylation to be 

associated with transcribed genes, demonstrating that transcription and methylation are 

interwoven processes (Zilberman and Henikoff, 2007).  DNA methylation patterns have 

been shown to be affected by various environmental factors.  In order to maintain 

appropriate methylation profiles, there are families of enzymes called DNA 

methyltransferases (MTs) that catalyze the transfer of a methyl group to DNA.  This 
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allows the integrity of DNA to be preserved as it is inherited from generation to 

generation.   

Plants and mammals are said to have very similar epigenetic regulation 

landscapes.  When it comes to DNA methylation, however, plants use a different 

recognition pattern, use different molecular machinery (DMTs), and have the ability to 

reverse the methylation process in non-dividing cells.  In fact, plant genomes are much 

more highly methylated than mammalian genomes (up to ~30% in plants, while only ~2-

7% in mammals) (Antequera et al., 1984).  There are two types of methylation:  de novo 

and maintenance.  De novo methylation occurs on unmethylated DNA and can affect 

CpG, CpNpG, and CpNpN (N= A, T, or C) sequences in plants, whereas in mammals 

you tend to only detect CpG dinucleotide methylation.  Maintenance methylation refers 

to the process of maintaining methylation patterns on hemimethylated DNA after 

replication.  Their substrates are typically CpG and CpNpG.   

Plants have members from all three conserved DNA methyltransferase (DMT) 

families.  The MET1 family of DMTs are mainly considered CpG maintenance 

methyltransferases.  These family members are similar to mammalian DNMT1.  De novo 

methyltransferases in plants are referred to as Domains Rearranged Methyltransferases 

(DRMs).  DNMT3 is the mammalian homolog with a different arrangement of protein 

domains.  In plants, DRMs methylate DNA sequences in all three contexts and are 

thought to play a prominent role in RNA directed DNA methylation (RdDm) (Allis et al., 

2007).  The plant specific chromomethylase, CMT3, is thought to have both de novo and 

maintenance methylation abilities and acts on CpNpG substrates.  Loss of CMT3 results 

in the reactivation of certain silent transposons.  In addition, while it is known that 
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mammalian dnmt1 and dmnt3 mutants die during embryonic development, plant met1, 

drm, and cmt3 mutants are usually viable and fertile (Chan et al., 2005).   

DNA methylation can be lost through both passive (failure to maintain 

methylation through DNA replication) and active (enzymatic activity) mechanisms.  This 

makes DNA methylation a reversible process.  In mammals, it was thought that active 

reversal could be achieved through DNA glycosylases, which are involved with base 

excision repair (Kress et al., 2001).  In plants, Repressor of silencing 1 (ROS1) is a 

protein with a glycosylase domain that has a nicking activity that only acts on methylated 

DNA, making it an ideal candidate for removal of methylated bases (Kapoor et al., 2005). 

Through restriction and nearest-neighbor analysis, it was determined that most 

fungal species have very low levels of DNA methylation in their genomes (0.1-0.5%) 

(Antequera et al., 1984).  The exception in the fungal kingdom appears to be Neurospora 

crassa, which has a well characterized DNA methylation system, making this organism 

the most relevant to understanding epigenetic regulation in other higher eukaryotes.  The 

enzymes involved act mostly on CpG dinucleotides and methylated sites appear to cluster 

together away from unmethylated regions.  The main DNA methyltransferase in N. 

crassa is DIM-2.  This protein is unique in that it differs from the four major families of 

DMTs (Groll, Bestor, 2005).  However, when all DNA methylation mechanisms are 

knocked out in Neurospra, there is no effect on sexual reproduction or growth.  More 

experiments will need to be performed in order to determine whether fungi evolved to not 

require this regulating pathway, or if this type of regulation can be achieved through 

alternative fungal pathways. 
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While DNA methylation does not occur in all animals (i.e. Drosophila 

melanogaster and Caenorhabditis elegans), it has been shown to be vital for the normal 

development of most animal species and is also associated with processes like genomic 

imprinting and X chromosome inactivation.  Just as in plants, mammals have both de 

novo and maintenance methylation.  DMNT1 is an example of a mammalian maintenance 

methyltransferase, while DMNT3A and DMNT3B are examples of de novo 

methyltransferases.  Each one of these three proteins was found to be essential for the 

normal development of a mouse embryo.  Knocking out any one of these proteins results 

is lethality (Li et al., 2002).  The most common substrate for DNA methylation in 

animals is CpG dinucleotides.  It is estimated that between 60-90% of all CpG 

dinucleotides in mammals are 5´-cytosine methylated (Tucker, 2001).  In the 5´ 

regulatory regions of many animal genes there are groups of unmethylated CpGs that are 

referred to as CpG islands.  CpG islands are thought to play a role in cancer, whereby 

these regions become methylated causing transcriptional silencing.  We must note that 

although these methylation patterns are transferred from cell to cell, environmental and 

pathological factors can lead to effects and changes in methylation.   

Determining the location of de novo DNA methylation remains unclear.  Current 

research has begun to focus on the involvement of small non-coding RNAs in directing 

de novo methylation (RdDm) (discussed below).  Overall, it appears as if there are 

multiple ways that DNA methylation can affect transcription.  Methylated DNA could 

physically block access of transcription activating proteins to the DNA sequence.  

Alternatively, proteins bound to methylated DNA can recruit other proteins to alter the 
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chromatin structure thereby rendering it silent.  Either way, there is clearly an important 

relationship between DNA methylation and chromatin structure. 

Histone Modifications 

Histone modifications represent another major process of epigenetic control.  

Histones are proteins found in the nucleus of eukaryotic cells, which are responsible for 

packaging the DNA into structural units called nucleosomes (Cox et al., 2005).  Histones 

are the main component of chromatin, and as a result play a key role in gene regulation.  

Histones undergo a process known as posttranslational modification (PTM), which alters 

their interactions with DNA and other nuclear proteins.  In particular, histones H3 and H4 

have long protruding tails that can be covalently modified via a multitude of mechanisms.  

Histone tails can be methylated (mono-, di-, or tri-), aceytlated, phosphorylated, 

SUMOylated, ubiqinated, glycosylated, citrullinated, and ADP-ribosylated (Strahl, Allis, 

2000).  These covalent modifications influence DNA/protein interactions thereby 

affecting such processes as gene expression, DNA repair, and chromosome condensation.   

Collectively, these modifications are thought to guide DNA/ chromatin interactions to 

different phenotypic outcomes by recruiting specific transcriptional regulators.  These 

interactions are thought to make up what is known as the “Histone code” (Jenuwein, 

Allis, 2001).  However, the exact mechanism behind the influence of these histone 

modification interactions remains unclear. 

The two most common types of histone modifications are methylation and 

acetylation.  Histone methyltransferases (HMTs) are a family of proteins that are able to 

attach a methyl group(s) to lysine and arginine residues protruding from H3 and H4 

histone tails.  These HMTs contain a common SET domain.  In plant species like 
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Arabidopsis, there are approximately 30 SET domain proteins.  This is much higher than 

what is found in other organisms like fly (14) and yeast (only 4), but still less than 

mammals (50 have been found in mice) (Allis et al., 2007).  These SET domains appear 

to be the only conserved portion of these proteins across different species suggesting that 

plant and animal modifying complexes could be very different.  Histone tails can be 

mono-, di- or tri-methylated at multiple amino acid positions.  This creates a complex 

network of combinatorial modifications that is proving extremely hard to decipher.  It is 

important to note that a certain modification in plants could play a different role than it 

does in animals and fungi.  For example, H3K9me1 and H3K9me2 are associated with 

heterochromatic formation in plants, while in fungi and animals they are associated with 

active euchromatin.  The opposite is true for HeK9me3, which is associated with active 

chromatin in plants and silent heterochromatin in fungi and animals (Vanyushin, 2006).  

This lack of functional conservation among kingdoms makes the understanding of the 

combinatorial nature of these modifications even more complex. 

A common theme that appears when analyzing epigenetic control pathways is 

reversibility.  Currently there are 12 putative histone acetyltransferases (HATs) and 18 

histone deacetylases (HDACs) found in plants (Pandey et al., 2002).   These numbers are 

comparable to those found in mammals, but most other animal species have less.  Acetyl 

groups are attached to the lysine residues on H3 and H4 histone tails, and tend to be 

associated with gene activation.  Currently, there are three families of HDACs:  the 

sirtuins (see fungi section below); the classical HDACs; and a family of HD2-like 

enzymes that are only found in plants (Loidl, 2004).  Unlike DMTs, some plant HDACs, 

when mutated, cause pleiotropic effects on cellular development. 
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Just as in plants and animals, fungi have a myriad of mechanisms for post-

translationally modifying amino acids protruding off of histone tails.  Like plants, the two 

most well studied modifications in fungi are methylation and acetylation.  Coincidentally, 

these are both reversible modifications.  An example of this regulation in fungi can be 

seen with H3K9me2 and H3K9me3.  These modifications are associated with the outer 

repeats of the heterochromatic centromeres.  The presence of these modifications are 

needed to attract chromatin remodelers (i.e. Swi6 and Chp2) and to ensure that the 

chromatin in these regions remain silent.  For this to occur, H3 must first be deacetylated 

by a variety of HDACs (i.e. Sir2, Clr3, and Clr6), which then allows for Clr4 (a HMT) to 

come and methylate H3K9 (Nakayama et al., 2001).  In Neurospora crassa, lysines 4, 27, 

36, and 79 of histone H3 are all able to undergo methylation in vivo (Adhvaryu etal., 

2005).   

In Saccharomyces cerevisiae, Sir2, a member of the sirtuins, is a NAD-dependent 

histone deacetylase known to deacetylate lysine 16 on histone H4, which is essential for 

heterochromatin formation.  In fact, the initial Sir2 deacetylation serves to provide 

binding sites for other Sir proteins in the SIR complex, allowing for the spread of 

heterochromatin to the appropriate regions.  While the exact mechanism for this process 

remains elusive, perhaps combinations of these modifications generate specific sites that 

can serve as docking stations for regulatory proteins.  In fungi, HATs and HDACs can act 

on a variety of nuclear and cytoplasmic proteins besides histones.  Scientists could be 

overlooking key insights into these regulatory mechanisms by not paying enough 

attention to the acetylation of these non-histone proteins (Brosch et al., 2007).   

Saccharomyces cerevisiae is also known to have H2A, H2B, and H4 sumoylation sites 
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that have been linked to transcriptional repression and seem to have an interacting role 

with other modifications (Nathan et al., 2006).  One must note that data gathered from 

species like Saccharomyces cerevisiae are not applicable across filamentous fungal 

species due to significant differences in their metabolic complexities.   

As in plants and fungi, mammalian histone tails are subject to a series of covalent 

modifications.  In animals, these covalent modifications have been shown to modulate 

gene expression throughout development (Goll and Bestor, 2002).  There are other 

processes that histone modifications affect, such as DNA repair, X chromosome 

inactivation, chromosome inheritance dynamics, maintaining genome stability, and 

genomic imprinting.  The impact of these events and the role they play in epigenetic 

regulation will be briefly discussed later.  Animals possess homologs of all of the histone 

modifying enzymes discussed above with the exception of the HD2-like family of HDAC 

enzymes that are only found in plants.  In fact, due to organismal complexity, animals 

have an even more diverse collection of HATs, HDACs, and HKMTs than found in 

plants and fungi.  While loss of DMTs have been shown to lead to lethality in mice, loss 

of certain HKMTs, like Suv39h (which methylates histone tails as opposed to cytosines 

in the DNA sequence), showed no global effects on transcription.  The same was also 

seen for mouse embryos lacking HDAC1 (Lagger et al., 2002).  In either case, no large-

scale transcription defects were detected.  This may indicate that DNA cytosine 

methylation is a more essential epigenetic regulatory pathway in mammals and higher 

eukaryotes.  
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Histone Variants 

Histone variants usually only differ from a core (canonical) histone by a small 

number of amino acid changes.  It is believed that the incorporation of histone variants 

can designate regions of the chromatin for specialized functions and can also reverse the 

effects of histone methyltransferases.  Variants can be classified into two classes based 

upon how divergent their amino acid sequence is from the core histone:  homomorphous 

and heteromorphous.  Homomorphous variants have only a few amino acid changes (i.e. 

H2A.1, H2A.2, H3.1, H3.2, and H3.3), while heteromorhpous variants involve changes 

that affect larger portions of the histone protein (i.e. H2A.X, H2A.Z, and centromeric 

protein A) (Ausio, 2006).  As such, histone variants can create a unique nucleosomal 

architecture that can regulate a variety of nuclear processes, indicating that these variants 

do indeed possess distinct functions (Brown, 2001).   

There are several known histone variants in plants including H2A, H2B, H2A.X, 

H2A.Z, H3.1, H3.2 (H3.3 in animals), and CENP-A.  Unlike animal H2A and H2B 

variants, which co-migrate on SDS polyacrylamide gels, plant H2A and H2B have 

differential electrophoretic motilities indicating that they differ in molecular weight 

(Spiker, 1982).  In addition to this molecular weight discrepancy, further experiments 

determined that plant and animal variants have different amino acid point substitutions 

(Patthy et al., 1973).  This could mean that these variants are playing slightly different 

roles in regulating gene expression.  Plant specific variant H3.2 has been shown to have 

large amounts of acetylation.  The presence of this H3.2 variant is inversely related to 

genome size, and associated with active genic regions (Waterborg, 1992).  This makes 

sense since smaller genomes have more actively transcribed genes.  CENP-A is a histone 
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variant that replaces H3 in centromeric chromatin, thereby causing condensed 

heterochromatin.    

Histone variants also play a pivotal role in regulating the chromatin dynamics in 

fungal species.  For example, H2A.Z has been shown to help limit the spread of silent 

heterochromatin by being placed at the outer regions of active euchromatin.   Nearly all 

euchromatic genes are associated with H2A.Z deposition in the promoter regions 

(Raisner et al., 2005).  For efficient H2A.Z deposition to occur, H3 and H4 histone tails 

must be acetylated.  This demonstrates that there is interdependency between different 

epigenetic pathways.  CENP-A is also prevalent in fungal species associating with the 

heterochromatic centromeres of the chromosome.  This is another example of histone 

variants coordinating the structure of chromatin.  Not all histone variants appear to be 

essential in fungi.  Certain types of H2B variants were shown to be dispensable during 

the yeast cell cycle (Spiker, 1982).  This has not been seen in higher eukaryotes.  

Histone variants have been studied extensively in animals.  All eukaryotic 

organisms have a CENH3 histone variant, which associates with nucleosomes in the 

centromeric regions.  Another animal variant is H3.3.  This variant has only 4 amino acid 

changes, and appears to associate with the cell cycle (the canonical H3 protein associates 

with replication forks).  Just as with yeast, animal H2A.Z is associated with active 

chromatin.  It is important to note that many of these variants (i.e. H2A.Z) are less stable 

than the canonical histones (Henikoff et al., 2004).  Histone variants also play a role in 

mammalian X chromosome inactivation, providing yet another example of interrelated 

epigenetic pathways.  Clearly, these variants play a crucial role in nucleosome assembly 

pathways and are likely responsible for the inheritance of specific chromatin states.   
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Altogether, these data show that the distribution of histone variants can have a 

significant effect on gene expression.  Mechanistically there are a few different ways this 

can be accomplished.  Histone variants may affect histone-histone interactions, resulting 

in changes in nucleosome stability and folding.  Another hypothesis is that these variants 

specifically interact with certain proteins, which upon recruitment can alter chromatin 

structure.  While the mechanisms remain unclear, histone variants clearly affect the 

makeup of nucleosomes and therefore can change chromatin structure, which directly 

influences gene regulation. 

Nucleosome Positioning 

Like histone modifications, nucleosome positioning plays a vital role in 

epigenetic regulation, since the distribution of nucleosomes directly facilitates the 

structure of chromatin.  Nucleosome positioning can have inhibitory roles (i.e. 

polymerase occlusion), facilitative roles (i.e. histone protein domains), and roles in 

transcription factor binding.  How these nucleosomes are distributed appears to have a 

large impact on genetic control.   In order for histones to facilitate the wrapping of 

different DNA sequences into highly organized nucleosomes, they must be highly 

dependent on DNA sequence (Sekinger, 2005).  This sequence preference could facilitate 

nucleosome distribution and therefore control binding site accessibility.  Currently, new 

experimental and computational approaches are underway to construct and validate a 

DNA-nucleosome interaction model to predict the genome-wide organization of 

nucleosomes (Segal et al. 2006).  

In Arabidopsis thaliana, efforts to establish genome-wide nucleosome positioning 

have been completed.  By overlapping this data with genome-wide DNA methylation 
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data, one can detect higher levels of methylation on nucleosome-bound DNA compared 

to flanking DNA (Chodavaparu et al., 2010).  This means that DMTs prefer to target 

nucleosome-bound DNA, and that nucleosome positioning influences DNA methylation 

patterns in plants.  This would suggest that nucleosome positioning is dependent on other 

epigenetic regulatory pathways like DNA methylation and histone variants.   

In fungi, genome-wide nucleosome position was determined for Saccharomyces 

cerevisiae and Aspergillus fumigatus.  In S. cerevisiae, over 70,000 nucleosome positions 

were mapped covering approximately 80% of the genome.  Both nucleosome occupancy 

signatures and overall occupancy correlated with transcript abundance and transcription 

rate (Lee et al., 2007).  From these results, one can cluster gene families based upon their 

nucleosome occupancy patterns observed at their promoters.  In the filamentous fungi, 

Aspergillus fumigatus, scientists have identified both mono- and di-nucleosome positions 

across the genome (Nishida et al., 2009).  Mono-nucleosomal DNA fragments were then 

compared among active and inactive genes.  It was shown that DNA fragments in active 

gene promoters were not protected by nucleosomes, indicating that in order for a gene to 

be actively transcribed it needs to allow proteins and transcription factors to access its 

DNA sequence.  If the DNA is tightly wrapped around a nucleosome (or multiple 

nucleosomes) it would make it less likely to have high gene expression. 

As in plant and fungal genomes, animal genomes are packaged into nucleosomes 

that exclude DNA from interacting with DNA-binding proteins (i.e. chromatin 

remodeling proteins).  However, it appears that certain DNA sequences have a higher 

tendency to be nucleosome-bound.  These results suggest that DNA sequence could 

facilitate the positioning of the nucleosome core.  Higher eukaryotes tend to contain 
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genes with large introns, and it is hypothesized that these introns guide nucleosomes to 

their appropriate position.  Perhaps introns allow for flexibility when wrapping around 

nucleosomes.  It is possible that higher eukaryotes facilitate nucleosome positioning 

through different mechanisms than plants and fungi based upon the structure of their 

genes.  

RNA Interference and non-coding RNAs  

RNA interference (RNAi) is a natural defense mechanism where small RNA 

molecules bind to sequence specific messenger RNA transcripts and induce degradation 

of the transcript.  RNAi was first discovered in plants.  This type of gene silencing is used 

to protect against invasive nucleic acids like retrotransposons and viruses, as well as 

maintain chromosomal stability (Akashi and Taira, 2007).  Transcriptional gene silencing 

is achieved through RNA-directed DNA methylation (RdDm).  Currently, researchers are 

focused on understanding the mechanistic link between RNA interference and DNA 

methylation pathways.   

Many researchers believe that RNAi machinery plays an integral part in 

epigenetic regulation.  Currently, the effects of RNAi on epigenetic mechanisms are 

being heavily studied in plants, focusing on RNA-directed-DNA-methylation (RdDM).  

RNAi mediated gene silencing is more prevalent in plants than in any other type of 

organism.  RdDM was first observed as a viroid defense mechanism in tobacco plants 

(Wassengger et al., 1994).  While it is unclear how the cell determines de novo DNA 

methylation sites, many believe that RdDM is involved.  RdDM begins with the 

formation of double-stranded RNA (dsRNA) molecules from genomic DNA.  These 

dsRNA molecules have extensive secondary structure and act either through the 
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microRNA (miRNA) or small interfering RNA (siRNA) pathway to direct de novo DNA 

methylation (Aufsatz et al., 2002).  Since DNA methylation is associated with inactive 

gene expression in plants, this mechanism could prove to protect against transposable 

elements and viruses.  A few years ago, researchers discovered genes that appear to be 

inducers of RdDM and transcriptional gene silencing (TGS):  the phosphoribosyl 

anthranilate isomerase (PAI) gene family (4 members); and the SUPERMAN gene (Chan 

et al., 2005).  In plants, RdRM requires a plant-specific RNA polymerase (polIV) that has 

been shown to generate siRNAs.  According to the literature, the RdRM machinery in 

plants is very different than that found in mammals.  This indicates that plants and 

animals (mammals in particular) have different RdDM mechanisms. 

Not all fungi have an RNAi system.  For example, S. cerevisiae does not contain 

RNAi machinery while S. pombe (fission yeast) does.  Since some fungi (S. cerevisiae) 

do not have DNA methylation in their genome, there is no need for an RNAi directed 

RdRM pathway.  Neurospora crassa does have DNA methylation, rendering RdDM 

applicable.  Despite clear evidence that post transcriptional gene silencing (PTGS) and 

RNAi does exist in N. crassa, there has yet to be evidence that they use RNAi machinery 

to guide epigenetic modifications (Matzke et al., 2005).  Instead, N. crassa use an 

unusual process called repeat-induced point mutation (RIP) to generate signals for de 

novo DNA methylation.  In RIP, T:A and C:G transition mutations are created in 

duplicated DNA regions via an unknown mechanism.  These sequences are targeted for 

DNA methylation, perhaps based on lack of GC content (Tamaru and Selker, 2003).  

While an endogenous RNAi pathway does not exist in S. cerevisiae, a subset of 

ncRNAs called Cryptic Unstable Transcripts (CUTs) may be serving comparable 
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functions.  These CUTs are 200-800 bp transcripts that have a 5´ cap, a polyadenylated 

tail, and are rapidly degraded by the combined activity of poly-adenylating polymerases 

and exosome complexes (Davis and Ares, 2006; Thompson and Parker, 2007; Berretta 

and Morillion, 2009).  CUTs are produced from inter and intra-genic regions.  Despite 

their rapid degradation and lack of in-depth characterization, they have been implicated 

in numerous gene regulation and silencing pathways (Martens et al., 2004, Berretta et al., 

2008).  CUTs have been shown to effect histone eviction and chromatin remodeling 

processes through interactions with various histone side chain modifications (Camblong 

et al., 2007, Uhler et al., 2007), thus linking CUTs to epigenetic control.  CUTs have 

since been found to also exist in higher eukaryotes including humans, but their roles have 

yet to be extensively dissected.  

There are many RNAi mechanisms that operate in higher eukaryotes.  They 

utilize a plethora of ncRNAs like microRNAs, siRNAs, piwi-interactingRNAs, 

snoRNAs, scaRNAs, CUTs, and many more.  The hallmark for RdDM in plants is non-

CG methylation, which has also been detected in mammalian embryonic stem cells and in 

human L1 retrotransposons.  However, it is unknown whether this methylation is directed 

by RNA (Matkze, Birchler, 2005).  One might wonder if mammals have homologs of the 

protein machinery needed for RdDM in plants.  While some methyltransferases like 

DRM2 and MET1 do have mammalian homologs, other components like 

CHROMOMETHYLASE 2 (CMT2) and the SNF2-like protein, DEFECTIVE IN RNA-

DIRECTED DNA METHYLATION 1 (DRD1), do not.  Some believe that the 

mammalian protein ATRX can substitute for DRD1 in the RdDM pathway, but it is still 

unknown if these proteins are essential for RdDM.  Since RdDM takes place in the 
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nucleus and mRNA degradation typically takes place in the cytoplasm, one must ensure 

that mammalian cells, as in plant cells, can translocate these small RNAs from the 

cytoplasm to the nucleus.  This was experimentally verified by comparing nuclear and 

cytoplasmic cellular fractions and seeing that mature miRNAs were found in both.  

Accordingly, it appears that mammals have the ability to operate RdDM, but how 

frequent this process is occurring remains elusive. 

Other Epigenetic Control Pathways 

There are other types of epigenetic control that occur only in certain subsets of 

species:  dosage compensation, genomic imprinting, and heterochromatin formation.  In 

organisms like D. melanogaster, H. sapiens, and C. elegans, dosage compensation 

represents a regulatory mechanism that equilibrates the expression of genes on the sex 

chromosome (X) so that equal amounts of certain genes that affect specific phenotypes 

are expressed in both males and females.  This can be accomplished through partial 

repression or complete inactivation of one of the sex chromosomes.  In Drosophila, 

dosage compensation operates by hyperactivating the single male X chromosome.  In 

mammals, dosage compensation is achieved through maintaining only one active X 

chromosome in each cell (X-inactivation).  It is important to note that in plants that lack 

dimorphic sex chromosomes, dosage compensation can still occur but is less understood.  

This event usually leads to outcomes like polyploidy or anueploidy (Buzek, 1998).  

However, fungi do not appear to have any sort of dosage compensation activity.   

Genomic imprinting is an epigenetic phenomenon where certain genes are not 

inherited in a classical Mendelian fashion.  Instead these imprinted genes appear to be 

expressed in a parent of origin manner.  Genomic imprinting has been detected in 
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mammals, insects, and flowering plants and utilizes DNA methylation and histone 

modification mechanisms to facilitate monoalleic gene expression without any need to 

change the DNA sequence (Wilkinson, 2007).  These marks appear in germline cells and 

are inherited to all somatic cells.  In genomic imprinting, cells inherit one copy of their 

genes from their father and one from their mother.  Genomic imprinting refers to the 

procedure of epigenetically silencing one of these copies so that only one copy of the 

imprinted gene is expressed.  These epigenetic marks are stable for the life of the 

organism and are reset during egg and sperm formation (Jaenisch, 1997).  Imprinting 

utilizes other epigenetic mechanisms like DNA methylation and histone modifications to 

position the epigenetic marks required for gene inactivation and has been shown to be 

essential for normal development.    

The formation of heterochromatin is an epigenetic process that functions to 

protect chromosome integrity and facilitate gene regulation (Grewal, Jia, 2007).  

Heterochromatin distribution is epigenetically inherited through cell divisions so that the 

daughter cells will have an almost identical heterochromatic landscape across the 

chromosomes.   Recent studies have suggested that RNAi machinery plays a role in 

heterochromatin formation, with RNAi mediated chromatin modifications being shown to 

effect epigenetic transcriptional gene silencing (Wassenegger, 2005).   

As previously discussed, epigenetic mechanisms facilitate the formation of 

chromatin structure thereby impacting gene regulation.  One way that epigenetic 

inactivation of gene expression can occur is through the formation of heterochromatin.  

While mechanistically this is still unclear, there are examples of this process occurring in 

plants, fungi, insects, and mammals.  In S. cerevisiae, heterochromatin formation is 
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triggered by the expression of the Sir3 silencing protein leading to the rapid loss of 

histone acetylation, whereas histone methylations are removed gradually over several 

generations (Katan-Khaykovich, Strhul, 2005).  Thus, the transition between euchromatin 

and heterochomatin does not occur immediately, but rather takes place over multiple cell 

divisions.  This suggests that certain types of histone modifications can inhibit the 

formation of heterochromatin.  Recent experiments have indicated that RNAi 

components are involved with heterochromatic formation in D. melanogaster 

(Wassenegger, 2005).  Once again, this is another example of the interdependency 

between these epigenetic pathways. 

Chromosome inheritance theory states that inheritance patterns may be generally 

explained by assuming that Mendelian genes are located in specific sites on 

chromosomes, and it is the chromosomes that undergo segregation and independent 

assortment.  Recently, it has been discovered that epigenetic mechanisms regulate many 

crucial functions necessary for genome stability and chromosome inheritance.  Some of 

these functions include but are not limited to:  DNA repair and recombination, the 

initiation of DNA replication, chromosome end protection (telomeres), chromosome 

movement (centromere), and the segregation of homologous chromosomes during 

meiosis (Allis et al., 2007).   Abnormal chromosome inheritance can lead to birth defects 

and diseases like cancer.  By understanding an organism’s epigenetic control 

mechanisms, we can hope to eventually explain the subtle nuances of chromosome 

architecture and inheritance.  Altogether, we can clearly see that these various pathways 

have created an interwoven network of genetic control, giving rise to this theme of 

interdependency among epigenetic control mechanisms.   
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Defining a Gene’s Epitype 

 The aforementioned sections show that there are a variety of different 

mechanisms that facilitate epigenetic control.  Nucleosome positioning, histone sequence 

variants, DNA bases from the standard GATC (e.g., cytosine methylation), and histone 

side chain modifications all represent mechanisms that affect gene expression by 

changing chromatin structure.  These processes facilitate what are known as cis-linked 

changes to chromatin structure because they are occurring in the chromosomal vicinity of 

genic regions.  Individual changes or the sum of all of these cis-linked chromatin 

structures that distinguish a gene sequence from naked DNA may be defined as an 

“epitype” (Meagher, 2010) (Figure 1.1).  In order to fully understand epigenetic control, 

we must first determine how these mechanisms are interacting with one another to 

constitute a gene’s epitype. 

 

 

The Actin Cytoskeleton 

 The actin cytoskeleton is vital to a multitude of different cellular processes.  It 

plays a crucial role in stress response, transcription, cytokinesis, cell locomotion, 

intracellular trafficking, maintenance of cell shape and polarity, and development 

(Williamson, 1993, Meagher and Williamson, 1994, Jockusch et al., 2007, Perrin and 

Ervasti, 2010, Miralles and Visa, 2006).  The actin cytoskeleton controls spatial 

development in eukaryotic cells and organs through the construction of polymeric 

filaments and filament bundles (Kudryashov and Reisler, 2012).  Actins are more than 

80% conserved in most organisms across kingdoms, the exception being primarily among 
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the more divergent protists (Kandasamy et al., 2012).  The actin cytoskeleton consists of 

unpolymerized, free globular actin monomers (G-actin) that join together to create 

polymerized actin filaments (F-actin).  The process of constructing F-actin filaments 

requires energy derived from ATP hydrolysis.  To extend F-actin filaments, G-actin 

monomers bind ATP, thus allowing them to remain in an open-fold state to stably 

associate with the “barbed ends” (+ end of actin polarity) of filaments.  Hydrolysis of 

ATP to ADP drives a conformational change in the actin protein allowing for the 

simultaneous disassembly of F-actin-ADP monomers at the “pointed end” (- end of actin 

polarity) of filaments (Pollard et al., 2000).  G-actin monomers cannot be added to the 

pointed ends of actin filaments.  The rapid polymerization and depolymerization of actin 

filaments is necessary for preserving cell shape, normal cell motility, and development 

(Yarmola and Bubb, 2009). 

 In order to control the rapid reorganization of the actin cytoskeleton, actins 

interact with a suite of different proteins called Actin Binding Proteins (ABPs).  In fact, 

actin is thought to participate in more protein-protein interactions than any known protein 

(Dominguez and Holmes, 2011).  Through these interactions, ABPs facilitate rapid 

remodeling of the cytoskeleton by regulating the unpolymerized (G-actin monomers) and 

polymerized (F-actin filaments) actin equilibrium (Yarar et al., 2007).  Some examples of 

different ABPs include:  Actin Depolymerizing Factor/Cofilin (ADF/CFL), fimbrin, vilin, 

CAP1, Arp2/3, tropomyosin, and profilin.  Figure 1.2 depicts some of these roles 

facilitated by ABPs (Pollard et al., 2000).  While they all play some role in facilitating the 

restructuring of the actin cytoskeleton, we will be focusing on a specific ABP gene 

family, profilin.     
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Profilins 

 Profilins are small (12-15 kDa), ubiquitously expressed, monomeric ABPs that 

have been identified in numerous organisms ranging from amoebae to higher plants and 

mammals (Ramachandran et al., 2001). Profilin is folded into a central beta-sheet, 

flanked on both the N- and C-terminus by alpha-helices.  The N-terminal portion on the 

C-terminal alpha-helix along with the C-terminal portion of the central beta-sheet is 

where actin binding occurs (Schutt et al., 1993).  Initially, profilin was found to 

distinctively bind globular actin (G-actin) and to facilitate G-actin sequestering in cells 

(Carlsson et al., 1976).  Since then, more recent research has shown that in addition to 

binding and sequestering G-actin, profilin also plays a specific role in the formation of 

filamentous actin (F-actin).  

 Like actin, profilin is known to bind many different proteins.  In addition to actin, 

profilin binds phosphatidylinositol 4,5-bisphosphate (PIP2) (Sohn et al., 1995), poly-L-

proline (Bjorkegren et al., 1993), many proline-rich proteins such as vasodilator-

stimulated phosphoprotein (VASP) (Haffner et al., 1995), formin homology domain-

containing proteins (Frazier and Field, 1997), the Arp2/3 complex (Mullins et al., 1998), 

and the annexins (Alvarez-Martinez et al., 1996).  It is now thought that PIP2 binds 

profilin competitively with actin, with its binding site on the other (N-terminal) alpha-

helix (Sohn et al., 1995).  Unlike with PIP2, profilin can bind poly-l-proline (proline-rich 

sequences) and actin simultaneously, since poly-L-proline interacts with the hydrophobic 

surface of the protein which is positioned opposite the actin binding site (Bjorkegren et 

al., 1993).  In fact, this occurs with higher affinity than binding either one separately 

(Ferron et al., 2007).  Since proline-rich sequences are abundant among cytoskeletal 
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proteins, perhaps they serve to help guide profilin-actin complexes from the cellular pool 

onto actin filaments (Dominguez and Holmes, 2011).   

 Additionally, there is evidence that profilins are regulating actin networks by 

connecting signaling to the actin cytoskeleton through PIP2, Cdc42, and Actin Related 

Protein (ARP) complexes (Stradal et al., 2004 and Witke et al., 1998).  Through these 

interactions, profilins have been shown to participate in cell elongation, cell shape 

maintenance, and other actin dynamics (Zheng et al., 2012).  However, their mechanistic 

links, their role in signaling, as well as their effects on tissue and organ development 

remains relatively uncharacterized. 

Profilins are approximately 130 amino acids long.  Sequence alignments show 

very little sequence homology in the N- and C-terminal regions when comparisons are 

made across various eukaryotic kingdoms.  Only 25 to 40 residues (~20-30%) are 

universally conserved across all kingdoms, which is much lower than the 80% seen 

among actins (Meagher, 1995, Kandasamy et al., 2012).  Profilins tend to exist in small 

gene families, especially in higher eukaryotes.  Members of the profilin gene family have 

distinct tissue and organ-specific expression patterns throughout development (Honore et 

al., 1993, Kandasamy et al., 2002).  In humans (Hs), HsProfilin1 is ubiquitously 

expressed at high levels in all organs and tissues except muscle.  HsProfilin2 is expressed 

high in brain and muscle, while HsProfilin3 and HsProfilin4 are expressed almost 

exclusively in sperm (Honore et al., 1993).  In higher plants, there are two evolutionarily 

distinct classes of profilins: vegetative (constitutive) and reproductive (pollen-specific).  

Through phylogenetic analysis, it has been determined that the two distinct classes of 

profilin have independently evolved in both plants and animals.  
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Profilins Role in Actin Polymerization and Depolymerization 

 Profilin’s role in actin cytoskeletal dynamics has been widely debated over the 

past 20 years.  As previously stated, profilin was originally found to act in the 

sequestration of G-actin monomers, but now it has also been shown to be involved in 

filamentous actin (F-actin) formation.  Profilins are thought to inhibit the spontaneous 

polymerization of actin filaments by forming a 1:1 complex with actin, thereby lowering 

the steady-state concentration of ATP-G-actin, and once all barbed ends become blocked 

by capping proteins, profilin begins to sequester G-actin from pointed-end 

polymerization (Dominguez, 2009).  This would suggest that profilin acts in the 

depolymerization of actin filaments.   

 However, extensive research has shown that they play a complex role in F-actin 

formation through the replenishment of the ATP-actin monomer pool via catalyzing the 

exchange of ADP for ATP on actin (Dominguez and Holmes, 2011).  While profilin does 

not bind F-actin directly, profilin-ATP-G-actin complexes are essential for rapid filament 

assembly (Schulter et al., 1997).  Although profilin-bound actin monomers cannot add to 

pointed ends of actin filaments, they have been shown to elongate filament barbed ends at 

approximately the same rate as free actin monomers (Pollard and Borisy, 2003, dos 

Remedios et al., 2003).  This would lead us to believe that profilin might be facilitating 

rather than inhibiting polymerization (Yarmola and Bubb, 2006).  This idea is further 

strengthened by results indicating that profilin could lower the critical concentrations of 

actin needed to drive polymerization (Pantaloni and Carlier, 1993).  Altogether, it appears 

as if profilin may be playing a role in both the polymerization and depolymerization of 

actin filaments. 
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Profilin in the Nucleus  

 In some plant and animal cells, profilin derivatives have been shown to be 

enriched in the nucleus (Mayboroda et al., 1997; Scluter et al., 1998).  Arabidopsis PRF1 

(and PRF2, unpublished) was detected in the nucleus using indirect immunoflourescence 

(Wittenmayer et al., 2000; Kandasamy et al., 2002, 2010).  Interestingly, there is also 

evidence that the reproductive class profilin, PRF4, is not in either the vegetative or 

sperm cell nuclei of pollen (Kandasamy et al., 2002).  These data suggest that some 

profilins are performing nuclear functions while others may not.   

In isolated nuclei from human HeLa cells, profilin has been shown to be essential 

for actin export (along with Exportin-6, which recognizes actin/profilin complexes), with 

defects in profilin resulting in increased actin accumulation in the nucleus (Stuven et al., 

2003).   In Drosophila, profilin mutants result in impaired nuclear export causing defects 

in eye development, suggesting that profilin and the organization of the actin 

cytoskeleton play an important role in nuclear trafficking (Minakhina et al., 2005).  Some 

hypothesize that profilins are involved with the intracellular trafficking of vesicles from 

the plasma membrane to the nucleus while others believe that profilins and actins are 

interacting within the nucleus in an effort to regulate gene expression through interactions 

with chromatin remodeling and transcriptional complexes. 

Arabidopsis thaliana Profilins 

In Arabidopsis thaliana, there are five profilin genes (PRF1-PRF5).  PRF1, PRF2, 

and PRF3 are constitutively expressed throughout all vegetative tissues and in ovules, 

while PRF4 and PRF5 are classified as reproductive profilins, being predominately 

expressed in mature pollen.  Phylogenetic analysis of this gene family has determined 
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that PRF1 and PRF2, as well as PRF4 and PRF5 exist as duplicated gene pairs, most 

likely stemming from the recent genome-wide duplication event occurring in Arabidopsis 

approximately 30-35 million years ago (MYA) (Meagher et al., 1999, Vision et al., 2000, 

Simillion et al., 2002, Bowers et al., 2003, Blanc et al., 2003).  While the expression 

profiles of PRF4 and PRF5 are very similar (Figure 1.3), the vegetative profilins exhibit 

a wide range in their expression levels.  PRF2 is the most highly expressed, followed by 

PRF1 (~40% of PRF2 levels), and PRF3 (~12% of PRF2 levels).  Despite having varying 

expression levels, PRF1, PRF2, and PRF3 have similar spatial expression patterns 

(Figure 1.3).  The Arabidopsis vegetative and reproductive profilin proteins share 90% 

sequence identity within their class while the classes themselves share ~70-75% sequence 

homology (Huang et al., 1996).  In fact, if we look at the sequence conservation among 

all profilins compared among monocots and dicots, we see that vegetative profilins are 

more similar to each other than they are to their reproductive counterparts in the same 

species. 

All five Arabidopsis profilin genes have conserved intron-exon architecture with 

two introns at identical positions in each gene (Christensen et al., 1996).  The first introns 

of vegetative PRF1, PRF2, and PRF3 are 250 bp longer than reproductive PRF4 and 

PRF5, which prompted an investigation into the functional and regulatory roles of these 

regions.  Through transient expression studies using GUS-transgenes, it was shown that 

the first intron of the profilin variants has remarkably different functions and plays a 

regulatory role in profilin expression (Jeong et al., 2006).  By swapping the first introns 

between PRF2 and PRF5, it was found that the PRF2 intron was required for proper 

ubiquitous PRF2 expression, while PRF5’s pollen specific expression was not affected 
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with PRF2’s intron.  These data suggest that the larger vegetative first intron is required 

for strong, constitutive expression of the vegetative profilins, while in reproductive 

profilins intron1 appears to have no effect on gene expression.  The presence of these 

regulatory elements in vegetative profilins infers the possibility of additional protein 

function. 

Profilins and Cancer 

 Profilins have been shown to be involved in various signaling pathways to 

regulate actin cytoskeleton reorganization, and to interact with many cytoplasmic and 

nuclear ligands.  Recent studies have implicated that profilins play a major role in cancer 

cells as well.  Initially it was found that human cancer cells, expressing low profilin1 

levels, adopt a non-tumorigenic phenotype upon raising their profilin1 level 

(Wittenmayer et al., 2004).  These results suggest that profilin1 is functioning as a tumor 

suppressor.  This was further validated when it was discovered that expression of 

profilin1 was down regulated in breast cancer cells, indicating that loss of profilin1 has a 

significant effect on breast cancer progression (Zou et al., 2007 and Zou et al., 2010).  

Profilin2 has also been dissected for its effects on cancer progression.  An interaction 

with the ENA/VASP protein, EVL, aids profilin2 in reducing membrane protrusions and 

cell migration through an actomyosin contractility mechanism (Mouneimne et al., 2012).   

Reduction in profilin2 expression appears to correlate with invasive disease and poor 

prognosis in patients with breast cancer (Mouneimne et al., 2012).  These data indicate 

that profilins could serve as a potential biomarker for cancer diagnosis (Zoidakis et al., 

2012).  Altogether, there is accumulating evidence that the improper expression and 
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regulation of these profilin proteins are directly linked to the progression of various 

cancers.   
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Figure 1.1:  Defining an epitype.  The epitype of a gene or genome is defined as the 

sum of all cis-linked chromatin structures that distinguish it from naked DNA, including 

but not limited to nucleosome phasing, base methylation (e.g., 5-methylcytosine, 5MeC), 

various histone side chain modifications, and deposition of histone variants (indicated by 

brown color change) within nucleosomes.  Genes X/Y/Z all represent different epigenetic 

states, and hence have different epitypes.  TSS:  transcriptional start site. 
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Figure 1.2:  Remodeling of the actin cytoskeleton by Actin Binding Proteins (ABPs) 

(Adapted from Pollard et al., 2000).  The rapid remodeling of the actin cytoskeleton is 

facilitated through protein-protein interactions with a suite of ABPs.  The roles of 

capping proteins, actin depolymerizing factors (ADFs), and profilins are depicted. 
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Figure 1.3:  Tissue-specific expression profiles for Arabidopsis profilins (PRF1-

PRF5) retrieved from the Arabidopsis e-GFP browser (Winter et al., 2007).  Scale of 

expression is in relative expression units (reu), with red representing high expression 

levels, orange moderate expression levels, and yellow low expression levels. A) PRF1. B) 

PRF2. C) PRF3. D) PRF4.  E) PRF5.  
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CHAPTER 2 

 

ANALYSIS OF ARABIDOPSIS THALIANA PLANTS DEFICIENT IN VEGETATIVE 

CLASS PROFILINS IDENTIFIES INDEPENDENT AND QUANITATIVE GENETIC 

EFFECTS1 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

     

1 Kristofer J. Müssar, Muthugapatti Kandasamy, Elizabeth McKinney, and Richard B. 
Meagher.  To be submitted to the Journal of Plant Physiology. 



43 

 

Abstract 

 The actin cytoskeleton is involved in an array of integral structural and 

developmental processes throughout the cell.  One of actin’s best studied binding partners 

is the small ubiquitously expressed protein, profilin.  Arabidopsis thaliana is known to 

encode a family of five profilin sequence variants: three vegetative profilins that are 

expressed in all vegetative tissues and ovules, and two that are specifically expressed in 

pollen.  This paper analyzes the roles of three vegetative profilin members, PRF1, PRF2, 

and PRF3, in plant cell and organ development.  Using a collection of knockout or severe 

knockdown T-DNA single mutants, we found that defects in each of the three variants 

gave rise to specific developmental deficiencies.  Plants lacking PRF1 or PRF2 had 

defects in rosette leaf morphology and inflorescence stature, while those lacking PRF3 

led to plants with slightly elongated petioles.  To further examine these effects, double 

mutants and multiple gene silenced RNAi epialleles were created.  These plants displayed 

significantly compounded developmental defects, as well as novel lateral root growth 

morphological phenotypes.  Microscopic examination of dwarfed plants lacking in 

profilin variants indicated that they have smaller cells defective in cell elongation.  

Evidence is presented that mixtures of independent function, quantitative genetic effects, 

and functional redundancy have preserved the three vegetative profilin genes.  We 

conclude with discussing a model for profilin’s role in cell elongation based upon overall 

profilin concentrations in the cell.           
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Introduction 

 Actin is a highly conserved, abundant, and multifunctional cytoskeletal protein 

that makes polymeric filaments and filament bundles to control spatial development in 

eukaryotic cells and organs (Kudryashov and Reisler, 2012).  Actin participates in more 

protein-protein interactions than any known protein (Dominguez and Holmes, 2011).  

Through these interactions, Actin Binding Proteins (ABPs) facilitate rapid remodeling of 

the cytoskeleton by regulating the unpolymerized (G-actin monomers) and polymerized 

(F-actin filaments) actin equilibrium (Yarar et al., 2007).  Actin is critical player in such 

processes as stress response, transcription, cytokineses, cell locomotion, maintenance of 

cell shape and polarity, and development (Williamson, 1993; Meagher and Williamson, 

1994; Jockusch et al., 2007; Perrin and Ervasti, 2010; Miralles and Visa, 2006).  The 

rapid polymerization and depolymerization of actin filaments is necessary for preserving 

cell shape, appropriate cell division, and development (Yarmola and Bubb, 2009). 

 Profilins are small (12-15 kDa), ubiquitously expressed, monomeric ABPs that 

have been identified in organisms ranging from protists and fungi through higher plants 

and animals (Ramachandran et al., 2001).  Originally, profilin was shown to specifically 

bind G-actin (globular actin) and was thought primarily responsible for G-actin 

sequestering in cells (Carlsson et al., 1976).  Recently, profilin has also been found to 

inhibit the spontaneous polymerization of actin filaments by forming a 1:1 complex with 

G-actin, thereby lowering ATP-G-actin steady-state concentrations, and once all barbed 

ends (+ end of actin polarity) become blocked by capping proteins, profilin begins to 

sequester G-actin from pointed-end polymerization (Dominguez, 2009).   
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 However, extensive research has shown that they also play a complex role in the 

formation of F-actin (filamentous actin) through the replenishment of the ATP-actin 

monomer pool via catalyzing the exchange of ADP for ATP on Actin (Dominguez and 

Holmes, 2011).  While profilin does not bind F-actin directly, profilin-ATP-G-actin 

complexes are essential for rapid filament assembly (Schulter et al., 1997).  Although 

profilin-bound actin monomers cannot add to pointed ends of actin filaments, they have 

been shown to elongate filament barbed ends at approximately the same rate as free actin 

monomers (Pollard and Borisy, 2003 and dos Remedios et al., 2003).  This would lead us 

to believe that profilin might be facilitating rather than inhibiting polymerization 

(Yarmola and Bubb, 2006).  This idea is further strengthened by results indicating that 

profilin could lower the critical concentration of actin needed to drive polymerization 

(Pantaloni and Carlier, 1993). 

 Besides binding actin, profilin also binds phosphatidylinositol 4,5-bisphosphate 

(PIP2) (Sohn et al., 1995), poly-L-proline (Bjorkegren et al., 1993), many proline-rich 

proteins such as vasodilator-stimulated phosphoprotein (VASP) (Haffner et al., 1995), 

formin homology domain-containing proteins (Frazier and Field, 1997), the Arp2/3 

complex (Mullins et al., 1998), and the annexins (Alvarez-Martinez et al., 1996).  Profilin 

can bind proline-rich sequences and actin simultaneously.  In fact, it binds to both with 

higher affinity as a ternary complex than to either one separately (Ferron et al., 2007).  

The knowledge that proline-rich sequences are abundant among cytoskeletal proteins 

suggests that these proteins may serve to guide profilin-actin complexes from the cellular 

pool onto actin filaments (Dominguez and Holmes, 2011).  Through these complex 

interactions, profilins have been shown to participate in cell elongation, cell shape 
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maintenance, and other processes requiring actin dynamics (Zheng et al., 2012).  In 

addition, there is evidence showing that profilins are regulating actin networks by 

signaling to the actin cytoskeleton through PIP2, Cdc42, and Actin Related Protein 

(ARP) complexes (Stradal et al., 2004 and Witke et al., 1998).  However, this link, as 

well as profilins effects on tissue and organ development remains relatively unexplored.  

Profilin sequence alignments show small amounts of sequence homology in the 

N- and C-terminal regions, even when comparisons are made across various eukaryotic 

kingdoms.  Only 25 to 40 residues (~20-30%) are universally conserved across all 

kingdoms (Meagher, 1995).  This is unlike what is seen with actin, which is more than 

80% conserved in most organisms across kingdoms, the exception being primarily among 

the more divergent protists (Kandasamy et al., 2012). 

  In plants, profilins are encoded by small gene families, which exhibit distinct 

tissue and organ-specific expression patterns throughout development (Kandasamy et al., 

2002).  There are two separate ancient classes of profilins in higher plants, vegetative 

(constitutive) and reproductive (pollen-specific).  These classes show significant amounts 

(~25%) of amino acid sequence divergence.  By looking at conservations among all 

profilins compared among monocots and dicots, we see that vegetative profilins in 

monocots and dicots are more similar to each other than they are to their own rep. profilin 

counterparts.  Based on this and other divergence data it has been estimated that 

reproductive and vegetative class profilins arose ~200 to 400 million years ago in early 

land plant evolution before the split between monocot and dicot angiosperms (Blanc and 

Wolfe, 2004; Krom and Ramakrishna, 2008).  This tissue specific partitioning can also be 

seen in humans (Hs), where HsProfilin1 is ubiquitously expressed at high levels in all 
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organs and tissues except muscle.  HsProfilin2 is expressed high in brain and muscle, and 

HsProfilin3 and HsProfilin4 are expressed almost exclusively in sperm (Honore et al., 

1993).  Phylogenetic analysis demonstrates that distinct classes of profilin have 

independently evolved in both plants and animals.  

In Arabidopsis thaliana, there are five profilin genes (PRF1-PRF5).  PRF1, PRF2, 

and PRF3 are vegetative, being constitutively expressed throughout all vegetative tissues 

and in ovules, and were originally classified as “constitutive profilins”.  PRF4 and PRF5 

are classified as reproductive profilins and are predominately expressed in mature pollen.  

Phylogenetic relationships among this gene family can be seen in Figure 2.1A (Meagher 

et al., 1999).  The three veg. proteins share 90% sequence identity, while the vegetative 

and reproductive classes share ~70-75% sequence homology (Huang et al., 1996).  While 

the expression levels of PRF4 and PRF5 are almost identical, the vegetative profilins 

exhibit a varying range of expression.  PRF2 is the most highly expressed, PRF1 is only 

expressed at moderate levels (~40% of PRF2 levels), and PRF3 is weakly expressed 

(~12% of PRF2 levels).  Despite varying in their amounts of expression, PRF1, PRF2, 

and PRF3 are expressed spatially similar (Winter et al., 2007).   

While there has been some research depicting the function of these Arabidopsis 

profilins, their effects on overall plant development still remain a mystery.  Previous 

analysis has shown that a partial knockdown (RNA and protein levels 50% of WT) of the 

vegetative profilin, PRF1,  results in altered seedling development, elongated hypocotyls, 

loss of light regulation, as well as defects in root hair development, flowering time, cell 

elongation, and overall cell shape maintenance (McKinney et al., 2001, Ramachandran et 

al., 2001).  However, due to the leaky nature of the mutants being examined these 
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phenotypes were not overwhelming, suggesting that complete knockouts as well as 

double and triple knockouts will need to be established and dissected in detail.  

Biochemical analysis and localization observations have shown that PRF1 has a higher 

affinity for binding poly-L-proline and G-actin than PRF2, and that while PRF1 is more 

likely associated with filamentous actin, PRF2 localizes to polygonal meshes resembling 

the endoplasmic reticulum (Wang et al., 2009).  A detailed functional analysis of PRF3 

has yet to be reported.  

We describe here, using various knockout T-DNA insertion mutants and RNAi 

knockdown plants in multiple combinations, the roles of the three Arabidopsis vegetative 

protein variants in cell, tissue, and organ development.  After morphological analysis we 

saw that plants deficient in PRF1 or PRF2 lead to similar defects in rosette leaf 

morphology and inflorescence stature, while the loss of PRF3 led to less evident 

phenotypes like elongated petioles.  The creation of double mutants showed combinations 

of the single mutant phenotypes, while knocking down all three profilins showed the 

most drastic dwarfed phenotypes as well as problems with lateral root initiation and 

growth, indicating the presence of quantitative genetic effects.   Through microscopic 

analysis of dwarfed plants lacking PRF1 and PRF2, we saw what appear to be defects in 

cell elongation that result in undersized cells along the leaf epidermis.  These results help 

further elucidate profilin’s role in actin dynamics, which has been widely debated over 

the past 20 years. 
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Materials and Methods 

Plant Materials and Growth Conditions  

 All Arabidopsis thaliana seeds were of the Columbia (Col) ecotype.  Wild-type, 

mutant, and transgenic seeds were grown in conditions and media described previously 

(McKinney et al., 1995 and 2001, Gilliland et al., 2002).  T-DNA insertion lines were 

obtained from the Arabidopsis Biological Resource Center (ARBC, Ohio St. University).  

prf1-4 (GK_614F01) and prf3-2 (GK_055A02) were from the Gabi Kat mutant 

collection, while prf2-1 (SALK_129071) was generously provided to us from Dr. Brad 

Day (Michigan St. University), and is derived from the SALK mutant collection. T-DNA 

mutant lines were cleaned up by backcrossing to WT-Col, allowing heterozygotes for the 

insertion to self-pollinate, and then repeating the process for a second and third time to 

ensure that these lines are free of other T-DNA insertions.  These plants were screened 

each generation for the presence of their respective mutant alleles by PCR using methods 

previously described (Kandasamy et al., 2005) and the following sets of mutant Left 

Border (LB) and WT primers:  prf1-4, PRF1_WT_S (5´-

TAGACCATTAGTCTATTGTGAGAT-3´), Prf1-4_GK_LB (5´- 

CGTCGGAGAATTCAGTACTCG-3´), and PRF1_WT_AS (5´-

TTCGCCACCGAGAAATAGTCCGGTT-3´), prf2-1, PRF2_WT _S (5´-

ATCGACTTTCACACAAAACAT-3´), Prf2-1_SALK_LB (5´-

GCAATTAGCTTCAACCGACTG-3´),and PRF2_WT_AS (5´-

TTGCCTTCGACCTCGCACATGAGAT-3´), prf3-2, PRF3_WT_S (5´-

AGATGAGGGCCTTATAATGGA-3´), Prf3-2_GK_LB_S (5´- 

ATCATCGATCGGCTCATATTG-3´),and PRF3_WT_AS (5´-
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GTAGTCGGTATAGAAATA-3´).  DNA for PCR was extracted using the REDExract 

N-Amp Plant PCR Kit (Sigma-Aldrich).   Following confirmation via PCR, clean mutant 

lines were sent off for DNA sequencing to confirm the exact location of the insertions.  

prf1-4 had an insertion 74 bp upstream of the second exon in the first intron, prf2-1 had 

an insertion 113 bp upstream of the translational start site in the promoter, and prf3-2 had 

an insertion 15 bp from the end of the first exon (Figure 2.1B). All plants were grown at 

22°C with 16-h days/ 8-h nights. 

Double Mutant Generation 

 Double mutants were then generated through the following plant crosses between 

the individual T-DNA mutants:  prf1-4/ prf1-4 pollen crossed with emasculated prf2-1/ 

prf2-1 (prf1-4 prf2-1), prf1-4/ prf1-4 pollen crossed with emasculated prf3-2/ prf3-2 

(prf1-4 prf3-2), prf2-1/ prf2-1 pollen crossed with emasculated prf3-2/ prf3-2 (prf2-1 

prf3-2).  F1 progeny were screened by PCR for the presence of both alleles (using 

primers above), and then allowed to self-pollinate. PCR was used to check F2 progeny 

displaying the dwarfed leaves phenotypes for the presence of both mutant alleles and the 

absence of both wild-type alleles.   

Simplified Construction of RNAi Transgenes  

 Single, double, and triple RNAi constructs were designed based on previously 

described methods (Pawloski et al., 2006 and Tian et al., 2009) with an important 

simplification.  Previous constructs used a large 1,400 bp petunia intron to separate the 

forward and reverse facing sequences and RNAi gene constructions required going 

through multiple rounds of overlapping PCR or a multistep cloning process to make the 

assembly.  Instead we used a 79 bp Actin2 intron flanked by two “A” residues on either 
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side and had it synthesized by GenScript (Piscataway, NJ). This design allowed for a 

much smaller gene construct to be assembled.  The constructs consisted of 100 (PRF1-

RNAi), 200 (PRF2L-RNAi and PRF1 PRF2-RNAi), or 300 (PRF1 PRF2 PRF3-RNAi) 

bp inverted repeats (depending on how many genes being targeted) separated by the “A” 

residues and the 79 bp Actin2 intron, all under the control of the Actin2 promoter 

terminator (A2pt) (Kandasamy et al., 2002).  Once the intron was removed, we were left 

with a stable “AAAA” loop connected to the RNA stem consisting of the inverted repeats 

that hybridize to the first 100 bp (200 bp for prf2-RNAi) of the 3’-UTRs of their 

corresponding profilin target genes.  PRF2-RNAi required a longer inverted stem of 200 

bp in order to achieve sufficient silencing of PRF2. 

 Complementation Constructs were made by cloning full-length PRF1, PRF2, and 

PRF3 cDNAs under the control of the A2pt construct as described in Kandasamy et al., 

2002.   This ensured the proper expression in the appropriate tissues.  Fimbrin-GFP 

reporter constructs (35S:GFP-FABD2); previously described in (Wang et al., 2004) were 

transformed into our WT and PRF1 PRF2-RNAi plants to allow for visualization of actin 

filaments.  The 35S:GFP-FABD2 construct consists of GFP fused to the C-terminal half 

of Arabidopsis Fimbrin1.  For our constructs we exchanged the hygromycin resistance 

marker for a Basta resistance marker.  All transformations were performed with 

Agrobacterium tumefaciens strain C58C1 using the floral dip method (Clough, 2005). 

Leaf, Root, and Plant Measurements 

 All leaf measurements were taken on day 28 of development (i.e., 28 days after 

seed germination on soil).  Measurements were collected using a standard metric ruler by 

the same individual to ensure consistency.    For each measurement a total of 52 rosette 
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leaves (largest two leaves per plant on 26 plants) were analyzed for each WT, mutant, 

complement, and RNAi line.  Plant height measurements were taken on day 40 of 

development using a standard metric ruler after laying plants flat on the bench and 

measuring to the top of the inflorescence.  For each measurement a total of 30 plants 

were analyzed for each WT, mutant, complement, and RNAi line.  All root 

quantifications were taken on day 15 of development using a standard metric ruler or by 

counting (lateral root initiation).  For each measurement a total of 30 roots were analyzed 

for WT, PRF1 PRF2-RNAi, PRF1 PRF2 PRF3-RNAi, prf3-2, and A2p:PRF3 

overexpression lines.  To measure the hypocotyls, seeds were grown vertically in dark 

growth conditions with measurements taken on day 10.  All measurements were taken to 

the nearest 0.1 mm.  Graphs of resulting data were constructed in Excel (Microsoft).   

qRT-PCR RNA Analysis 

 RNA was isolated, treated, and cDNA was made from leaf tissues of wild-type 

and various transgenic plants as previously described (Kandasamy et al., 2007).  cDNA 

populations were analyzed using the following qRT-PCR primers:  Ubiquitin10 was the 

endogenous control, Ubiq10_Sense (5´-AGAAGTTCAATGTTTCGTTTCATGTAA-3´) 

and Ubiq10_Antisense (5´-GAACGGAAACATAGTAGAACACTTATT-3´), PRF1, 

PRF1_3utr_Sense (5´-TCTCCTTCGTTACCGAGTTTGAG-3´) and 

PRF1_3utr_Antiense (5´-ACTCAATACATATGGAGAAAAAAGAT-3´), PRF2, 

PRF2_3utr_Sense (5´-CTGCCATGTATTGTGATTTGATTG-3´) and 

PRF2_3utr_Antiense (5´-GAGAGGATCAAAACCATAACAAATAT-3´), PRF3, 

PRF3_3utr_Sense (5´-GTGTCGTGAGAGAAAAACTATTCGAT-3´) and 

PRF3_3utr_Antiense (5´-CCCCAAGATCCATCACAAGGT-3´).  All primer sets were 



53 

 

designed to detect the 3’-UTR of their respective genes, thus ensuring distinct specificity 

and that primers were downstream of all T-DNA insertions.  Reactions were performed 

on an Applied Biosystems 7500 real-time PCR system using SYBR Green detection 

chemistry (Applied Biosystems) as described previously (Deal et al., 2007).  In all 

experiments, the 2−(ddCT) method (Livak and Schmittgen, 2001) was used to detect the 

relative quantification of gene expression.  

Western Blot Analysis 

 Arabidopsis protein samples were prepared by grinding 50 mg of frozen leaf 

tissue in liquid nitrogen and then extracted in 125 μL of extraction buffer containing 25 

mM Tris-HCl, pH 7.5, 10 mM NaCl, 10 mM MgCl2, 5 mM EDTA, and a protease 

inhibitor cocktail (Roche Diagnostics; one tablet/10 mL).  After 10 min centrifugation, 

the supernatant was mixed 1:1 with 2× Sodium Dodecyl Sulfate (SDS) sample buffer 

(O’Farrell, 1975) and boiled for 5 min.  ~15-20 μL were loaded per well (i.e., ~25 μg 

protein).  Protein samples were then separated on 12% SDS-PAGE gels and transferred 

to a Immobilon transfer membrane (Millipore, MA) by semi-dry blotting (Hofer, CA).  

Membranes were blocked for 30 min in TBST (10 mM Tris-HCl pH 7.5, 150 mM NaCl, 

0.05% Tween 20) containing 20% goat serum and 5% dry milk, and then probed with the 

primary antibody (MAbPRF1a or MAbPRF12a, see Kandasamy et al., 2002) at 0.5 g/ml 

concentration for 1 h, and then washed thoroughly with TBST.  Then membranes were 

probed with IgG-antimouse horseradish peroxidase-conjugated secondary antibody at a 

1:2000 dilution in blocking solution for 30 min. The blots were washed again in TBST (3 

x 5 min), treated with ECL detection solution (Amersham, NJ) for about 2 min and then 

exposed to the Hyperfilm ECL (Amersham).  Western blot analysis was repeated at least 
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twice for each experiment. Coomassie Brilliant Blue staining of duplicate gels was used 

to monitor the equal loading of proteins and to adjust loading if necessary.  

Quantification of bands was calculated using ImageJ (NIH), a Java-based image 

processing program. 

Microscopy Analysis 

 Day 28 leaf samples from WT and transgenic PRF1 PRF2-RNAi plants 

containing the 35S:GFP-FABD2 construct (Wang et al., 2004) were suspending in a 

single drop of distilled water on a 25 mm x 75 mm microscope slide.  The actin 

microfilaments in the labeled cells were visualized with a Leica confocal laser scanning 

microscope (TCS-SP2).  The images were further processed using Adobe Photoshop 

software (Adobe Systems, Mountain View, CA). 

Actin-Inhibiting Drug Treatments 

 Both WT-35S:GFP-FABD2 and PRF1 PRF2-RNAi - 35S:GFP-FABD2 seedlings 

were grown up in liquid germination medium (Murashige and Skoog salts [Life 

Technologies, Rockville, MD]) with 1% sucrose on a 96 well MICROTEST flat bottom 

Tissue Culture Plate (Becton Dickinson), and grown at 22°C with 16-h days/ 8-h nights.  

Latrunculin-B, from Red Sea Sponge (Sigma-Aldrich) and Cytochalasin D, from 

Zygosporium mansonii (Sigma-Aldrich) were dissolved in dimethyl sulfoxide (DMSO) to 

varying concentrations (25-100 mM).  Five day old seedlings were then treated with 25, 

50, 75, or 100 mM of either Latrunculin-B or Cytochalasin D, and allowed to incubate for 

one to five hours.  The treated seedlings were then examined using a Leica confocal laser 

scanning microscope (TCS-SP2).  
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Results 

Vegetative Profilin Single Mutants Show Defects in Leaf and Inflorescence 

Development 

 To determine the in vivo functional roles these vegetative profilins play in plant 

growth, actin dynamics, and Arabidopsis development, we characterized single T-DNA 

insertion mutants for PRF1, PRF2, and PRF3.  prf1-4 has an insertion in the first intron 

74 bp upstream of the second exon, prf2-1 has an insertion 113 bp upstream of the 

translational start site in the promoter, and prf3-2 has an insertion at the end of the first 

exon (Figure 2.1B).  To ensure that resulting mutant phenotypes were indeed caused by 

these specific insertions, we constructed complemented lines by overexpressing 

endogenous complementary PRF1, PRF2, or PRF3 cDNAs, respectively, under the 

control of the constitutive Actin2 promoter (A2pt).  Multiple (2-3) independent 

transgenic complementation lines were analyzed. 

 At day 28 after germination there are significant visible defects in leaf and 

inflorescence development for prf1-4 and prf2-1 plants, while prf3-2 plants appeared 

relatively normal (with slightly elongated petioles) as shown in Figure 2.1C.  prf1-4 and 

prf2-1 plants developed leaves that are significantly shorter in total length, width, and 

blade length (Figure 2.1D-E).  Individual leaf morphology pictures can be seen in 

Figure 2.1G.  These mutant plants were also shorter in overall plant height, with 

inflorescences appearing less stable than that of WT (Figure 2.1F).  This lack of structure 

suggested that the actin cytoskeletons of these cells in the inflorescences’ was impaired.  

Pictures of these mutant plants at other developmental time points can be seen in the 

supplemental data (Figure 2.S1). 
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 To ensure that these mutants and RNAi knockdowns were not expressing any 

RNA or protein, qRT-PCR and western blot analysis were performed.  qRT-PCR primers 

were designed to target the distinct 3´-UTR sequence of each gene respectively, and all 

monoclonal antibodies (mAb) used in this study recognized a 13- to14-kD profilin band 

(Kandasamy et al., 2002).  MAbPRF1a reacts strongly and specifically with PRF1, while 

MAbPRF12a reacts strongly with PRF1 and PRF2 and only modestly with PRF3 

(Kandasamy et al., 2002).  qRT-PCR and western blot analysis revealed that these 

mutants had very little to no detectable RNA or protein expression (Figure 2.2A-B).  We 

also demonstrated that the complement lines did contain much higher levels of RNA and 

protein than WT (Figure 2.2A-B).  However, no visible phenotypes were observed in 

these complemented plant lines overexpressing any of the three vegetative profilins.   

 To further confirm our analysis of phenotypes, we also created single RNAi 

silencing epialleles for PRF1 and PRF2 (PRF1-RNAi and PRF2-RNAi).  We developed a 

new efficient method for constructing RNAi genes that expressed simple stem-loop 

structures that will silence RNA expression (see Materials and Methods).  These stem-

loop structures were designed to target and silence the 3’-UTR of each gene.  We saw 

similar morphological phenotypes compared to our T-DNA insertion mutants and the 

resulting measurements for leaf length, width, and plant height were confirmed (Figure 

2.S2).  qRT-PCR of these epialleles exposed that RNA levels were less than 10% of WT 

(Figure 2.S2).   
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Vegetative Profilin Double Mutants and Double/ Triple RNAi lines Show More Severe  

Effects on Development 

 In order to assess both functional redundancy and quantitative effects of the 

vegetative profilins in Arabidopsis development, three double T-DNA mutants were 

generated:  prf1-4 prf2-1, prf1-4 prf3-2, and prf2-1 prf3-2.  The phenotypes shown in 

Figure 2.3 make it clear that all three double homozygous null mutants exhibit even 

stronger and more distinct developmental phenotypes than any single PRF1, PRF2, or 

PRF3 defective plant.  The double mutants had noticeably smaller leaves than the single 

mutants that are shorter in total length, blade length, and width.  These defects are seen 

throughout development.  Interestingly, double mutants containing the prf3-2 allele show 

remarkably longer petioles (Figure 2.3B-C, see the next section).  The double mutants 

are also shorter in overall plant height (Figure 2.3E).   

 qRT-PCR and western blot analysis again revealed that these mutants had very 

little to no detectable RNA and even more greatly reduced protein expression (Figure 

2.4A, D).  Notice how the prf1-4 prf3-2 double mutant had the strongest profilin 

expression, which is in agreement with PRF2 being the most highly expressed member of 

the gene family.  prf1-4 prf2-1 had the lowest profilin expression, consistent with known 

expression levels for these two genes, and therefore produced the most drastic 

developmental phenotypes. These data suggested that unlike Arabidopsis vegetative actin 

ACT7, which is up-regulated in response to deficiencies in ACT2 and ACT8, none of the 

vegetative profilins were significantly up-regulated in response to profilin deficiency.   

 Based on previous studies that silenced four late pollen actins and four Actin 

Depolymerizing Factors (ADFs) by stacking four different 100 bp 3’-UTR sequences in 
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the stem of a stem-loop RNA (Pawloski et al., 2006, Tian et al., 2009), we created a 

simplified design for RNA interference constructs, and silenced PRF1 and PRF2 (PRF1 

PRF2-RNAi), as well as PRF1, PRF2, and PRF3 (PRF1 PRF2 PRF3-RNAi), 

simultaneously (see Materials and Methods).  Two strongly silenced independent 

transgenic lines (#23 and #6 for PRF1 PRF2-RNAi, #26 and #19 for PRF1 PRF2 PRF3-

RNAi) and one intermediately silenced line (#11 for PRF1 PRF2-RNAi, #6 for PRF1 

PRF2 PRF3-RNAi) were used in these analyses.  The strongly silenced lines were 

severely dwarfed throughout development, with the triple RNAi epiallele showing much 

more drastic phenotypes than any of the double mutants (Figure 2.5).  qRT-PCR and 

western blot analysis of these lines show minute levels of RNA and no detectable protein 

expression (Figure 2.4B,C,E).  PRF1 PRF2 PRF3-RNAi plants produced much less 

seeds, had fewer siliques, and were significantly shorter than any of the other single or 

double mutant lines (Figure 2.5D).  These results indicated that when Arabidopsis plants 

were deficient in all three vegetative profilins there appears to be a quantitative genetic 

effect leading to severely dwarfed plants and a wide range of tissues not being fully 

developed.  Interestingly, the double PRF1 PRF2-RNAi line exhibited slightly more 

radical phenotypes than the prf1-4 prf2-1 double mutant.  However, by looking at the 

western blot data (Figure 2.4D-E) we saw that the PRF1 PRF2-RNAi line had even less 

protein than the prf1-4 prf2-1 double mutant, which explains the more severe phenotypes.   

PRF3 Deficient Plants Exhibit Slightly Elongated Petioles 

 While PRF3 deficient plants did not seem to display the strong dwarfed leaf 

phenotype similar to plants deficient in PRF1 or PRF2, they did exhibit elongated 

petioles compared to WT (Figure 2.6A).  The elongated petiole phenotype can be seen in 



59 

 

all plant lines that have the PRF3 gene knocked down (prf3-2, prf1-4 prf3-2, and prf2-1 

prf3-2), with the exception of PRF1 PRF2 PRF3-RNAi plant lines whose leaves and 

petioles were so dwarfed that this difference was not statistically significant (Figures 

2.6A, 2.3B, and 2.5B).  These data suggest that PRF3 was performing some sort of 

independent function during development.  Previous experiments using PRF3 promoter-

GUS fusion constructs confirmed that PRF3 was being expressed in petioles (Fan et al., 

2013), suggesting that PRF3 may play a distinct role in petiole development, a role that 

cannot be played by either PRF1 or PRF2. 

Multiple independent PRF3 overexpression lines were analyzed by growing them 

vertically on plates containing 0.5 MS salts and 1% sucrose germination media, yielding 

no phenotypic result (Figure 2.6B).   Despite previously published data indicating that 

the overexpression of PRF3 causes stunted roots with defects in cell elongation and F-

actin organization (Fan et al., 2013), we saw no phenotype in our PRF3 overexpression 

lines.  In addition, no effects were seen on hypocotyl development in PRF3 

overexpression plants (Figure 2.6C).  These contrasting phenotypic results could be due 

to differences in how PRF3 was overexpressed.  The loss of PRF3 RNA expression in 

these lines was demonstrated using qRT-PCR (Figure 2.6D).  Western blot analysis was 

unable to clearly determine the extent of PRF3 protein present, since PRF3 represents 

such a small part of total profilin expression, and because MAbPRF12a reacts stronger 

with the more highly expressed PRF1 and PRF2 proteins than PRF3 (Figure 2.6E).  A 

complete list of phenotypic measurements for all plant lines is presented in Table 2.S1.     
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Vegetative Profilins are Essential to Lateral Root Initiation 

 We grew all mutant and epiallele plant lines vertically on plates containing 0.5 

MS salts and 1% sucrose germination media to look for defects in root growth.  Most 

lines showed no significant root growth and formation phenotypes (not shown).  For 

example, lines lacking PRF1 and/or PRF2, the two most highly expressed profilins, had 

nearly normal primary and lateral root development as shown in Figure 2.7A.  However, 

multiple PRF1 PRF2 PRF3-RNAi plant lines showed drastic differences in its root 

architecture (Figure 2.7A).  These plants appeared to form normal length primary roots 

(Figure 2.7B), but have severe deficiencies in lateral root growth and formation.  They 

not only produce a lower number of lateral roots (Figure 2.7C), but these lateral roots 

were also much shorter (Figure 2.7D), indicating that there could likely be a problem in 

cell elongation among these lateral roots.  The PRF1 PRF2-RNAi plants (or any of the T-

DNA double mutants, not pictured) do not show a significant loss in the number of lateral 

roots initiated, but do show shorter lateral roots than WT.  This suggested that the total 

amount of profilin needs to be at some minimal level in order to properly initiate lateral 

root formation.  This would indicate that there was functional redundancy among the 

vegetative profilin gene family, and that having any of these three profilins is sufficient 

for proper lateral root initiation and growth.  Root architecture of the intermediately 

silenced PRF1 PRF2-RNAi and PRF1 PRF2 PRF3-RNAi epialleles revealed 

intermediate phenotypes that appear proportional to PRF expression levels (Figure 2.S3).   
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PRF1PRF2-RNAi Plants Show Effects on Cell Size and Actin Filament Organization 

 In order to determine how the defects described above affected the F-actin 

cytoskeleton, we cloned the GFP-FABD2 fusion (a green fluorescent reporter with one 

binding site for F-actin) into PRF1 PRF2-RNAi lines as well as WT control plants.  The 

doubly silenced plants were chosen over the triply silenced lines because PRF1 PRF2 

PRF3-RNAi lines were too sick to manipulate genetically.  The GFP fusion allowed us to 

visualize actin cellular dynamics by binding and revealing dynamic arrays of F-actin 

filaments in vivo (Wang et al., 2004 and Voigt et al., 2005).  These lines were then 

observed using confocal microscopy.  We first looked at pavement cells on the 

Arabidopsis leaf epidermis (Figure 2.8A).  These cells are known for being shaped like 

the interlocking pieces of a jigsaw puzzle (Glover, 1999).  As shown in Figure 2.8A, 

PRF1 PRF2-RNAi plants have dramatically smaller cells than those seen in WT, 

suggesting that vegetative profilins were playing an active role in cell elongation.  This 

result likely explains why the resulting leaves were much smaller in size throughout 

development.  To further examine actin filament organization, we looked at vein 

patterning in leaf cells (Figure 2.8B).  It appeared as if plants deficient in PRF1 and 

PRF2 exhibited slightly disorganized filamentous structures, with an increased 

aggregation of F-actin filaments.  These plants were also treated with the actin inhibitors, 

latrunculin B and cytochalasin D, but we failed to see a significant change in their F-actin 

networks compared to WT (not pictured).   Further studies will need to be performed to 

mechanistically deduce the effects that lowering the concentration of the profilin pool has 

on actin filament dynamics.     
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Discussion  

 The actin binding protein, profilin, is abundantly found throughout complex 

multicellular organisms.  The Arabidopsis thaliana genome encodes a five member 

profilin gene family, three vegetative and two reproductive.  We have focused on 

dissecting the functional consequences of knocking out the three vegetative gene 

members both individually and in combinations.  Previous studies on a PRF1 mutant that 

partially reduced PRF1 expression led to the discovery of minor defects in Arabidopsis 

development (McKinney et al., 2001, Ramachandran et al., 2001).  This paper serves to 

extend these analyses to all three vegetative gene members by utilizing newly obtained 

null T-DNA insertion mutations, double mutants, and by taking advantage of a slightly 

modified RNAi approach to silencing multiple profilin genes simultaneously.  With these 

techniques we have identified additional abnormal developmental phenotypes that are 

much more severe, and hope to use these results to develop a better understanding of 

profilin’s functions as an actin binding protein. 

Vegetative Profilins Effect Normal Leaf and Inflorescence Development 

 To complete this analysis we began by acquiring and establishing T-DNA 

insertion mutants to each of the three vegetative profilins found in Arabidopsis.  These 

lines were then confirmed by qRT-PCR and western blot analysis (Figure 2.2).  For prf1-

4 and prf2-1, we saw extremely similar phenotypic effects, with plants showing defects in 

normal rosette leaf morphology as well as inflorescence development, leading to shorter 

overall plant height for these mutants (Figure 2.1).  The inflorescences of these mutants 

were thinner and weaker than WT and not stable enough to stand up on their own.  This 

suggests that there are structural deficiencies in these mutant tissues.  Since profilin is 
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thought to be responsible for shuttling monomeric actin to promote filament formation, 

perhaps the absence of these highly expressed profilins is inhibiting or slowing the 

formation of actin-filaments at the leading edge of cells resulting in a lack of appropriate 

cell elongation in these tissues.  The prf3-2 mutant showed no significant inflorescence 

phenotypes (Figure 2.1).   

 GUS-constructs have been made to show that all three of these profilins are 

expressed in the same tissues all throughout the plant (Jeong et al., 2006 and Fan et al., 

2013), so it is slightly surprising that similar phenotypes are not seen in the prf3-2 

mutant.  One must remember that expression profiles have indicated that PRF1 and PRF2 

are more highly expressed than PRF3 (Winter et al., 2007).  This can explain why the 

lower expressed PRF3 does not have such obvious developmental defects.  This suggests 

the possibility that there is partial functional redundancy among the vegetative members 

in this gene family.  

 While the rosette leaf and inflorescence phenotypes were absent from prf3-2, this 

mutant did appear to show effects on petiole development.  In particular, plants lacking 

PRF3 showed slightly elongated petioles compared to WT (Figure 2.6), indicating that 

PRF3 may be specifically required for proper petiole formation.  Perhaps PRF3 is 

responsible for controlling the proper spatial sequestering of actin monomers in petioles, 

thereby guiding normal petiole development.  This result is the first documented instance 

where a loss of PRF3 has shown any type of developmental phenotype.  Further studies 

into this particular mutant will be necessary in order to fully understand all of the specific 

functions of PRF3 in petiole and overall plant development.  PRF3 overexpression lines 

were recently analyzed to show defects in seedling development, in particular, stunted 
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primary root and hypocotyl length (Fan et al., 2013).  However, after constructing PRF3 

overexpression lines using the strong constitutive ACTIN2 promoter, and performing 

qRT-PCR and western analysis to confirm the overexpression of PRF3 RNA and protein, 

these phenotypes were not detected.  In particular, we did not see any significant 

deviation from WT primary root and hypocotyl length (Figure 2.6B).  We are uncertain 

as to what to conclude from these two conflicting results.  Regardless, single mutant 

analysis has revealed that when each of these genes are knocked out, abnormalities arise 

in plant development.  

Knocking Out Multiple Vegetative Profilins Leads to Compounded Phenotypic Defects 

 After seeing that individual single gene mutants gave rise to noticeable 

phenotypes, we developed novel plant lines where multiple PRF genes were knocked out.  

This was the first time Arabidopsis plants with multiple profilin mutants have ever been 

constructed.  As we were hoping to expect, we saw the same developmental phenotypes 

as the single mutants only they were more extreme.  While prf1-4 and prf2-1 had similar 

leaf and inflorescence defects, the prf1-4 prf2-1 double mutant gave rise to plants with 

even smaller leaves than the respective single mutants (Figure 2.3).   However, the prf1-

4 prf2-1 double mutant did not lead to plants that were significantly shorter in overall 

plant height than the single mutants.  This was unexpected, but after establishing the 

PRF1 PRF2-RNAi lines we did in fact see a significant drop in plant height as well as 

leaf size (Figure 2.4).  While qRT-PCR data has both prf1-4 prf2-1 and PRF1 PRF2-

RNAi plant lines expressing very little PRF1 and PRF2 RNA, after performing western 

blot analysis we can clearly see that the RNAi lines have absolutely no protein expression 

while double mutants show a faint band indicating that there may still be small amounts 
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of protein present (Figure 2.4D-E).  This could be attributed to the fact that the prf2-1 

insertion is in the promoter region upstream of the transcriptional start site leading to 

some leakiness when crossed with another mutant.  Regardless, there is an agreement 

between the two approaches that by knocking out the two most highly expressed 

vegetative profilins; you see the most dramatic leaf and inflorescence phenotypes. 

 While the prf1-4 prf2-1 mutant showed the most compounded developmental 

defects, we saw a combination of single mutant phenotypes in the prf1-4 prf3-2 and the 

prf2-1 prf3-2 double mutants.  These plants both displayed dwarfed leaves, shorter, less 

stable inflorescences, and elongated petioles (Figure 2.3).  This was fortunately exactly 

what we expected.  This would indicate that while PRF1 and PRF2 are playing major 

roles in rosette and inflorescence development, PRF3 must be involved in the proper 

development of petioles.  It makes sense that the much lower expressed PRF3 seems to 

have evolved to function specifically in the assistance of petiole development, while 

PRF1 and PRF2 serve to function in multiple tissues.  In addition, since the PRF1 and 

PRF2 deficient plants exhibit very similar phenotypic effects, this suggests the possibility 

of there being partial functional redundancy.  However, since the single mutants each 

have strong phenotypes on their own, we believe this may be more of a quantitative 

genetic effect.  Further experiments will be needed to determine the extent, if any, of this 

possible functional redundancy.     

PRF1 PRF2 PRF3-RNAi Plants Show the Most Drastic Dwarfed Phenotypes and 

Exhibit Defects in Lateral Root Growth and Formation 

 To further dissect the role vegetative profilins are playing in Arabidopsis 

development and examine possible quantitative genetic effects, we created an RNAi 
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construct using a modification of a published method (Pawloski et al., 2006 and Tian et 

al., 2009), that silences all three profilin genes simultaneously, PRF1 PRF2 PRF3-RNAi.  

Molecular characterization has shown that these plants are not expressing any vegetative 

profilin protein (Figure 2.4E).  These plants are completely stunted in almost all aspects 

of development.  They produce much smaller rosette and cauline leaves, have less 

siliques that are shorter leading to lower seed production, a lower degree of branching, 

and are completely dwarfed in overall plant height (Figure 2.5).  When all three 

vegetative profilins are knocked down, the plants exhibit severe developmental defects.  

It appears that when the vegetative profilin pool is completely depleted, plants are unable 

to fully form many of its above ground tissues and organs.  This stunted phenotype is 

indicative of defects in cell elongation.  Surprisingly, these plants are not sterile; they 

produce on average 40-50 seeds per plant, but due to their sickening health they were 

very difficult to genetically manipulate.   

 The overwhelming amount of visible above ground phenotypes in these plants 

prompted a more detailed analysis into their root development.  It was recently found that 

at root tips, actin polymerization is facilitated by the Arp2/3 complex and profilin through 

interactions with phosphatidylinositol 4,5-bisphosphate (Pei et al., 2012), thereby 

implicating profilin with proper root elongation.  All single PRF mutants and most double 

mutants yielded no effects on root development.  When PRF1 and PRF2 are knocked 

down, we begin to see slight root defects.  Once all three PRFs are knocked down we 

begin to observe major deficiencies in the formation of the overall root architecture 

(Figure 2.7A).  In particular, PRF1 PRF2 PRF3-RNAi plants lack the ability to initiate 

lateral root growth.  Not only can we detect an absence of lateral root growth, there are 
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also much less lateral roots being formed.  While primary root growth appears unaffected 

in these plant lines, defects in lateral root growth and formation are abundantly clear.  

These results would lead one to believe that perhaps it is PRF3 that controls lateral root 

development.  However, these phenotypes are not seen in the prf3-2 single mutant alone 

(Figure 2.6B), indicating that this interaction must be more complicated.  One 

explanation would involve the overall pool of profilin in the cell.  Perhaps once overall 

vegetative profilin protein levels reach a certain threshold, the cells conserve what is 

present and only initiates cell elongation in certain tissues and organs (possibly those 

more essential to development or survival).  Another explanation is that the reproductive, 

PRF4 and PRF5, gene members are functionally filling in for the vegetative PRFs, but are 

less efficient or unable to promote growth in all tissues leading to visible developmental 

deficiencies in roots.  However, since we do see a partial phenotypic rescue of root 

architecture and lateral root growth in our intermediately silenced PRF1 PRF2 PRF3-

RNAi line (Figure 2.S3); we believe that this is a result of a quantitative genetic effect.  

Lowering PRF Concentrations Lead to Altered Cytoskeletal Dynamics and Decreased 

Cell Size 

 Complex data from a variety of studies suggests that profilin may be functioning 

in either actin polymerization or depolymerization, but perhaps the most accurate 

description is that profilin is doing both.  This is true for another class of small ABPs, the 

Actin depolymerizing factors (ADFs), which are known to stabilize and/or sever F-actin 

filaments in a concentration dependent manner (Bamburg, 1999 and Andrianantoandro 

and Pollard, 2006).  In the presence of profilin, filament elongation occurs exclusively at 

the barbed ends, while elongation at the pointed ends appears inhibited.  However, barbed 
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end elongation also occurs at the same rate in the absence of profilin suggesting that the 

dissociation of profilin could be a prerequisite for further filament elongation (Yarmola 

and Bubb, 2006).  Furthermore, X-ray structure analysis has shown that profilin is 

required for the open-nucleotide-pocket of actin to remain open and stable (Minehardt et 

al, 2006).  This conformation is a crucial intermediate in the actin 

depolymerization/polymerization cycle, and facilitates ADP to ATP nucleotide exchange 

in actin monomoers, thereby linking profilin to both actin polymerization and 

depolymerization.  This fluctuation-based process of nucleotide exchange diffusion has 

been shown to regulate actin polymerization and depolymerization (Yarmola and Bubb, 

2009).  Recent studies have found that the slow release of inorganic phosphate (Pi) from 

the barbed end of actin filaments is linked to an increase in the rate of filament 

disassembly, and is further accelerated by profilin (Jegou et al, 2011).  This is evidence 

that profilin is facilitating disassembly of actin filaments.  Other studies have shown that 

the overexpression of profilin by microinjection inhibited pollen tube elongation 

(McKenna et al. 2004 and Vidali et al. 2001).  Yet, in order for the cell to extend 

protrusions and promote elongation there must be a rapid treadmilling (turnover) of actin, 

which is facilitated through ABPs like profilin and ADF (Clainche and Carlier, 2008).  

Altogether, these data suggest that profilin is involved in both the polymerization and 

depolymerization of actin filaments.  

  In order to determine possible alterations of the F-actin cytoskeleton in our 

dwarfed profilin deficient plants, we transformed a 35S:GFP-FABD2 fusion construct 

into WT and PRF1 PRF2-RNAi plants.  This allowed for the visualization of F-actin 

filaments.  Using this construct, we examined the consequences of having a decreased 



69 

 

profilin pool and its impact on actin cytoskeletal dynamics.  Actin filament organization 

was examined in greatest detail in leaf epidermal cells.  We saw that plants lacking PRF1 

and PRF2 were associated with more disorganized filamentous structures (Figure 2.8B).  

There appears to be elevated levels of aggregated F-actin filaments in profilin deficient 

plants.  We believe that by lowering profilin concentrations, there will be less profilin-

actin complexes leading to an increase in unbound G-actin monomers.  With little to no 

profilin present, actin monomers will not be properly sequestered within the cell resulting 

in the enhancement of actin polymerization and aggregation of actin filaments. 

 Further examination of the pavement cells on the leaf’s epidermis indicated that 

the sizes of these cells in PRF1 PRF2-RNAi plants are significantly smaller than WT 

(Figure 2.8A).  While the cells maintain the same jigsaw puzzle shape, they appear to 

lack the ability to expand and form protrusions to reach the size of normal puzzle shaped 

pavement cells.  This is indicative of what we would expect if there were defects in cell 

expansion.   

 Our original hypothesis was that decreasing profilin levels would act to free up 

more actin monomers to form F-actin filaments, which would in turn lead to more rapid 

cell elongation.  This is based off the idea that profilin is known to bind and sequester G-

actin monomers (Carlsson et al., 1976).  We previously reported longer hypocotyl cell 

lengths in mutant plants with lowered PRF1 concentrations (McKinney et al., 2001).  

However, this is not what we see in our plants that are severely deficient in PRF1 and 

PRF2.  These initial hypotheses were based off of having knocked down a very small 

amount of just PRF1, thus only decreasing the overall profilin pool by approximately 

15%.  In the plant lines being studied now, we know that we have dropped overall 
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profilin concentrations more dramatically (~90%), by simultaneously silencing PRF1 and 

PRF2.  Based on these previous findings and the results presented here, we suggest that 

decreasing the profilin pool by small amounts might lead to a sensory signal that tells the 

cell to start elongating quickly, whereas major reductions of profilin will lead to a type of 

arrest in cell elongation.  This quantitative genetic effect of lowering profilin pool 

concentrations suggest that if actin monomers are unable to be bound by profilin, there 

will not be enough profilin-actin complexes being properly sequestered to the cell 

periphery to promote appropriate cell elongation.  Furthermore, the lack of profilin would 

lead to defects in actin treadmilling, which is required for cell elongation.  This would 

inevitably cause arrest in actin filament protrusion leading to plants with smaller leaves, 

as was seen in our profilin mutants.  This model agrees with our findings that there is a 

direct correlation between the number of profilin genes that were knocked out, and the 

severity of the dwarfed plant phenotype.  

 In conclusion, we have demonstrated that vegetative profilins play an essential 

role in Arabidopsis plant development and the regulation of the actin cytoskeleton.  We 

show that as you continue to decrease vegetative profilin gene expression you produce 

more compounded phenotypes, suggesting that there is a direct correlation between 

profilin concentrations and defects in development.  While our model discussed above 

serves to provide explanations for these phenotypic effects, the exact mechanisms still 

need to be clarified in future studies.  This paper analyzed profilin’s role in promoting 

proper cell elongation, but additional research is needed to examine their roles in signal 

transduction, intracellular transport, and communication.  We believe that a systems 

biology approach needs to be taken in order to explain how all of these processes are 
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interacting with each other through a profilin intermediate.  Further experiments are also 

needed to determine the extent of functional redundancy between the highly similar PRF1 

and PRF2.   

 
  



72 

 

REFERENCES 

Alvarez-Martinez MT, Mani JC, Porte F, Faivre-Sarrailh C, Liautard JP, Sri Widada J. 
 (1996). Characterization of the interaction between annexin I and profilin. Eur J 
 Biochem 238, 777–784. 
 
Andrianantoandro E, Pollard TD. (2006). Mechanism of actin filament turnover by 
 severing and nucleation at different concentrations of ADF/Cofilin. Mol Cell 24, 
 13–23. 
 
Bamburg JR. (1999). Proteins of the ADF/Cofilin Family: Essential Regulators of Actin 
 Dynamics. Annual Review of Cellular Developmental Biology 15, 185-230.  
 
Bjorkegren C, Rozycki M, Schutt CE, Lindberg U, Karlsson R. (1993). Mutagenesis of 
 human  profilin locates its poly (L-proline)-binding site to a hydrophobic patch of 
 aromatic amino acids. FEBS Letts 333, 123–126. 
 
Blanc G and Wolfe KH. (2004). Functional Divergence of Duplicated Genes formed by 
 Polyploidy during Arabidopsis Evolution. Plant Cell 16, 1679-1691. 
 
Carlsson L, Nystrom L, Sundkvist I, Markey F, Lindberg U. (1976). Profilin, a low-
 molecular weight protein controlling actin polymerisability. In Contractile 
 Systems in Non Muscle Tissues (Perry, S.V., Margreth, A. & Adelstein, R.S., 
 eds), Elsevier, Amsterdam, 39-49. 
 
Clainche CL and Carlier MF. (2008). Regulation of Actin Assembly Associated with 

Protrusion and Adhesion in Cell Migration. Physiol Rev 88, 489-513. 
 
Clough SJ and Bent AF. (1998). Floral dip: a simplified method for Agrobacterium-

mediated transformation of Arabidopsis thaliana. The Plant Journal 16, 735-743. 
 
Clough SJ. (2005). Floral dip: agrobacterium-mediated germ line transformation. 
 Methods Mol Biol 286, 91–102. 
 
Deal RB, Topp CN, McKinney EC, Meagher RB. (2007). Repression of flowering in  

Arabidopsis requires activation of FLOWERING LOCUS C expression by the 
histone variant H2A.Z. Plant Cell 19, 74–83. 

 
Dominguez R. (2009). Actin filament nucleation and elongation factors – structure 
 function Relationships. Crit Rev Biochem Mol Bio 44, 351-366. 
 
Dominguez R and Holmes KC. (2011). Actin Structure and Function. Annu Rev Biophys 
 40, 169-186. 
 



73 

 

dos Remedios CG, Chhabra D, Kekic M, Dedova IV, Tsubakihara M, et al. (2003). Actin 
 binding proteins: regulation of cytoskeletal microfilaments. Physiol Rev 83, 433–
 473. 
 
Fan T, Zhai H, Shi W, Wang J, Jia H, Xiang Y, An L. (2013). Overexpression of profilin 
 3 affects cell elongation and F-actin organization in Arabidopsis thaliana. Plant 
 Cell Rep 32, 149-60. 
 
Ferron F, Rebowski G, Lee SH, Dominguez R. (2007). Structural basis for the 
 recruitment of  profilin-actin complexes during filament elongation by Ena/VASP. 
 EMBO J 26, 4597–606. 
 
Frazier JA and Field CM. (1997). Actin cytoskeleton: are FH proteins local organizers? 
 Curr Biol 7, R414–417. 
 
Gilliland LU, Kandasamy MK, Pawloski LC, Meagher RB. (2002). Both vegetative and  

reproductive actin isovariants complement the stunted root hair phenotype of the 
Arabidopsis act2–1 mutation. Plant Physiol 130, 2199–2209. 

 
Glover BJ. (2000). Differentiation in plant epidermal cells. J Exp Bot 51, 497-505. 
 
Haffner C, Jarchau T, Reinhard M, Hoppe J, Lohmann SM, Walter U. (1995). Molecular 
 cloning, structural analysis and functional expression of the proline-rich focal 
 adhesion and  microfilament-associated protein VASP. EMBO J 14, 19–27. 
 
Harbeck B, Hüttelmaier S, Schluter K, Jockusch BM, Illenberger S. (2000). 
 Phosphorylation of the vasodilator-stimulated phosphoprotein regulates its 
 interaction with actin. J Biol Chem 275, 30817–25. 
 
Honore B, Madsen P, Andersen AH, Leffers H. (1993). Cloning and expression of a 
 novel human profilin variant, profilin II. FEBS Lett 330, 151–155. 
 
Huang S, McDowell JM, Weise MJ, Meagher RB. (1996). The Arabidopsis Profilin Gene 
 Family:  Evidence for an Ancient Split between Constitutive and Pollen-Specific 
 Profilin Genes. Plant Physiology 111, 115-126. 
 
Jegou A, Niedermayer T, Orban J, Didry D, Lipowsky R, Carlier MF, Romet-Lemonne 
 G. (2011). Individual actin filaments in a microfluidic flow reveal the mechanism 
 of ATP hydrolysis and give insight into the properties of profilin. PLoS Biol 9, 
 e1001161. 
 
Jeong YM, Mun JH, Lee I, Woo JC, Hong CB, Kim SG. (2006). Distinct Roles of the 
 First Introns on the Expression of Arabidopsis Profilin Gene Family Members. 
 Plant Physiology 140, 196-209. 
 



74 

 

Jockusch BM, Murk K, Rothkegel M. (2007). The profile of profilins. Rev Physiol 
 Biochem Pharmacol 159, 131-149. 
 
Kandasamy MK, Deal RB, McKinney EC, Meagher RB. (2005). Silencing the nuclear 
 actin-related protein AtARP4 in Arabidopsis has multiple effects on plant 
 development, including early flowering and delayed floral senescence. Plant 
 Journal 41, 845-58. 
 
Kandasamy MK, McKinney EC, Meagher RB. (1999). The late pollen specific actins in  

angiosperms. Plant Journal 18, 681–691. 
 
Kandasamy MK, McKinney EC, Meagher RB. (2002). Plant Profilin Isovariants Are 

Distinctly Regulated in Vegetative and Reproductive Tissues. Cell Motility and 
the Cytoskeleton 52, 22-32. 

 
Kandasamy MK, Burgos-Rivera B, McKinney EC, Ruzicka DR, Meagher RB. (2007).  

Class-Specific Interaction of Profilin and ADF Isovariants with Actin in the 
Regulation of Plant Development. The Plant Cell 19, 3111–3126. 

 
Kandasamy MK, McKinney EC, Meagher RB. (2010). Differential sublocalization of 
 Actin variants within the nucleus. Cytoskeleton 67, 729-743. 
 
Kandasamy MK, McKinney EC, Roy EM, Meagher RB. (2012). Plant vegetative and 
 animal  cytoplasmic actins share functional competence for spatial development 
 with protists. Plant Cell 24, 2041-2057. 

Krom N and Ramakrishna W. (2008). Comparative Analysis of Divergent and 
 Convergent Gene Pairs and Their Expression Patterns in Rice, Arabidopsis, and 
 Populus. Plant Physiology 147, 1763-1773. 
 
Krysan PJ, Young JC, Sussman MR. (1999). T-DNA as an Insertional Mutagen in 
 Arabidopsis. Plant Cell 11, 2283-2290. 
 
Kudryashov DS and Reisler E. (2012). ATP and ADP Actin States. Biopolymers 99, 245-
 256. 
 
Livak KJ and Schmittgen TD. (2001). Analysis of relative gene expression data using 
 real-time quantitative PCR and the 2(-Delta Delta C(T)) Method. Methods 25, 
 402–408. 
 
McKenna ST, Vidali L, Hepler PK. (2004). Profilin inhibits pollen tube growth through 
 actin-binding, but not poly-L-proline binding. Planta 218, 906–915. 
 
McKinney EC, Ali N, Traut A, Feldmann KA, Belostotsky DA, McDowell JM, Meagher 
 RB. (1995). Sequence-based identification of T-DNA insertion mutations in 
 Arabidopsis: actin mutants act2-1 and act4-1. Plant J 8, 613–622. 



75 

 

 
McKinney EC, Kandasamy MK, Meagher RB. (2001). Small Changes in the Regulation 
 of One Arabidopsis Profilin Isovariant, PRF1, Alter Seedling Development. Plant 
 Cell 13, 117-1191. 
 
Meagher RB. (1995). The impact of historical contingency on gene phylogeny: Plant 
 actin diversity. Evolutionary Biology 28, 195-215.  
 
Meagher RB, McKinney EC, Vitale AV. (1999). The evolution of new structures: Clues 
 from plant cytoskeletal genes. Trends Genet 15, 278–284. 
 
Meagher RB and Williamson RE. (1994). The Plant Cytoskeleton. Cold Spring Harbor 
 Laboratory Press, Cold Spring Harbor, NY, pp 1049–1084. 
 
Minehardt TJ, Kollman PA, Cooke R, Pate E. (2006). The open nucleotide pocket of the 
 profilin/actin x-ray structure is unstable and closes in the absence of profilin. 
 Biophys J 90, 2445-2449. 
 
Miralles F and Visa N. (2006). Actin in transcription and transcription regulation. Curr 
 Opin Cell Biol 18, 261–66. 
 
Mullins RD, Kelleher JF, Xu J, Pollard TD. (1998). Arp2/3 complex from Acanthamoeba 
 binds profilin and crosslinks actin filaments. Mol Biol Cell 9, 841–852. 
 
Obermann H, Raabe I, Balvers M, Brunswig B, Schulze W, Kirchhoff C. (2004). Novel 
 testis-expressed profilin IV associated with acrosome biogenesis and spermatid  

elongation. Molecular Human Reproduction 11, 53–64. 
 
O’Farrell PH. (1975). High resolution two-dimensional electrophoresis of proteins. J Biol  

Chem. 250, 4007–4021. 
 
Pantaloni D and Carlier MF. (1993). How profilin promotes actin filament assembly in 
 the presence of thymosin b4. Cell 75, 1007–1014. 
 
Pawloski LC, Kandasamy MK, Meagher RB. (2006). The late pollen actins are essential 
 for normal male and female development in Arabidopsis. Plant Mol Biol DOI 
 10.1007/s11103-006-9063-5. 
 
Pei W, Du F, Zhang Y, He T, Ren H. (2012). Control of the actin cytoskeleton in root 
 hair development. Plant Sci 187, 10-8. 
 
Perrin BJ and Ervasti JM. (2010). The Actin Gene Family: Function Follows Isoform.  
 Cytoskeleton 67, 630–634.  
 
Pollard TD and Borisy GG. (2003). Cellular motility driven by assembly and disassembly 
 of actin filaments. Cell 112, 453–65. 



76 

 

 
Ramachandran S, Christensen H, Ishimaru Y, Dong CH, Chao-Ming W, Cleary AL,
 ChuaNH. (2001). Profilin Plays a Role in Cell Elongation, Cell Shape 
 Maintenance, and Flowering in Arabidopsis1. Plant Physiology 124, 1637–1647. 
 
SchluÈter K, Jockusch BM, Rothkegel M. (1997). Profilins as regulators of actin 
 dynamics. Biochem Biophys Acta 1359, 97-109. 
 
Schutt CE, Myslik JC, Rozycki MD, Goonesekere NC, Lindberg U. (1993). The structure 
 of crystalline profilin-beta-actin. Nature 365, 810-816.  
 
Sohn RH and Goldschmidt-Clermont PJ. (1994). Profilin: at the crossroads of signal 
 transduction and the actin cytoskeleton. Bioessays 16, 465-472. 
 
Sohn RH, Chen J, Koblan KS, Bray PF, Goldschmidt-Clermont PJ. (1995). Localization 
 of a binding site for phosphatidylinositol 4, 5-bisphosphate on human profilin. J 
 Biol Chem 270, 21114–21120. 
 
Staiger CJ, Yuan M, Valenta R, Shaw PJ, Warn RM, Lloyd CW. (1994). Microinjected  

profilin affects cytoplasmic streaming in plant cells by rapidly depolymerizing 
 actin microfilaments. Curr Biol 4, 215–219. 
 
Stradal TE, Rottner K, Disanza A, Confalonieri S, Innocenti M, Scita G. (2004). 
 Regulation of  actin dynamics by WASP and WAVE family proteins. Trends Cell 
 Biol 14, 303–311. 
 
Taka T, Pechan T, Richter H, Muller J, Cek C, Bohm N, Obert B, Ren H, Miehaus K, 
 Amaj JS. (2011). Proteomics on Brefeldin A-Treated Arabidopsis Roots Reveals 
 Profilin 2 as a New Protein Involved in the Cross-Talk between Vesicular 
 Trafficking and the Actin Cytoskeleton. Journal of Proteome Research 10, 488-
 501. 
 
Tian M, Chaudhry F, Ruzicka D, Meagher R, Staiger C, Day B. (2009).  Arabidopsis 
 Actin-Depolymerizing Factor AtADF4 Mediates Defense Signal Transduction 
 Triggered by the Pseudomonas syringae Effector AvrPphB1. Plant Physiology 
 150, 815-824. 
 
Vidali L, McKenna ST, Hepler PK. (2001). Actin polymerization is essential for pollen 
 tube growth. Mol Biol Cell 12, 2534–2545. 
 
Voigt B, Timmers AC, Samaj J, Muller J, Baluska F, Menzel D. (2005). GFP-FABD2 
 fusion construct allows in vivo visualization of the dynamic actin cytoskeleton in 
 all cells of Arabidopsis seedlings. European Journal of Cell Biology 6, 595-608. 
 
Wang F, Jing Y, Wang Z, Mao T, Samaj J, Yuan M, Ren H. (2009). Arabidopsis profilin  



77 

 

isoforms, PRF1 and PRF2 show distinctive binding activities and subcellular 
distributions. J Integr Plant Biol 51, 113-21. 

 
Wang YS, Motes CM, Mohamalawari DR, Blancaflor EB. (2004). Green fluorescent 
 protein fusions to Arabidopsis fimbrin 1 for spatio-temporal imaging of F-actin 
 dynamics in roots. Cell Motil Cytoskeleton 59, 79–93. 
 
Williamson RE. (1993). Organelle movements. Annu RevPlant Physiol Plant Mol Biol 
 44, 181–202. 
 
Winter D, Vinegar B, Nahal H, Ammar R, Wilson GV, Provart NJ. (2007). An electronic 
 fluorescent pictograph browser for exploring and analyzing large-scale biological 
 data sets. PLoS ONE 2, e718. 
 
Witke W, Podtelejnikov AV, Di Nardo A, Sutherland JD, Gurniak CB, et al. (1998). In 
 mouse brain profilin I and profilin II associate with regulators of the endocytic 
 pathway and actin assembly. EMBO J 17, 967–976. 
 
Yarar D, Waterman-Storer CM, Schmid SL. (2007). SNX9 couples actin assembly to 
 phosphoinositide signals and is required for membrane remodeling during 
 endocytosis. Dev Cell 13, 43–56. 
 
Yarmola EG and Bubb MR. (2006). Profilin: emerging concepts and lingering 
 misconceptions. TRENDS in Biochem. Sciences 31, 197-205. 
 
Yarmola EG and Bubb MR. (2009). How depolymerization can promote polymerization: 
 the case of actin and profilin. BioEssays 31, 1150–1160. 
 
Zheng Y, Xin H, Lin J, Liu CM, Huang S. (2012). An Arabidopsis class II formin, 
 AtFH19, nucleates actin assembly, binds to the barbed end of actin filaments, and 
 antagonizes the effect of AtFH1 on actin dynamics. J Integr Plant Biol 54, 800-13. 
 
 
 
 
 
 
 
 
 
 
 
 
 



78 

 

 

 

Figure 2.1:  Analysis of mutants defective in individual vegetative profilins.  A) 

Phylogeny of the profilin gene family in Arabidopsis thaliana based on amino acid 

sequence divergence (adapted from Meagher et al., 1999).  B) Schematic drawings 

indicating the location of each T-DNA insertion in mutant plants prf1-4, prf2-1, and prf3-

2.  C) Visualization of adult plant morphological phenotypes of profilin T-DNA mutants, 

wild type (WT), and each mutant (prf1-4, prf2-1, prf3-2) complemented with the 

appropriate transgene (A2P:PRF1, A2:PRF2, and A2:PRF3, respectively).  Pictures were 

taken 4 weeks (4w) after seed germination.  D) Leaf length for single vegetative PRF T-

DNA mutants and their complemented lines.  E) Leaf blade length for single vegetative 
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PRF T-DNA mutants and their complemented lines.  F) Mature plant height for single 

vegetative PRF T-DNA mutants and their complemented lines.  G) 4 week (4w) leaf 

morphology pictures of individual leaves from single PRF T-DNA mutants, WT, and 

complement lines.  Leaf measurements (D and E) were taken on day 28 (4w) (n=52) 

following seed germination, while plant height measurements were taken on day 40 (~5 

½ w) (n=30).  All measurements are in mm.  Error bars represent +/- 1 SD.     
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Figure 2.2:  Analysis of profilin RNA and protein expression for vegetative PRF 

single T-DNA mutants and complement lines.  A) The Relative Quantities (RQ) of 

PRF1 RNA for WT, prf1-4, and A2p:PRF1 plants were determined by quantitative Real 

Time PCR (qRT-PCR).  The RQ of PRF2 RNA for WT, prf2-1, and A2p:PRF2 plants 

and the RQ of PRF3 RNA for WT, prf3-2, and A2p:PRF3 plants are also shown.  Error 

bars represent +/- 1 SD.  B) Profilin protein expression was examined by Western blot 

analysis: WT, prf1-4, and A2p:PRF1 plants using the PRF1 specific monoclonal antibody 

mAbPRF1a; WT, prf2-1, and A2p:PRF2 plants using the PRF1 and PRF2 specific 

monoclonal antibody mAbPRF12a; WT, prf3-2, and A2p:PRF3 plants using the PRF1 

and PRF2 specific monoclonal antibody mAbPRF12a, which also has weak affinity for 

PRF3.  Coomassie stained gels showing rubisco protein expression are located beneath 

each blot to show equal loading across lanes.  All samples were taken from 4w old leaf 

tissue. 
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Figure 2.3:  Morphological analysis of vegetative profilin double mutants.  A) 

Visualization of morphological phenotypes observed for profilin double T-DNA mutants.  

Pictures were taken at 4 weeks (4w) after seed germination.  B) Petiole length, leaf 
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length, leaf width, and leaf blade length for double vegetative PRF T-DNA mutants.  C) 

Petiole to leaf blade length ratio for double PRF T-DNA mutants.  D) Pictures of double 

mutant plants showing morphological phenotypes at 5 weeks (5w).  E) Mature plant 

height for double mutants.  Leaf measurements were taken on day 28 (4w, n=52 for each 

measurement), while plant height measurements were taken on day 40 (~5 ½ w, n=30).  

All measurements are in mm.  Error bars represent +/- 1 SD.    
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Figure 2.4:  qRT-PCR data and western blot analysis for double and triple mutant/ 

RNAi lines.  Transcript expression (A, B, & C) A) qRT-PCR data for T-DNA double 

mutants.  Each graph shows the RQ of PRF1, PRF2, or PRF3 expression levels for each 

of the T-DNA double mutants.  B) qRT-PCR data for PRF1PRF2PRF3-RNAi lines 
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(three lines shown).  Each graph shows the RQ of PRF1, PRF2, or PRF3 expression 

levels for each of the PRF1PRF2PRF3-RNAi lines.  C) qRT-PCR data for PRF1PRF2-

RNAi lines (three lines shown).  Each graph shows the RQ of either PRF1 or PRF2 

expression levels for each of the PRF1PRF2-RNAi lines.  Error bars represent +/- 1 SD.  

Protein expression (D & E) D) Western analysis of protein levels in profilin double 

mutants (all three combinations) using the PRF1 and PRF2 specific monoclonal antibody 

mAbPRF12a.  E) Western analysis of PRF1PRF2-RNAi and PRF1PRF2PRF3-RNAi 

lines using the PRF1 and PRF2 specific monoclonal antibody mAbPRF12a.  Coomassie 

stained gels showing rubisco protein expression are located beneath each blot to show 

equal loading across lanes.  All samples were taken from 4w old leaf tissue.  
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Figure 2.5:  Morphological analysis of PRF double and triple RNAi lines.  A) The 

morphology of PRF double and triple RNAi lines (lines silenced for PRF1 and PRF2 and 
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for PRF1-3, respectively) were examined 4 weeks (4w) post-germination.  B) Leaf 

length, leaf width, petiole length, and leaf blade length for PRF double and triple RNAi 

lines.  C) PRF double and triple RNAi plants show severe morphological phenotypes at 5 

weeks (5w).  D) Mature plant height for double and triple RNAi lines.  Leaf 

measurements were taken on day 28 (4w) during development (n=52), while plant height 

measurements were taken on day 40 (~5 ½ w, n=30).  All measurements are in mm.  

Error bars represent +/- 1 SD.     
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Figure 2.6:  PRF3 knockout displays elongated petioles, while PRF3 overexpression 

results in no phenotypic effects.  A) Petiole length for vegetative PRF T-DNA mutant 
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prf3-2 and its complement lines.  B) Day 14 primary root length comparison between 

WT, prf3-2, and three independent A2p:PRF3 overexpression lines. C) Day 10 hypocotyl 

length comparison between WT, prf3-2, and three independent A2p:PRF3 overexpression 

lines. D) Quantification of primary root length measurements from lines pictured in B.  

E) Quantification of hypocotyl length measurements from lines pictured in C.  F) qRT-

PCR data on the relative quantity of PRF3 RNA expression for WT, prf3-2, and three 

independent A2p:PRF3 overexpression lines. G) Western blot analysis for WT, prf3-2, 

and two independent A2p:PRF3 overexpression lines.  Western blot bands were 

quantified using the ImageJ software.  All samples were taken from 4w old leaf tissue.  

Leaf measurements (A) were taken on day 28 (4w) during development, primary root 

length measurements (D) were taken on day 15, and hypocotyl length measurements (E) 

were taken on day 10.  All measurements’ are in mm.  Leaf measurements were 

generated with a sample of n=52, while root and hypocotyls measurements have an n=30.  

Error bars represent +/- 1 SD. 
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Figure 2.7:  Vegetative profilin double and triple RNAi lines show defects in lateral 

root formation and growth.  A) Visualization of defects in root development for PRF 

double and triple RNAi lines.  B) Quantification of primary root length.  C) 

Quantification of the number of lateral roots formed/ initiated.  D) Quantification of 

lateral root length.   Pictures and measurements were taken on day 15 of development.  

Sample size was 30 (n=30) and error bars represent +/- 1 SD.     
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Figure 2.8:  Cell size and F-actin filament organization in PRF1PRF2-RNAi plants.  

A) Confocal images showing the organization of actin filaments (35S:GFP-FABD2) and 

cell size in wild-type (WT) and PRF1PRF2-RNAi leaf epidermal cells at 4 weeks (4w).  

The pavement cells and stomatal guard cells of the upper leaf side are shown.  Size bar 
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represents 20 µm.  B) Confocal images revealing the organization of actin filaments 

in wild-type (WT) and PRF1PRF2-RNAi upper leaf epidermal cells at 4 weeks (4w). The 

first two images are cells at the vein region and the last two are pavement cells. 
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Figure 2.S1:  Morphology of vegetative profilin single mutants.  Visualization of the 

morphological phenotypes seen in profilin single T-DNA mutants at 2 weeks (2w), 3 

weeks (3w), and 5 weeks (5w) post germination.  A)  WT, prf1-4, and A2p:PRF1 

complemented plants across development.  B) WT, prf2-1, and A2p:PRF2 complemented 

plants across development.  C) WT, prf3-2, and A2p:PR3 complemented plant across 

development. 

 

  



93 

 

 

Figure 2.S2:  Morphology and qRT-PCR analysis of transcript levels for vegetative 

PRF single RNAi lines.  A) Morphological phenotypes of PRF1-RNAi and PRF2-RNAi 

lines across development at 4 weeks (4w) and 5 weeks (5w) post germination.  B) 

Quantification of petiole length, leaf length, leaf width, and leaf blade length for PRF1-

RNAi and PRF2-RNAi lines. C) Quantification of mature plant height for PRF1-RNAi 

and PRF2-RNAi lines.  Leaf measurements were taken on day 28 (4w) during 

development (n=52), while plant height measurements were taken on day 40 (~5 ½ w, 

n=30).  All measurements are in mm.  D) qRT-PCR data representing the RQ of PRF1 

RNA for WT and PRF1-RNAi.  E) qRT-PCR data representing the RQ of PRF2 RNA for 

WT and PRF2-RNAi.  Error bars represent +/- 1 SD. 
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Figure 2.S3:  Vegetative PRF double and triple RNAi lines that are only weakly 

silenced for profilin RNA expression show slight defects in lateral root development.  

Visualization of slight defects in root development for PRF double and triple RNAi lines 

with intermediate silencing (~40% of WT levels).  Pictures were taken 15 days after seed 

germination.  Measurements can be seen in Figure 7B and 7D. 
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 Day 28 
Petiole 
Length 
(mm) 

Day 28    
Leaf 

Length 
(mm) 

Day 28    
Leaf 

Width 
(mm) 

Day 28    
Leaf 

Blade 
Length 
(mm) 

Petiole 
to 

Blade 
Length 
Ratio 

Day 40 
Plant 

Height 
(mm) 

WT                  
(single T-DNA 

mutants) 8.97 35.65 17.91 26.67 0.417 

 
 

309.42 
prf1-4 7.54 19.34 9.93 11.80 0.664 204.77 

A2p:PRF1 9.95 30.69 12.16 20.74 0.569 262.46 
prf2-1 5.63 17.45 10.36 11.82 0.485 200 

A2p:PRF2 10.85 34.57 13.52 23.71 0.526 258.85 
prf3-2 11.11 28.53 13.35 17.41 0.668 238.35 

A2p:PRF3 10.12 31.49 14.83 21.37 0.404 316.92 
WT                  

(RNAi lines) 9.63 30.38 16.40 20.75 0.472 
 

301.08 
PRF1 RNAi 5.42 15.75 9.91 10.33 0.540 165.44 
PRF2 RNAi 5.64 16.66 11.20 11.01 0.520 207.08 

WT               
(double T-DNA 

mutants) 7.92 40.12 21.07 32.21 0.250 

 
 

309.53 
prf1-4 prf2-1 5.88 17.87 8.66 11.98 0.509 195.00 
prf1-4 prf3-2 10.77 25.50 10.70 14.72 0.764 202.05 
prf2-1 prf3-2 12.84 25.82 11.91 12.98 1.269 225.05 

PRF1PRF2- RNAi 
Ln#23 

2.74 8.40 6.64 5.66 0.509 

 
105.52 

PRF1PRF2- RNAi 
Ln#6 3.21 10.08 6.99 6.87 0.477 

 
143.28 

PRF1PRF2- RNAi 
Ln#11 (int) 

5.20 15.48 8.79 10.28 0.516 

 
 

202.84 
PRF1PRF2PRF3- 

RNAi Ln#26 
0.78 4.55 3.70 3.78 0.211 

 
89.76 

PRF1PRF2PRF3- 
RNAi Ln#19 0.78 4.56 3.81 3.78 0.209 

 
100.12 

PRF1PRF2PRF3- 
RNAi Ln#6 (int) 

3.29 10.43 7.25 7.14 0.465 

 
 

190.28 
 

Table 2.S1:  Summary of all phenotypic measurements for the various mutant and 

RNAi silenced plant lines examined. 
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CHAPTER 3 

 

PHYLOGENETIC IDENTIFICATION OF INHERITED PATTERNS OF 

NUCLEOSOMAL HISTONE MODIFICATION1 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

    

1Kristofer J. Müssar, Xiaoyu Zhang, and Richard B. Meagher.  To be submitted to the 
Journal of Epigenetics and Chromatin. 
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Abstract 

 This paper explores the hypothesis that nucleosomal histone modifications are 

conserved following gene duplication by focusing on the sequence specific localization 

of histone marks within defined gene family members.  We selected four cytoskeletal 

gene families that comprise a range of sequence divergence.  Three of them (actin, 

profilin, actin-depolymerizing factor (ADF)) have paired family members representing a 

well-established, recent genome-wide duplication event ~25-40 MYA within brassicacae, 

while the origin of most of the members in the fourth family, Actin-Related Proteins 

(ARPs), date back to common ancestry with protists. Using chromatin 

immunoprecipitation and high-resolution whole-genome tiling microarray (ChIP-chip) 

data, we examined 14 different histone post translational modification (PTM) marks in 

Arabidopsis thaliana for specific enrichment patterns.  We found subsets of data 

supporting and rejecting this hypothesis, with recently duplicated gene pairs exhibiting 

varying levels of conservation across their histone modification enrichment profiles.  We 

discuss the idea that epigenetic controls aid “evolution by gene duplication” by silencing 

some recent gene duplicates, but not others, until beneficial mutations and 

subfunctionalization can occur.  By looking for correlations among enrichment profiles 

for each gene family, we also detected distinct combinatorial patterns of histone 

modification marks.  These patterns include, H3K36me3; H3K4me3; H4K8ac for actin 

gene members, H3K36me3; H3K4me3; H4K8ac; H3K9ac; H3K14ac for profilin gene 

members, and H3K36me3; H4K8ac for ADF gene members.  Interestingly, the ancient 

and highly sequence divergent ARP gene family did not contain any of these 
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combinatorial patterns, suggesting that sequence may be playing some role in facilitating 

the epigenomic landscape of histone post-translational modifications. 

Introduction 

 Epigenetics has been defined in a multitude of ways over the past 50 years (Haig, 

2004).  For the sake of clarity, we will be discussing epigenetics as “somatic cell or 

transgenerationally inherited changes in gene function that are unable to be explained by 

the classical central dogma of molecular genetics” (Meagher and Müssar, 2012, Nanney, 

1958).  We have previously explored the hypothesis that DNA sequence is facilitating 

epigenetic control for transgenerationally inherited epigenome changes controlling 

phenotypes (Meagher & Mussar, 2012).  While we found evidence that sequence may be 

guiding epigenetic processes like nucleosome positioning and cytosine methylation 

(5meC), existing genome-wide data on histone PTMs generally did not support this 

hypothesis.  However, it is believed that histone PTMs may be inherited through somatic 

cell duplication leading to strong effects on gene expression and phenotype.  Therefore, 

in this study we continue to search for a link between DNA sequence and histone PTM 

deposition by analyzing PTM enrichment profiles among recently duplicated genes and 

exploring sequence’s role in guiding combinatorial PTM interactions.  

 Histones undergo a process known as posttranslational modification (PTM), 

which alters their interactions with DNA and other nuclear proteins.  The N- and C-

terminal amino acid residues (e.g., Lys, Arg, Ser, Thr, Tyr) of most histone polypeptides 

may undergo modifying processes like methylation (mono-, di-, or tri-), acetylation 

(mono-, di-, or tri-), phosphorylation, SUMOylation, ubiqination, glycosylation, 

citrullination, and ADP-ribosylation (Strahl and Allis, 2000).  These covalent 
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modifications influence DNA/protein interactions thereby affecting gene expression, 

DNA repair, and chromosome condensation.  Collectively, these histone PTMs are 

thought to help facilitate changes to chromatin structure and subsequently recruit specific 

transcriptional regulators or factors involved in recombination and repair.  The idea that 

histone PTMs are controlling transcriptional regulation constitutes what is known as the 

“histone code hypothesis” (Jenuwein and Allis, 2001).  However, due to the several 

dozen different types of modifications and the multitude of combinatorial interactions, 

deciphering the exact mechanism behind the influence of histone PTMs on gene 

expression is often obscure (Zhang, 2010, Bannister and Kouzarides, 2011). 

 There have been many studies trying to depict how specific histone modifications 

interact with gene expression and protein recruitment.  For example, H3K27me3 has been 

found to be associated with many tissue-specific genes and is a hallmark of 

transcriptional repression (Cao et al., 2002, Zhang et al., 2007).  ChIP-chip analysis has 

revealed that there is a correlation between H3K4me3 and transcriptional activation, 

which occurs through the recruitment of histone acetyltransferases and the transcriptional 

pre-initiation complex (Taverna et al., 2006, Vermeulen et al., 2007, Hung et al., 2009).  

H3K4me2 is also involved in gene activation, but in this case it has been linked to the 

recruitment of the Set3 histone deacetylase complex (Lippman et al., 2004, Kim and 

Buratowski, 2009).  So it is obvious that different modifications are operating through 

various mechanisms in order to achieve the same end goal, transcriptional regulation.  A 

summary of the 14 different types of histone modifications used in this analysis, their 

associated effects, and estimated locations can be found in Table 3.1.   
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 Currently most studies investigating histone modification interactions are being 

performed on a genome-wide scale.  This is ideal for identifying significant genomic 

level interactions, but can lead to copious amounts of noise/bias that can mask or cause 

one to overlook specific unapparent or atypical trends (Pearson, 2008).  In order to 

further dissect how various PTMs correlate with each other, more focused studies need to 

be initiated.  We believe that histone modification profiles from individual genes and 

gene families need to be compared in order to gain additional insight into these 

overarching genomic patterns.  Through the understanding of these interactions on the 

individual gene level, we can begin to specifically define the steps by which these 

mechanisms operate.  Some gene families consist of gene duplicates that arise during 

evolution to gain additional functions or specificities. Their sequences tend to be fairly 

conserved.  By comparing PTM profiles among recently duplicated gene pairs, we can 

examine if sequence is facilitating the deposition of these various combinatorial 

modification patterns, perhaps in an attempt to aid evolutionary mechanisms in 

controlling spatial and temporal gene expression.  Comprehending how these PTMs 

operate within a gene family can then be extrapolated to explain what is seen throughout 

other regions of the genome. 

 Zheng, 2008 uses a variation of this gene-specific approach by analyzing original 

and derived loci in human segmental duplications (SDs).  The study looked at 20 

different histone modifications across 1,646 non-redundant pairs of genomic regions (SD 

pairs).  The analysis showed that there were obvious asymmetries among histone 

modification profiles between original and derived (duplicated) loci (Zheng, 2008).  The 

study discovered that the parental loci of these SDs had much higher levels of histone 
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modifications than in derivative loci.  Interestingly, they also found that these 

asymmetries tended to increase with the age of the segmental duplication event, but they 

failed to continue their analyses down to an examination of the individual gene sequences 

within these SDs.   

 In contrast, recent studies in yeast have shown that duplicate gene pairs, on 

average, share more common histone modification patterns than random singleton pairs 

(Zou et al., 2012).  Like Zheng, 2008, they found that histone modification profiles 

between duplicated genes begin to demonstrate even more deviation as sequence 

divergence increases (Zou et al., 2012).  Since these studies were performed in yeast, 

which lack other epigenetic control mechanisms like DNA methylation, it is thought that 

histone modifications play a more major role.  These analyses were performed on all 

gene duplicates found throughout the yeast genome, and failed to identify specific 

individual examples.  In this paper, we have performed a more focused examination of 

gene families in Arabidopsis and more particularly an analysis of well characterized gene 

duplicates within these families.   

 It is well documented that there were three separate whole-genome duplication 

events over the past ~350 million years in the ancestry of the Arabidopsis thaliana 

genome, with the most recent occurring ~25-40 million years ago (MYA) (McDowell et 

al., 1996, Vision et al., 2000, Simillion et al., 2002, Bowers et al., 2003, Blanc et al., 

2003, Mun et al., 2009).  These events directly gave rise to a greater than 90% increase in 

transcription factors, signal transducers, and developmental genes in higher plants (Maere 

et al., 2005).  To determine how histone modifications are inherited following gene 

duplication, we focused most of our analysis on gene families that contained 
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representatives of this most recent duplication event and are well characterized in terms 

of their functions, spatial and temporal expression patterns, and evolutionary divergence.  

The actins, actin depolymerizing factors (ADFs), and profilins are cytoskeletal gene 

families that fit these criteria and exhibit varying levels of sequence divergence among 

family members (McDowell et al., 1996, Huang et al., 1996, McKinney et al., 2002, 

Ruzika et al., 2007).  We will be using the actin related protein (ARP) gene family as a 

potential negative control.  The origin of most of its members date back to protists, there 

are no documented gene pairs, they have high levels of nucleotide sequence divergence 

(e.g., >70%), and they seemed the least likely to have evolutionarily conserved patterns 

of histone modifications that would correlate with DNA sequence (Table 3.2).   

 Using ChIP-chip analysis for the 14 modifications summarized in Table 3.1 (7 

histone methylations and 7 histone acetylations), we constructed PTM enrichment 

profiles for each modification type for every gene family member and found that recently 

duplicated gene pairs are mostly distinct in their epigenomic properties.  They exhibit 

varying levels of conservation across their histone modification enrichment profiles, 

suggesting that epigenetic controls aid “evolution by gene duplication” by silencing some 

recent gene duplicates, but not others, until beneficial mutations and subfunctionalization 

can occur (Rodin and Riggs, 2003).  By looking for correlations among these PTM 

enrichment profiles for each gene family, we detected distinct combinatorial patterns of 

histone modification marks.  These patterns include, H3K36me3; H3K4me3; H4K8ac for 

actin gene members, H3K36me3; H3K4me3; H4K8ac; H3K9ac; H3K14ac for profilin 

gene members, and H3K36me3; H4K8ac for ADF gene members.  Interestingly, the 

ancient and highly sequence divergent ARP gene family did not contain any of these 



103 

 

combinatorial interactions, suggesting that sequence may be playing some role in 

facilitating the epigenomic landscape of histone post-translational modifications.  

Results 

 The genome wide distribution of 14 histone PTMs previously reported for two 

week old Arabidopsis above ground leaf tissue were examined at the gene family level.  

We constructed 14 histone PTM enrichment profiles for all of the members in the 

Arabidopsis actin, profilin, ADF, and ARP gene families.  Each profile encompassed the 

genes entire coding region, and was extended 500 bp upstream of the transcriptional start 

site (TSS) and 500 bp downstream of the transcriptional termination site (TTS) in order 

to ensure the inclusion of proximal promoter and enhancer information.  These profiles 

indicate the presence or absence of each of the 14 modifications shown in Table 3.1.  

Figure 3.1 presents examples of three enrichment profiles and how we have deemed 

individual genes to be enriched (yes) or not enriched (no) for any one particular histone 

PTM.  Using these profiles we searched for potentially conserved patterns of 

nucleosomal histone modifications within gene families and among recently duplicated 

gene pairs.  A detailed summary of these results are given in Tables 3.S1 to 3.S4.  

Gene Pair Analysis 

Actin gene family (low DNA sequence divergence) 

 Actins are highly conserved, abundant, and multifunctional cytoskeletal proteins 

that construct polymeric filaments and filament bundles to control spatial development in 

eukaryotic cells and organs (Kudryashov and Reisler, 2012).  In Arabidopsis thaliana, 

there are 9 actin genes, with only one (ACT9) being a non-expressed and highly diverged 

pseudogene (McDowell et al., 1996).  Evolutionary relationships among these 9 actin 
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variants based on nucleotide sequence divergence can be seen in Figure 3.S1.  

Phylogenetic analysis indicates that there are three duplicated gene pairs in this family:  

ACT1 and ACT3, ACT4 and ACT12, ACT2 and ACT8 remaining from the most recent 

genome-wide duplication event in Brassicaceae ~25 to 40 MYA (McDowell et al., 1996, 

Mun et al., 2009).  The first two pairs are mostly pollen specific and not expressed in the 

young leaf tissue examined, while the third pair is constitutively expressed in all 

vegetative tissues including young leaves.  From Table 3.S1, we see that ACT1 and 

ACT3 are enriched for similar histone modifications.  They share the same outcome 

(presence or absence of a certain modification type) for 11 out of the 14 modifications 

examined (Table 3.3).  Examples of how their enrichments compare for H3K36me3 and 

H4K8ac can be seen in Figure 3.2.  The only differences are that ACT1 is enriched for 

H3K9ac (activation mark), while ACT3 is enriched for H3K27me3 and H4K16ac (both 

repressive marks).  These two pollen specific actins are both thought to be equally and 

very poorly expressed in these tissues during this time of development (Table 3.S1), but 

this data would suggest that ACT1 is more likely being expressed, while ACT3 

repressed.  Nevertheless, we still see much agreement between the histone modification 

profiles among this gene pair.  The two other pollen specific actins, ACT4 and ACT12, 

share the same enrichment outcomes for 9 out of 14 PTMs.  ACT4 appears to be enriched 

for more modifications than ACT12 (5 vs. 2), which could have something to do with it 

being expressed ~10 times higher at this developmental time point, despite some of these 

modifications being linked to transcriptional repression.  Unlike the previous gene pairs, 

the two vegetative constitutive actins (ACT2 and ACT8) that are strongly expressed in 

these tissues are not enriched for any of the same histone PTMs.  The only similarities 
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amongst this pair are that they both lack H3K36me1, H3K27me3, H3K5ac, and H4K12ac 

enrichment.  For the other 10 histone PTMs, these two genes have opposite patterns of 

enrichment (Table 3.3).  These 10 modifications are found to be enriched in ACT2 and 

absent in ACT8.  There are no histone PTMs present in ACT8 that are absent in ACT2.  

ACT2 is a very highly expressed gene and is several fold more highly expressed than 

ACT8, but ACT8 is still a well expressed gene in these tissues.  Hence, the reasons for 

this large difference are not at all clear.  So for the three gene pairs in the actin gene 

family, we see varying results ranging from near complete agreement among 

modification enrichment to almost complete disagreement.     

Profilin gene family (moderate DNA sequence divergence) 

 Profilins are small, ubiquitously expressed, monomeric actin binding proteins 

(ABPs) that sequester monomeric actin and promote actin filament dynamics (Jockusch 

et al., 2007).  In Arabidopsis thaliana, there are 5 profilin genes.  Evolutionary 

relationships among these 5 profilin variants can be seen in Figure 3.S2.  Based on the 

low percent of silent nucleotide substitutions (43% to 45% synonymous substitutions) we 

were able to detect two duplicated gene pairs in this family: PRF1 and PRF2, PRF4 and 

PRF5, with their divergent times consistent with their duplication during the most recent 

genome wide duplication of ~25 to 40 MYA (Huang et al, 1996, Mun et al., Vision et al., 

2000, Simillion et al., 2002, Bowers et al., 2003, Blanc et al., 2003).  PRF1 and PRF2 are 

vegetative constitutively expressed genes with PRF2 being expressed at ~2.5-fold higher 

levels than PRF1.  Using the data from Table 3.S2, we see that PRF1 and PRF2 show 

many discrepancies between their enrichment profiles (Table 3.3).  For all 7 

modifications enriched in PRF2, they are absent in PRF1.  As with ACT2 and ACT8, we 
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notice an inverse relationship in modification deposition among this gene pair.  However, 

the two pollen specific profilins (PRF4 and PRF5) that are very poorly expressed in the 

tissues being examined contain the same enrichment outcomes for nearly all 14 PTMs, 

with the exception of H4K16ac, which is present in PRF4 and absent in PRF5 (Table 

3.3).  An example of how PRF4 and PRF5 compare in their H3K4me1 enrichment can be 

seen in Figure 3.3.  In summary, we see an extremely wide range of results in the 

conservation of the histone modification landscape for these recently duplicated gene 

pairs. 

ADF gene family (moderate to high DNA sequence divergence) 

 Actin depolymerizing factors (ADFs) are small ABPs that stabilize and/or sever 

F-actin filaments in an ADF concentration dependent manner (Bamburg, 1999, 

Andrianantoandro and Pollard, 2006).  There are 11 known ADF genes in Arabidopsis 

thaliana.  Figure 3.S3 shows the evolutionary relationships among these 11 ADF genes.  

Phylogenetic analysis indicates that there are four gene pairs remaining from the recent 

genome wide duplication in Arabidopsis ancestry (Ruzicka et al., 2007):  ADF1 and 

ADF4, ADF7 and ADF10, ADF8 and ADF11, ADF5 and ADF9.  Using the data in 

Table 3.S3, we can again see that the vegetative constitutively expressed ADF1 and 

ADF4 gene pair is exhibiting inverse enrichments for their histone modifications (Table 

3.3).  They differ in the enrichment of 9 of these 14 modifications.  H3K4me3 is the only 

modification type for which both genes are enriched (Figure 3.4A and 3.4C).  This is 

also the case for the root and trichome specific ADF8 and ADF11 gene pair, which differ 

in the presence of 7 histone PTMs and are both enriched for only two of the same 

modifications.  However, the other two ADF gene pairs exhibit strikingly similar histone 
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modification enrichment patterns.  Pollen specific ADF7 and ADF10 share 11/14 

outcomes for enrichment, while ADF5 and ADF9, which are weakly expressed in the 

meristem and other fast growing tissues, share 12/14 (Table 3.3).  An example showing 

H3K4me2 enrichment in ADF7 and ADF10 can be seen in Figure 3.4B and 3.4D.  Once 

more we see this range for gene pairs that have varying degrees of agreement among their 

histone modification enrichments. 

Detection of Combinatorial Patterns within and among Cytoskeletal Gene Families 

 We explored the possibility that the presence of any one of the 14 histone 

modification types influenced the presence or absence of another.  We calculated the 

Pearson product-moment correlation coefficient (Pearson’s r) by converting our summary 

data tables (Tables 3.S1-3.S4) to binary variables (see Materials and Methods).  

Pearson’s r will quantitatively score a histone modification type that influences the 

presence (positive correlations, 0.0 to +1.0) or absence (negative correlations, 0.0 to -1.0) 

of another histone PTM.  This allows us to examine how different modifications interact 

or cooperate with each other in order to modulate transcription.  We used two-tailed 

significance tests to determine p-values, and only report interactions between PTMs 

(correlation sets) that have corresponding p-values that are less than 0.05.  To interpret 

the size of the correlation coefficients, we used the criteria and cut-offs discussed in 

Cohen, 1988 and Choudhury, 2009 (see Materials and Methods).  

 Pearson’s r calculations for the actin gene family only revealed a total of three, 

strong, statistically significant PTM correlation sets out of a possible 91 (see Materials 

and Methods) (Table 3.S5).  The size of these correlation coefficients ranged from 

+0.791-1.000.  However, these three correlation sets contained interactions between the 
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same three histone modifications, H3K36me3, H3K4me3, and H4K8ac (Table 3.4).  All 

three of these modifications are thought to help arrange chromatin for transcriptional 

activation.  Interestingly, there were no negative correlation sets detected in this analysis.  

Meaning that for this family, the enrichment of certain modifications only acted 

cooperatively.  Thus, among members of the Arabidopsis actin gene family, the presence 

of one of these three modifications correlates with the presence of the other two PTMs 

(and vice versa), in an effort to help prepare chromatin for activating gene expression.  

Examples of enrichment profiles for ACT7 showing the presence and location of the 

three PTMs in this combinatorial pattern can be seen in Figure 3.5.  The complete 

correlation table for the actin gene family is represented in Table 3.S5.   

 Extending this analysis to the profilin gene family revealed a total of 10 

statistically significant correlation sets out of a possible 91 (Table 3.S6).  Notably, all of 

these correlations were a perfect positive 1.00.  Just as with the actin gene family, the 

profilin analysis exposed five specific modifications all acting cooperatively with each 

other.  This combinatorial pattern consisted of the following modifications:  H3K36me3, 

H3K4me3, H4K8ac (the same three seen in the actin pattern), H3K9ac and H3K14ac 

(Table 3.4).  All five modifications are associated with transcriptional activation (Table 

3.1), with the presence of one being linked to causing a greater likelihood of the other 

four being enriched for a given gene in this family.  Examples of enrichment profiles for 

PRF2 showing the presence and location of the five PTMs in this combinatorial pattern 

can be seen in Figure 3.6.  The complete correlation table for the profilin gene family is 

represented in Table 3.S6.   
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 Moving onto the ADF gene family, Pearson’s r analysis indicated that there are 

20 total statistically significant correlation sets out of a possible 91 (Table 3.S7).  This is 

by far the highest number of correlation sets seen in any of the gene families examined.  

Perhaps this is not surprising since the ADF gene family contains the most members (11).  

All 20 of these correlations were deemed strong, positive correlations with coefficients 

ranging from +0.624-1.000.  Unlike the iterative interactions seen between the histone 

modifications that correlated in the actin and profilin gene families, we only found two 

modifications that showed this relationship in the ADFs, H3K36me3 and H4K8ac (Table 

3.4).  Coincidentally, these interactions are also identified within the actin and profilin 

patterns.  This suggests that H3K36me3 and H4K8ac are clearly exhibiting a positive 

influence on whether or not the other will be present throughout these three cytoskeletal 

gene families (likely in an attempt to activate transcription).  Figure 3.7 shows 

H3K36me3 and H4K8ac enrichment profiles for ADF4.  The complete correlation table 

for the ADF gene family can be seen in Table 3.S7. 

 We also performed this analysis on the anciently and highly divergent Actin 

Related Protein (ARP) gene family.  There are 8 members in the Arabidopsis thaliana 

ARP gene family.  A phylogenetic tree showing their relationships and levels of sequence 

divergence is presented in Figure 3.S4.  The ancestry of ARP2, 3, 4, 5 and 6 all predate 

the divergence of algae and plants from protist ancestors.  There no recently duplicated 

gene pairs among the eight Arabidopsis ARPs, with all genes being constitutively 

expressed in nearly all tissues and cell types (McKinney et al., 2002, Mathur et al., 2003, 

Meagher et al., 2009).  Due to the lack of sequence conservation, we will be using the 

ARPs as a type of negative control for this analysis. 
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 Pearson’s r analysis for the ARPs found a total of five, strong, statistically 

significant correlation sets out of a possible 91 (Table 3.S8), with coefficients ranging 

from +/-0.745-+/-1.000.  Interestingly, three of the five interactions detected were 

negative.  These are the first and only negative interactions noticed in our study.  Unlike 

what we saw for the actin, profilin, and ADF gene families, there were no combinatorial 

interactions identified among the ARPs (Table 3.4).  All five correlation sets involved 

modifications that were completely independent of each other.  In fact, out of the 10 

possible interacting PTMs (5 correlation sets x 2 PTMs per set = 10 interacting PTMs), 9 

are different, with only H3K4me2 being involved in multiple interactions.  These results 

may suggest that these combinatorial patterns only exist in gene families where sequence 

is more highly conserved, implying that sequence is facilitating these interactions.  The 

complete correlation table for the ARP gene family can be seen in Table 3.S8. 

 After performing these analyses on each gene family individually, we combined 

all 33 genes (thus increasing our sample size) and searched for the same types of 

interacting patterns.  The results of this analysis can be seen in Table 3.S9.  We detected 

a total of 23 statistically significant correlation sets, with all interactions being positive 

correlations indicating that they are all cooperative in nature.  9 of the 23 correlation sets 

were deemed strong (coefficients ranging from +0.527-0.782), while the other 14 

moderate (coefficients ranging from +0.383-0.487).  However, we did not detect the 

exact same combinatorial patterns as in the individual gene family analyses.  Instead we 

noticed a pattern containing H3K9ac, H3K14ac, H3K23ac, H4K8ac, H4K16ac, and 

H3K36me3 (Table 3.4).  Interestingly, five of the six modifications detected in these 

interactions are acetylations (H3K36me3 was the only methylation), including the 
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repressive mark H4K16ac, which recruits deacetylases to silence transcription.  The other 

five PTMs in this pattern are associated with activating transcription.   

 In an attempt to understand the inclusion of H4K16ac amongst these 

combinatorial patterns, further analysis was performed by removing the ARPs from the 

overall dataset and generating new correlation coefficients for the actins, profilins, and 

ADFs combined.  Nonetheless, we detected the same 23 interactions as previously stated, 

but improved the strength of these correlations to 15 strong and 8 moderate (Table 

3.S10).  In addition to the 14 histone modifications analyzed in this study, we also 

included data for 5-methyl cytosine (5meC) DNA methylation (Zhang et al., 2006).  

However, we did not find any of the 14 PTMs to correlate/ interact with the presence or 

absence of DNA methylation in any of our analyses (Table 3.S5-3.S10).   

Discussion  

 Genome-wide histone modification deposition studies have been ongoing for 

some time now, with one of its main purposes being to decipher the role of the complex 

“histone code” on gene expression (Jenuwein and Allis, 2001, Bannister and Kouzarides, 

2011).  It is popular thought that we can decipher how these various modification patterns 

are facilitating gene regulation through chromatin preparation by understanding how 

these different histone PTMs are interacting with one another (Rando, 2012, Linghu et 

al., 2013).  We believe that taking a genome-wide approach could be masking or 

distorting some of the findings that are occurring on the individual gene level.  For this 

reason we felt that a more focused, smaller scale approach to analyzing this problem 

could shed additional light on the overall assumptions that have previously been made.  

Our analysis takes advantage of genome-wide ChIP-chip data on 14 different histone 
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post-translational modifications to perform a study on PTM deposition among individual 

gene families in Arabidopsis (Zhang et al., 2006, 2007, and 2009). 

 There were two separate parts to our analysis.  First we examined histone 

modification enrichment profiles between duplicated gene pairs in the actin, profilin, and 

ADF gene families.  Second, we performed statistical analysis on the presence or absence 

of each modification type within an among these gene families to search for 

combinatorial patterns that may exist to help facilitate the preparation of chromatin in an 

effort to modulate transcription.  These patterns could serve as data points in the attempt 

to decode the overall histone code. 

Analysis of Duplicated Gene Pairs 

 By examining how recently duplicated gene pairs compare in the overall 

deposition of various histone modification types, we can try to understand if and how 

evolutionary forces act on epigenetic control mechanisms to assist in regulating different 

duplicated genes for spatial and temporal development.  Detailed analyses of the 

molecular processes that guide the evolution and regulation of duplicated sequences have 

yet to be extensively explored.  Previous studies have systematically looked at 20 histone 

methylation modifications in whole segmental duplications (SDs) in mammals (Zheng, 

2008).  This study was not focused on specific expressed genes but on recent and 

essentially random SDs.  They found no definitive evidence for conservation of histone 

PTMs following SD.  In fact, they discovered that most derivative (or duplicated) loci 

differed significantly from the original loci with respect to many histone PTMs.  They 

also noticed that these asymmetries increased with the age of the duplication event.  By 

looking at PTM patterns for four specific segmental duplication pairs, they saw a clear 
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variable range of agreement among histone modification enrichments between different 

SD pairs.  Two of the pairs exhibited inverse enrichment patterns, one showed conserved 

enrichment, and the last contained an intermediate level of PTM conservation.  These 

results suggest that histone modifications are impacting the local chromatin environments 

to discriminate against duplicated loci.  We take this analysis one step further by looking 

at specific duplicated gene pairs, and found a similar varying range of results as was seen 

in Zheng, 2008.   

 Arabidopsis’ recent, well-documented genome wide duplication event 25 to 40 

MYA (Vision et al., 2000, Simillion et al., 2002, Bowers et al., 2003, Blanc et al., 2003), 

as well as their extensive and widely accessible epigenomics databases make them a great 

model for this study.  As previously stated, examination of PTM enrichment profiles for 

three well characterized cytoskeletal gene families with known sets of duplicated gene 

pairs (actins, profilins, and ADFs) revealed a varying range of results, but with more 

support for conserved PTM profiles after duplication.  Out of the nine recently duplicated 

gene pairs analyzed (Table 3.3); we see four pairs [ACT1/ACT3, PRF4/PRF5, 

ADF7/ADF10, and ADF5/ADF9] that exhibit near exact enrichment landscapes for the 

same histone modification types.  Three of the nine gene pairs [ACT2/ACT8, 

PRF1/PRF2, and ADF1/ADF4] show an almost inverse relationship in their enrichment 

profiles, meaning that when one gene has a certain histone modification present, the other 

gene in that pair does not.  Interestingly, examples of these types of pairs are found in all 

three gene families analyzed.  In fact, these three pairs all represent vegetative 

constitutively expressed genes, suggesting that these more highly expressed gene pairs 

need to have vastly different PTM compositions in order to guide proper spatial and 
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temporal expression.  Finally, the other two gene pairs [ACT4/ACT12 and 

ADF8/ADF11] show an intermediate of the aforementioned two results, with certain 

modifications matching up whereas others don’t.  A summary of these results can be seen 

in Table 3.3.  While it is known that duplicate gene pairs in yeast, on average, share more 

common histone modification patterns than random singleton pairs (Zou et al., 2012); 

further analysis will be needed to determine if this is also the case within the more 

complex Arabidopsis genome.          

 Since it appears as if some recently duplicated gene pairs have matching histone 

modification profiles and others do not, we have reason to believe that this epigenetic 

control mechanism is helping aid evolution when it comes to gene duplication, by 

utilizing varying levels in PTM conservation to control spatial and temporal gene 

expression.   Our data, as well as published data on larger segmental duplications (Zheng, 

2008), support the hypothesis that epigenetic controls aid “evolution by gene duplication” 

by mechanistically silencing some recent gene duplicates, but not others, until beneficial 

mutations and subfunctionalization can occur (Rodin and Riggs, 2003, Meagher, 2010).  

The next step is to determine the role, if any, sequence is playing in facilitating the 

deposition of various histone modifications. 

 Since recently duplicated gene pairs have very similar sequences, we have reason 

to believe that sequence may be driving the control of histone modification deposition 

(Meagher and Müssar, 2012).  In yeast, histone modification profiles between gene 

duplicates begin to exhibit even more deviation as sequence divergence increases, 

suggesting that there is a link between evolutionary divergence and conservation among 

histone modifications (Zou et al., 2012).  This evidence supports the notion that there 
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may be a co-evolution between both genetic and epigenetic elements following gene 

duplication that is contributing to the expression divergence seen among recently 

duplicated genes.  By selecting gene families that contain varying levels of sequence 

divergence (Table 3.2), our analysis was trying to further explore these histone 

modification interactions with respect to sequence degeneration.  Unfortunately, we see 

very similar results among the gene pairs in these different families that vary in their 

sequence conservation.  Actins and ADFs massively differ in the amount of sequence 

conservation between their gene family members, but in both cases we saw duplicate 

gene pairs that run the gambit in their overall PTM profile divergences (Table 3.3).  

Since sequence is more involved in facilitating nucleosome position (Meagher and 

Müssar, 2012), perhaps it is this positioning that is facilitating PTM deposition, thus 

making it difficult to establish a direct link between sequence and PTM enrichment.  

 By examining the locations of these PTMs within duplicated gene pairs, we can 

clearly see that PTM enrichments are occurring at different locations within each gene 

(Figures 3.2-3.4).  In fact, in most cases the PTM enrichments seem to be located on the 

neighboring nucleosome in the respective gene duplicate (Figures 3.2-3.4).  Figure 3.4 

shows two very clear examples of this result.  H3K4me3 enrichment for ADF1 occurs 

directly at the TSS, while in ADF4 it occurs right after the TSS.  This on/off enrichment 

pattern on neighboring nucleosomes is also present in the ADF7 and ADF10 gene pair for 

H3K4me3 enrichment.  These results would suggest that sequence is not playing a role in 

facilitating PTM deposition amongst gene duplicates; instead PTMs may be acting to 

promote the subfunctionalization of the gene pair.  Perhaps, the specific locations of these 
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PTMs are determining which roles these variants will be playing throughout spatial and 

temporal development, thus leading to subfunctionalization. 

 We believe that in order to fully understand this association, this study needs to be 

expanded to encompass more gene families in Arabidopsis, keeping with the theme of 

selecting families that vastly range in their sequence conservation.  Finding well 

documented examples of extremely recent duplicated gene pairs (~5-10 MYA) could also 

help elucidate this connection.  Nevertheless, continued analysis of gene duplication, in 

the context of histone modifications, could help explain how PTM deposition diverges 

over time to regulate chromatin structure and therefore gene expression.  

Combinatorial Patterns of Histone Modifications within Gene Families 

 Previous genome-wide analysis of 39 different histone modifications in human 

CD4+ T cells revealed that a large number of combinatorial patterns are associated with 

genic, promoter, and enhancer regions (Wang et al., 2008).  In particular, they found a 

pattern consisting of 17 different modifications (containing both methylations and 

acetylations) that colocalize and correlate with each other on an individual nucleosome 

level.  This pattern associated with genes that tend to be more highly expressed, 

suggesting that these modifications are acting cooperatively to prepare chromatin for 

active transcription (Wang et al., 2008).  This is not surprising since the addition of more 

modifications tends to lead to further activation of gene expression.  Using a statistical 

hybrid clustering algorithm, this dataset was further analyzed to find that 15 

modifications (H2BK120ac, H4K91ac, H2BK20ac, etc.), three histone acetylations 

(H2AK9ac, H4K16ac, and H4K12ac) and five histone methylations (H3K79me1, 

H3K79me2, 3K79me3, H4K20me1, and H2BK5me1) were most likely prone to coexist 
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respectively in these patterns (Linghu et al., 2013).  Our analysis tries to detect such 

patterns among and between individual gene families in Arabidopsis. 

 By performing Pearson product-moment correlation coefficient (Pearson’s r) 

analyses using the data gathered from Tables 3.S1-3.S4, we were able to detect if any of 

the 14 histone modification types used in this analysis are interacting with one another.  

In particular, we are determining if the presence of one PTM encourages the presence or 

absence of another PTM.  We found that cooperative histone modification patterns do 

exist on the individual gene family level.  By first performing correlation analysis on our 

four individual gene families (actins, profilins, ADFs, and ARPs), we found that for the 

actin gene family, a combinatorial pattern of H3K36me3, H3K4me3, and H4K8ac exists 

(Table 3.4).  The presence of one of these three modifications correlates with the 

enrichment of the other two PTMs (and vice versa).  This type of combinatorial PTM 

enrichment was even more clearly seen in the profilin gene family.  Here, a pattern of 

five modification types was detected:  H3K36me3, H3K4me3, H4K8ac, H3K9ac, and 

H3K14ac (Table 3.4).  Notice how the same three modifications that were seen in the 

actin family are also included amongst the profilin pattern.  Analysis of the ADF gene 

family only revealed an interaction containing two histone PTM types, H3K36me3 and 

H4K8ac (Table 3.4).  Still, these two PTMs were also contained within the actin and 

profilin patterns, providing additional evidence that these findings are not just artifacts or 

a result of small sample size.  We performed the same analysis on the ancient and highly 

divergent ARP gene family.  The ARPs were primarily being used as a negative control 

family because its members exhibit extremely high amounts of sequence divergence.  

ARP4, 5, 6 and perhaps the other ARPs each appear to be independently evolved from 
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actin more than 1.5 billion years ago (Meagher, 2010).  We detected no combinatorial 

patterns or interactions among PTMs enriched in the ARP gene family (Table 3.4).  This 

suggests that sequence divergence could be facilitating these combinatorial interactions.   

 Next, we wanted to determine if these same combinatorial PTM interactions could 

be detected across multiple gene families, or if they were gene family specific.  This was 

achieved by performing Pearson’s r analysis on all members of the actin, profilin, ADF, 

and ARP gene families.  Through this method we detected a pattern consisting of six 

PTMs:  H3K36me3, H3K23ac, H4K8ac, H3K9ac, H3K14ac, and H4K16ac (Table 3.4).  

While the majority of these modifications are contained within the individual gene family 

patterns (i.e. H3K36me3, H4K8ac, H3K9ac, and H3K14ac), we believe that by extending 

out this analysis we are beginning to lose valuable gene family-specific information.   

 Notice that all of the PTM combinatorial patterns mentioned for the individual 

gene families consist of known activation marks.  When we extended our analysis to 

include all four gene families, we saw the inclusion of H4K16ac, which is thought to be 

associated with transcriptional repression.  This is somewhat confusing, and additional 

experiments will need to be performed to understand why this modification is interacting 

(cooperatively) with other known activating marks.  However, it does appear that 

H4K16ac enrichment is not occurring on the same nucleosome with the other activating 

PTMs in this combinatorial pattern.  In fact, upon closer analysis it seems as if H4K16ac 

is enriched on the neighboring nucleosome to the rest of the activating PTMs in this 

pattern.  Perhaps H4K16ac enrichment on the neighboring nucleosome is acting to help 

facilitate the rest of the PTMs in this pattern to activate transcription.  This would explain 

why some highly expressed genes are showing enrichment for this known repressive 
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modification.  It is important to stress that all of these interactions detected in the actin, 

profilin, and ADF gene families are of a cooperative nature (yielding positive correlation 

coefficients).  The only statistically significant negative correlations were detected in the 

ARP gene family analysis, perhaps further authenticating them as a proper negative 

control.   

 Since we did not detect any interacting modification patterns in the highly 

sequence divergent ARP gene family, whereas the more conserved actin, profilin, and 

ADF gene families did contain such interactions, perhaps sequence conservation is 

facilitating the deposition of these combinatorial patterns.  By examining enrichment 

profiles for the PTMs contained in each of the actin, profilin, and ADF combinatorial 

patterns (Table 3.4); we can see that all of these enrichments appear to occur on the same 

nucleosomes within a single gene (Figures 3.5-3.7).  This would suggest that there may 

be patterns imbedded in the nucleotide sequence that are recruiting specific histone 

modifications and excluding others.  Perhaps these sequence patterns are conserved in an 

effort to guide nucleosome position, which might then recruit specific enzymes to deposit 

these PTMs giving rise to these combinatorial patterns.  Most likely, these patterns are 

acting to recruit proteins like histone acetyltransferases (HATs), histone deacetylases 

(HDACs), and histone methyltransferases (HMTs) to the nucleosomes to facilitate post-

translational modifications, just as promoter regions recruit proteins for transcription 

(Taverna et al., 2006,Vermeulen et al., 2007, Hung et al., 2009).  These results agree with 

what has been found in Saccharomyces cerevisiae, in that as sequence divergence 

increases the conservation of histone modification deposition begins to deviate (Zou et 

al., 2012).  This would explain why no patterns were detected within the highly sequence 
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divergent ARPs.  Since we do not detect any interactions between these 14 histone 

modifications and enrichment for 5meC, DNA methylation (which is absent in 

Saccharomyces cerevisiae), we can predict that this phenomenon noticed in yeast may 

also exist in the more complex Arabidopsis thaliana.  

 While it is unrealistic to expect there to be a single specific PTM activation 

pattern that can apply to all genes throughout the genome, perhaps these combinatorial 

patterns are associated with relative spatial locations on certain chromosomes, or are 

coupled with a gene or gene family’s relative expression levels.  These patterns are likely 

altered throughout development to correspond with the changing need for temporal 

specific functions.  Performing this analysis at different time points during development 

could provide insight into these inquiries. 

 When performing this analysis, we must be aware of the technological flaws that 

exist with such methodologies.  In order to perform ChIP-chip or ChIP-seq experiments, 

we are relying heavily on antibody recognition to bind the appropriate protein associated 

with each histone modification type.  It has recently been discovered that modification-

specific antibodies are more promiscuous in their PTM recognition that initially expected.  

Furthermore, these antibodies appear to be highly influenced by neighboring 

modifications (Fuchs et al., 2011).  This makes trusting our data in the context of trying 

to detect specific neighboring combinatorial patterns quite ambiguous.  Additional 

investigations into the extent of this antibody-specific promiscuity will be needed to 

further validate these types of studies.    

 To better understand the biological significance of our results, we must expand 

these studies to include more gene families, thus giving us more gene pairs and family-
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specific combinatorial patterns to analyze.  We can use previously designed algorithms 

(Gu et al., 2002) to uncover novel recently duplicated gene pairs in Arabidopsis, and then 

classify the extent of their divergence within their respective gene families through 

phylogenetic methods.  We can also extend our analysis by incorporating additional types 

of histone modifications.  Here we look at seven different histone acetylations and 

methylations, but there are a multitude of other PTMs that can be included to try and help 

deduce these interactions.  By performing our analysis on these newly discovered 

families with these other histone modification types, we will have additional data points 

to try and determine the role sequence is playing in facilitating histone modification 

deposition.  Using this data, we can then extract the specific sequence portions of each 

gene where these combinatorial interactions are occurring.  By using pattern-based 

discovery algorithms, like the TEIRESIAS algorithm (Rigoutsos and Floratos, 1998), we 

can search for statistically significant patterns among these regions that may be attracting 

specific PTMs.  By searching the genome for regions containing these sequence patterns 

and determining if specific PTMs are enriched at these locations as well, we can further 

confirm the link between nucleotide sequence and PTM deposition.  

 Conclusion.  Using ChIP-chip data and correlation coefficient analysis we 

dissected histone PTM deposition at the gene family level.  Investigation of the 

Arabidopsis actin, profilin, ADF, and ARP cytoskelatal gene families revealed that 

recently duplicated gene pairs exhibit varying levels of conservation across their histone 

modification enrichment profiles.  This suggests that histone modifications might aid 

“evolution by gene duplication” by silencing some recent gene duplicates, but not others, 

until beneficial mutations and subfunctionalization can occur.  Pearson’s r analysis 
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detected distinct combinatorial patterns for some of these histone modification marks 

within and amongst the individual gene families, with the exception of the most highly 

sequence divergent ARPs.  These results provide evidence that sequence may be helping 

facilitate the epigenomic landscape of histone post-translational modifications. 

Materials and Methods 

ChIP-chip analysis 

 Arabidopsis thaliana plants of Col-ecotype were grown on soil for two weeks, 

and then the above ground tissues were harvested for analysis.  ChIP-chip analysis was 

performed as previously described in Zhang et al., 2006, 2007, and 2009, using an 

Affymetrix platform (Santa Clara, CA).  The antibodies used in this study were:  anti-

H3K4me1 (ab8895); anti-H3K4me2 (ab7766); anti-H3K4me3 (ab8580); anti-H3K36me1 

(ab8895); anti-H3K36me2 (ab9049); anti-H3K36me3 (ab9050); anti-H3K27me3 

(ab6002); anti-H3K9ac (ab4441); anti-H3K14ac (07-353); anti-H3K23ac (07-355); anti-

H4K5ac (06-759 MN); anti-H4K8ac (07-328); anti-H4K12ac (07-595); anti-H4K16ac 

(07-762); anti-H3 (ab1791); anti-5-metyl Cytidine (ab10805), and were purchased from 

Abcam [ab] (Cambridge, MA, USA) and Millipore (Billerica, MA, USA).  H3 ChIP 

analysis was performed to isolate nucleosomal control DNA. 

Data analysis and enrichment profile construction 

 ChIP-chip data was processed, normalized, and analyzed as previously described 

in Zhang et al., 2006 and Zhang et al., 2007, using TileMap with the Hidden Markov 

model option (Ji and Wong, 2005). Posterior probabilities of enrichment (ranging from 

0-1) were ascribed to probes across the entire Arabidopsis genome.  Chromosomal 

coordinates for the 33 members that comprise the actin, profilin, ADF, and ARP gene 

families in Arabidopsis thaliana were retrieved through the NCBI and TAIR online 
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databases.  Coordinates were extended 500 bp upstream and downstream of the gene 

coding regions to ensure inclusion of promoter and nearby enhancer information.  The 

full genome dataset from each ChIP-chip analysis was uploaded into SPSS Statistics 

Version 21 (IBM).  The data corresponding to each gene’s coordinates were then 

extracted and exported into Excel (Microsoft).  Enrichment profiles were constructed 

from this data by creating XY scatter plots for each modification type in each gene.  The 

x-axis of these graphs denotes chromosomal location, while the y-axis corresponded to 

the posterior probabilities of enrichment (Figure 3.1).  Graphs were generated using 

either Excel (Microsoft) or RLPlot version 1.5 (University of Innbruck).  As previously 

described (Zhang et al., 2007), profiles with neighboring probes that yielded posterior 

probabilities of 0.50 or higher were deemed to be enriched for that modification type 

(“yes”), while profiles with values below 0.50 were said to be free of that modification 

type (“no”).  To be deemed “yes”, neighboring probe regions required a minimal run of 

100 bp, allowing for a maximal gap of 200 bp (Zhang et al., 2007).  This data was then 

used to create the summary tables and subsequent correlations for each of the four gene 

families examined. 

Statistical analysis, generation of Pearson’s r correlation coefficients 

 The summary data from the enrichment profiles were converted into binary 

variables for statistical analysis.  The profiles deemed “yes” for enrichment of each 

modification type were converted to “1”, and “no” was converted into “0”.  The binary 

data was then uploaded into the program SPSS Statistics Version 21 (IBM).  We 

performed correlation analysis by calculating the Pearson product-moment correlation 

coefficient (Pearson’s r) to determine if there are any modification types that influenced 
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the presence (positive correlations, 0.0 to +1.0) or absence (negative correlations, -1.0 to 

0.0) of another modification type.  Two-tailed significance tests were used to calculate 

the corresponding p-values between each possible correlation.  Only p-values less than or 

equal to 0.05 were signified as being statistically significant.  Using the equation [(n*(n-

1))/2], meant that for 14 PTMs there were a total of 91 possible correlation sets for each 

analysis run (14 x 13 / 2 = 91).  Interpretation of the size of the correlation coefficients 

was done using the criteria and cut-offs discussed in Cohen, 1988 and Choudhury, 2009.  

Coefficients ranging from 0.0 - +/-0.3 were deemed as weak correlations, +/-0.3 - +/-0.5 

were moderate correlations, and +/-0.5 - +/-1.0 were considered strong correlations.   

Phylogenetic Analysis 

 Arabidopsis nucleotide coding sequences (CDS) for the actin, profilin, ADF, and 

ARP gene families were retrieved through the NCBI and TAIR online databases.  

Sequences were aligned using the ClustalW program (Larkin et al., 2007) within 

MEGA5.05 (Tamura et al., 2011).  A BLOSUM protein weight matrix was used to align 

the sequences.  Once aligned, Bayesian inference phylogenetic trees were built for each 

of the four gene families using the program Mr.Bayes version 3.1 (Ronquist and 

Huelsenbeck, 2003).  We ran each of our analyses for 5,000,000 generations with a tree 

sample frequency of every 100 generations.  The final tree was compiled after a burnin of 

12,500 trees (25%).  Trees were then converted to newick format using the ape library 

(Paradis et al., 2004), and then visualized in MEGA5.05.  Trees were rooted after the 

analysis.  To ensure congruence, we also performed maximum-likelihood and neighbor-

joining phylogenetic analyses using Mega 5.05, and verified that the relationships seen in 

our trees are consistent. 
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      Figure 3.1:  Examples of enrichment profiles generated for this analysis.   
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A) H3K4me2 enrichment profile for ACT4.  This profile shows an enrichment peak 

above our 0.50 threshold, so H3K4me2 is deemed present in ACT4 chromatin (“yes”).  

This is an example of seeing enrichment [in the gene body].  B) H3K4me2 enrichment 

profile for ACT12.  This is an example of “no” enrichment for this modification since it 

does not reach our 0.50 threshold.  C) H3K9ac enrichment profile for PRF2.  This profile 

shows that H3K9ac is present in PRF2 chromatin (“yes”).  This is an example of seeing 

enrichment [throughout profile], since multiple peaks were detected.  TSS= 

Transcriptional Start Site; TTS=Transcriptional Termination Site.  X-axis= Chromosome 

Location (bp); Y-axis= Posterior Probability of Enrichment (0.00-1.00). 
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Figure 3.2:  H3K36me3 and H4K8ac enrichment profiles for ACT1 and ACT3 gene pairs.  A) H3K36me3 enrichment profile for 

ACT1.  B) H3K36me3 enrichment profile for ACT3.  C) H4K8ac enrichment profile for ACT1.  D) H4K8ac enrichment profile for 

ACT3.  TSS= Transcriptional Start Site; TTS=Transcriptional Termination Site. 
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Figure 3.3:  H3K4me1 enrichment profiles for the PRF4 and PRF5 gene pair.  A) 

H3K4me1 enrichment profile for PRF4.  B) H3K4me1 enrichment profile for PRF5.  

TSS= Transcriptional Start Site; TTS=Transcriptional Termination Site.
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Figure 3.4:  H3K4me3 enrichment profiles for ADF1 and ADF4 and H3K4me2 enrichment profiles for ADF7 and ADF10 gene 

pairs.  A) H3K4me3 enrichment profile for ADF1.  B) H3K4me3 enrichment profile for ADF4.  C) H3K4me2 enrichment profile for 

ADF7.  D) H3K4me2 enrichment profile for ADF10.  TSS= Transcriptional Start Site; TTS=Transcriptional Termination Site.
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 Figure 3.5:  H3K36me3, H3K4me3, and H4K8ac enrichment profiles for ACT7 

 (actin combinatorial pattern).  A) H3K36me3 enrichment profile for ACT7.  B) 

 H3K4me3 enrichment profile for ACT7.  C) H4K8ac enrichment profile for ACT7.  
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Figure 3.6:  H3K36me3, H3K4me3, H3K9ac, H3K14ac, and H4K8ac enrichment profiles for PRF2 (profilin combinatorial 

pattern).  A) H3K36me3 enrichment profile for PRF2.  B) H3K9ac enrichment profile for PRF2.  C) H3K4me3 enrichment profile 

for PRF2. D) H3K14ac enrichment profile for PRF2.  E) H4K8ac enrichment profile for PRF2.
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 Figure 3.7:  H3K36me3 and H4K8ac enrichment profiles for ADF4 (ADF 

 combinatorial pattern).  A) H3K36me3 enrichment profile for ADF4.  B) H4K8ac 

 enrichment profile for ADF4.   
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Type of 
Histone 
Modification 

Known Associated Effects  
(Activation, Repression) 

Location (if known) of 
Resulting Histone Mark 

References  

H3K36me1 Active Gene Transcription Intergenic domains located 
outside of annotated genes 

Tanaka et al., 2007 
Roy et al., 2010 

H3K36me2 Active Gene Transcription,  
prevents H3K27me3 spreading 

DNA double strand breaks Roy et al., 2010 
Fnu et al., 2010 
Yuan et al., 2011 

H3K36me3 Active Gene Transcription Gene body Li et al., 2002 
Carrozza et al., 2005 
Keogh et al., 2005 
Joshi and Struhl 2005 

H3K27me3 Repression of transcription Upstream/ Promoter Cao et al., 2002 
H3K4me1 Maintaining active transcription Gene body Benevolenskaya 2007 

Bernstein et al., 2002 
H3K4me2 Active Gene Transcription Transcriptional Start Site 

(TSS) 
Bernstein et al., 2002 

H3K4me3 Active Gene Transcription Promoter Krogan et al., 2003 
Ng et al., 2003 
Bernstein et al., 2005 

H3K9ac Active Gene Transcription Gene body & 
Upstream of TSS 

Robyr et al, 2004 
Koch et al., 2007 

H3K14ac Active Gene Transcription Gene body & 
Upstream of TSS 

Robyr et al, 2004 
Koch et al., 2007 

H3K23ac Active Gene Transcription Undetermined Tsai et al., 2010 
H4K5ac Active Gene Transcription TSS & along Gene Body Jeppesen and Turner 

1993 
Wang et al., 2008 

H4K8ac Active Gene Transcription TSS & along Gene Body Wang et al., 2008 
H4K12ac Active Gene Transcription TSS & along Gene Body Wang et al., 2008 
H4K16ac Recruits Deacetylases to Silence 

Transcription 
TSS & along Gene Body Vaquero et al., 2004 

Wang et al., 2008 
 

 

 Table 3.1:  Summary of the 14 different histone modifications analyzed in this study. 
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Maximum Nucleotide 
Sequence Divergence 
Among Gene Family 

Example 
Gene 

Family 

# of Genes in 
Family 

# of Gene 
Pairs in 
Family 

~18.5%  {Low} Actins 9 3 

~31%  {Moderate} Profilins 5 2 

~52%  {Mod.-High} ADFs 11 4 

~73%  {High} ARPs 8 0 

 

 

 Table 3.2:  Gene family information for actins, profilins, ADFs, and ARPs. 
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 ACT2 / 
ACT8 

ACT1 / 
ACT3 

ACT4/ 
ACT12 

PRF1 / 
PRF2 

PRF4 / 
PRF5 

ADF1 / 
ADF4 

ADF7 / 
ADF10 

ADF8 / 
ADF11 

ADF5 / 
ADF9 

H3K36me1 -  / - -  / - -  / - -  / - -  / - -  / - -  / + + / + -  / - 
H3K36me2 + / - -  / - -  / - -  / - -  / - -  / + -  / - -  / + -  / - 
H3K36me3 + / - + / + -  / - -  / + -  / - -  / + -  / - -  / + -  / - 
H3K27me3 -  / - - / + + / - -  / - -  / - -  / - -  / - + / - -  / - 
H3K4me1 + / - -  / - -  / - -  / - + / + -  / + -  / - -  / - -  / - 
H3K4me2 + / - -  / - +  / - -  / - -  / - -  / + + / + + / + -  / + 
H3K4me3 + / - + / + -  / - -  / + -  / - + / + -  / + -  / - -  / + 
H3K9ac + / - + / - + / - -  / + -  / - -  / + -  / + -  / - -  / - 
H3K14ac + / - -  / - -  / + -  / + -  / - -  / + -  / - -  / + -  / - 
H3K23ac + / - + / + + / + -  / + -  / - -  / + -  / - -  / + -  / - 
H3K5ac -  / - -  / - -  / - -  / - -  / - -  / - -  / - -  / - -  / - 
H4K8ac + / - + / + -  / - -  / + -  / - -  / + -  / - -  / + -  / - 
H4K12ac -  / - -  / - -  / - -  / - -  / - -  / - -  / - -  / - -  / - 
H4K16ac + / - - / + + / - -  / + -  / + -  / + -  / - -  / - -  / - 
Overall  
marks in 
common 
(%) 

4/14     
(28.6%) 

11/14     
(78.6%) 

9/14     
(64.3%) 

7/14     
(50.0%) 

13/14     
(92.9%) 

5/14     
(35.7%) 

11/14     
(78.6%) 

8/14     
(57.1%) 

12/14     
(85.7%) 

 + = modification present - = modification absent 

 

 Table 3.3:  Summary of the enrichment of histone modification marks among gene pairs. 
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Gene Family Maximum Nucleotide 
Sequence Divergence Among 

Gene Family 

Histone Modification 
Marks that Positively 

Correlate with each other 
(PTM Combinatorial 

Patterns) 
Actins ~18.5%           

{Low} 
• H3K36me3  
• H3K4me3  
• H4K8ac  

Profilins ~31%      
{Moderate} 

• H3K36me3  
• H3K4me3  
• H4K8ac  
• H3K9ac 
• H3K14ac 

ADFs ~52%    
{Mod.-High} 

• H3K36me3  
• H4K8ac  

ARPs ~73%             
{High} 

             None 

All 4 Families 
Combined 

N/A • H3K9ac  
• H3K14ac  
• H3K23ac  
• H4K8ac  
• H4K16ac  
• H3K36me3  

 
 

 

 Table 3.4:  Summary of the combinatorial patterns of histone modification marks 

 detected within and among gene families. 
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 Figure 3.S1:  Bayesian phylogenetic analysis of the Arabidopsis actin gene family.  
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 Figure 3.S2:  Bayesian phylogenetic analysis of the Arabidopsis profilin gene family. 
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 Figure 3.S3:  Bayesian phylogenetic analysis of the Arabidopsis Actin 

 Depolymerizing Factor (ADF) gene family. 
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 Figure 3.S4:  Bayesian phylogenetic analysis of the Arabidopsis Actin Related 

 Protein (ARP) gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K36me1 
[Loc.] 

H3K36me2 
[Loc.] 

H3K36me3 
[Loc.] 

H3K27me3 
[Loc.] 

H3K4me1 
[Loc.] 

H3K4me2 
[Loc.] 

H3K4me3 
[Loc.] 

ACT2* 

1713.81 no 
yes 

[gene body] 
yes 

[gene body] no 
yes 

[gene body] 

yes 
[gene 
body] 

yes 
[throughout 

profile] 
ACT8* 595.98 no no no no no no no 
ACT9 

3.58 
no no yes 

[gene body] 
no yes 

[upstream] 
no yes 

[gene body] 
ACT7 

1486.31 
yes 

[gene body] no 
yes 

[gene body] no no no 
yes 

[gene body] 
ACT11 

72.73 
yes 

[gene body] no 
yes 

[gene body] no 
yes 

[gene body] 

yes 
[throughout 

profile] no 
ACT1* 

131.15 no no 
yes 

[downstream] no no no 
yes 

[downstream] 
ACT3* 

131.15 no no 

yes  
[before & 

start of gene] 

yes 
[upstream 

& start 
of gene] no no 

yes 
[throughout 

profile] 
ACT4* 

9.18 no no no 

yes 
[throughout 

profile] no 

yes 
[gene 
body] no 

ACT12* 0.95 no no no no no no no 
*Gene Pairs   
 

Table 3.S1:  Summary of ChIP-Chip data for the actin gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K 9ac 
[Loc.] 

H3K14ac 
[Loc.] 

H3K23ac 
[Loc.] 

H4K5ac 
[Loc.] 

H4K8ac 
[Loc.] 

H4K12ac 
[Loc.] 

H4K16ac 
[Loc.] 

ACT2* 

1713.81 

yes 
[throughout 

profile] 
yes 

[gene body] 

yes 
[throughout 

profile] 

no 
yes 

[gene body] 

no 
yes 

[gene body] 
ACT8* 595.98 no no no no no no no 
ACT9 

3.58 

yes 
[gene body] 

yes 
[upstream] 

yes 
[gene body] 

no yes 
[throughout 

profile] 

no no 

ACT7 
1486.31 

yes 
[gene body] 

yes 
[gene body] 

yes 
[gene body] 

no yes 
[gene body] 

no yes 
[gene body] 

ACT11 

72.73 

yes 
[throughout 

profile] 
yes 

[gene body] 
yes 

[gene body] 

no yes 
[gene body 

& 
downstream] 

no 

yes 
[gene body] 

ACT1* 

131.15 
yes 

[gene body] no 

yes 
[gene body & 
downstream] 

no 
yes 

[gene body] 

no 

no 
ACT3* 

131.15 no no 

yes 
[upstream 

& start 
of gene] 

no 

yes 
[gene body] 

no 

yes 
[gene body] 

ACT4* 
9.18 

yes 
[gene body] no 

yes 
[gene body] 

no 
no 

no yes 
[gene body] 

ACT12* 
0.95 no 

yes 
[downstream] 

yes 
[downstream] 

no 
no 

no 
no 

*Gene Pairs  

Table 3.S1 (cont.):  Summary of ChIP-Chip data for the actin gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K36me1 
[Loc.] 

H3K36me2 
[Loc.] 

H3K36me3 
[Loc.] 

H3K27me3 
[Loc.] 

H3K4me1 
[Loc.] 

H3K4me2 
[Loc.] 

H3K4me3 
[Loc.] 

PRF1* 24.01 no no no no no no no 
PRF2* 

94.87 no no 
yes 

[gene body] no no no 
yes 

[gene body] 
PRF3 22.56 no no no no no no no 
PRF4* 

0.91 no no no no 
yes 

[upstream] no no 
PRF5* 

2.39 no no no no 
yes 

[start of gene] no no 
 *Gene Pairs   

 

 

Table 3.S2:  Summary of ChIP-Chip data for the profilin gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K 9ac 
[Loc.] 

H3K14ac 
[Loc.] 

H3K23ac 
[Loc.] 

H4K5ac 
[Loc.] 

H4K8ac 
[Loc.] 

H4K12ac 
[Loc.] 

H4K16ac 
[Loc.] 

PRF1* 24.01 no no no no no no no 
PRF2* 

94.87 

yes 
[throughout 

profile] 
yes 

[gene body] 

yes 
[throughout 

profile] no 

yes 
[gene body & 
downstream] no 

yes 
[gene body] 

PRF3 
22.56 no no 

yes 
[upstream] no no no no 

PRF4* 0.91 no no no no no no no 
PRF5* 

2.39 no no no no no no 
yes 

[downstream] 
 *Gene Pairs  

 

 

Table 3.S2 (cont.):  Summary of ChIP-Chip data for the profilin gene family. 

 

 

 

 



151 

 

Gene  
Name 

Expression  
Level 
(RFU) 

H3K36me1 
[Loc.] 

H3K36me2 
[Loc.] 

H3K36me3 
[Loc.] 

H3K27me3 
[Loc.] 

H3K4me1 
[Loc.] 

H3K4me2 
[Loc.] 

H3K4me3 
[Loc.] 

ADF1* 1044.28 no no no no no no 
yes 

[upstream] 

ADF4* 598.9 no 
yes 

[gene body] 
yes 

[gene body] no 
yes 

[gene body] 
yes 

[gene body] 
yes 

[gene body] 

ADF3 1467.81 no no 

yes 
[down-
stream] 

yes 
[gene body] no 

yes 
[gene body] 

yes 
[gene body] 

ADF2 502.33 no no no no no no 

yes 
[throughout 

profile] 

ADF7* 0.43 no no no no no 

yes 
[upstream 

& start 
of gene] no 

ADF10* 0.91 
yes 

[gene body] no no no no 
yes 

[gene body] 
yes 

[gene body] 

ADF8* 1.63 
yes 

[downstream] no no 
yes 

[gene body] no 
yes 

[gene body] no 

ADF11* 5.88 
yes 

[gene body] 
yes 

[gene body] 

yes 
[down-
stream] no no 

yes 
[upstream] no 

ADF6 391.58 no no no no no no no 
ADF5* 190.93 no no no no no no no 

ADF9* 29.86 no no no no no 
yes 

[gene body] 
yes 

[gene body] 
*Gene Pairs   

Table 3.S3:  Summary of ChIP-Chip data for the Actin Depolymerizing Factor (ADF) gene family. 
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Gene  
Name 

Expression 
Level 
(RFU) 

H3K9ac 
[Loc.] 

H3K14ac 
[Loc.] 

H3K23ac 
[Loc.] 

H4K5ac 
[Loc.] 

H4K8ac 
[Loc.] 

H4K12ac 
[Loc.] 

H4K16ac 
[Loc.] 

ADF1* 1044.28 no no no no no no no 

ADF4* 598.9 
yes 

[gene body] 
yes 

[gene body] 

yes 
[throughout 

profile] no 
yes 

[gene body] no 

yes 
[gene body & 
downstream] 

ADF3 1467.81 

yes 
[throughout 

profile] 
yes 

[gene body] 

yes 
[throughout 

profile] no 
yes 

[start of gene] no 
yes 

[gene body] 

ADF2 502.33 

yes 
[throughout 

profile] no 
yes 

[gene body] no 
yes 

[gene body] no no 
ADF7* 0.43 no no no no no no no 

ADF10* 0.91 
yes 

[upstream] no no no no no no 
ADF8* 1.63 no no no no no no no 

ADF11* 5.88 no 
yes 

[start of gene] 
yes 

[start of gene] no 
yes 

[start of gene] no no 

ADF6 391.58 no 
yes 

[gene body] no no no no no 
ADF5* 190.93 no no no no no no no 
ADF9* 29.86 no no no no no no no 

 *Gene Pairs 

Table 3.S3 (cont.):  Summary of ChIP-Chip data for the Actin Depolymerizing Factor (ADF) gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K36me1 
[Loc.] 

H3K36me2 
[Loc.] 

H3K36me3 
[Loc.] 

H3K27me3 
[Loc.] 

H3K4me1 
[Loc.] 

H3K4me2 
[Loc.] 

H3K4me3 
[Loc.] 

ARP2 33.01 
yes 

[gene body] 
yes 

[downstream] 

yes 
[throughout 

profile] no 
yes 

[gene body] no 

yes 
[start of 
gene] 

ARP3 53.03 no no 
yes 

[gene body] no no 
yes 

[gene body] 

yes 
[start of 
gene] 

ARP6 99.91 no no 
yes 

[upstream] no no no 
yes 

[upstream] 

ARP5 44.4 no no 
yes 

[gene body] no 
yes 

[gene body] 
yes 

[gene body] 

yes 
[throughout 

profile] 

ARP7 52.65 no no no 

yes 
[throughout 

profile] no no no 

ARP8 100.41 
yes 

[gene body] no 

yes 
[upstream 

& start 
of gene] no 

yes 
[start of 
gene] 

yes 
[start of 
gene] 

yes 
[upstream] 

ARP4 138.68 no 
yes 

[gene body] 

yes 
[throughout 

profile] no 
yes 

[gene body] 

yes 
[start of 
gene] 

yes 
[upstream 

& start 
of gene] 

ARP9 42.3 no no no no no 

yes 
[start & end 

of gene] 

yes 
[throughout 

profile] 
 

Table 3.S4:  Summary of ChIP-Chip data for the Actin Related Protein (ARP) gene family. 
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Gene  
Name 

Expression  
Level 
(RFU) 

H3K 9 ac 
[Loc.] 

H3K14 ac 
[Loc.] 

H3K23 ac 
[Loc.] 

H4K5 ac 
[Loc.] 

H4K8 ac 
[Loc.] 

H4K12 ac 
[Loc.] 

H4K16 ac 
[Loc.] 

ARP2 33.01 
yes 

[gene body] 

yes 
[throughout 

profile] 

yes 
[upstream 

& gene body] no 

yes 
[throughout 

profile] no 
yes 

[gene body] 

ARP3 53.03 no no 
yes 

[gene body] no no no no 

ARP6 99.91 
yes 

[upstream] 
yes 

[upstream] 
yes 

[upstream] no 
yes 

[upstream] no 
yes 

[upstream] 

ARP5 44.4 no no 

yes 
[throughout 

profile] no 

yes 
[throughout 

profile] no 
yes 

[gene body] 

ARP7 52.65 
yes 

[upstream] no no no 
yes 

[upstream] no no 

ARP8 100.41 no no 
yes 

[upstream] no 
yes 

[upstream] no no 

ARP4 138.68 
yes 

[downstream] no 
yes 

[gene body] no no no no 
ARP9 42.3 no no no no no no no 

 

 

Table 3.S4 (cont.):  Summary of ChIP-Chip data for the Actin Related Protein (ARP) gene family. 
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Table 3.S5:  Correlation analysis for 14 histone modifications and DNA Methylation 

(5meC) among the actin gene family (9 genes total).  
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Table 3.S6:  Correlation analysis for 14 histone modifications and DNA Methylation 

(5meC) among the profilin gene family (5 genes total).   
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Table 3.S7:  Correlation analysis for 14 histone modifications and DNA Methylation 

(5meC) among the ADF gene family (11 genes total).   
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Table 3.S8:  Correlation analysis for 14 histone modifications and DNA Methylation 

(5meC) among the ARP gene family (8 genes total). 
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Table 3.S9:  Correlation analysis for 14 histone modifications and DNA Methylation 

(5meC) among actin, profilin, ADF, and ARP gene families (33 genes total).



160 

 

Table 3.S10:  Correlation analysis for 14 histone modifications and DNA 

Methylation (5meC) among actin, profilin, and ADF gene families (25 genes total).  
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CHAPTER 4 

 

SUMMARY AND CONCLUSIONS 

 

 

 This dissertation has covered two widely different topics, epigenetics and the 

genetic characterization of a family of actin binding proteins (ABPs) in Arabidopsis 

thaliana.  For the sake of clarity, I will conclude each subject matter separately. 

Genetic analysis of vegetative profilins in Arabidopsis thaliana 

 The actin cytoskeleton plays fundamental roles in development and cellular 

function.  Its involvement in cellular processes such as organelle movement, chromatin 

remodeling, and cell division are well documented ( Bettinger et al., 2004; Miralles and 

Visa, 2006; Kandasamy et al., 2012).  In order for the actin cytoskeleton to facilitate this 

wide array of functions, it must interact with a multitude of ABPs.  There are various 

classes of proteins that contribute to the dynamic nature of the actin cytoskeleton; one 

such group of proteins is encoded by the profilin gene family. 

 Similar to actin, profilins are highly dynamic and bind to a number of different 

proteins.  Through these interactions they have been implicated in signaling pathways, 

intracellular transport, communication, organ and tissue development, cell elongation, 

and recently cancer progression (Stradal et al., 2004; Witke et al., 1998; Zou et al., 2010; 

Mouneimne et al., 2012).   While profilins were originally thought to primarily be 
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facilitating actin depolymerization through the process of binding and sequestering G-

actin monomers (Carlsson et al., 1976), recent evidence has emerged showing that 

profilin-bound actin monomers can elongate filament barbed ends at approximately the 

same rate as free actin monomers (Pollard and Borisy, 2003 and dos Remedios et al., 

2003), thus implicating profilins in actin polymerization as well.  What drew my interest 

to the profilin gene family was that after decades of research their mechanistic roles in 

modulating actin dynamics have continued to remain unclear.  Additionally, their effects 

on the overall development of the model organism Arabidopsis thaliana are unknown.  

This prompted my investigation into the genetic characterization of the vegetative 

subclass of profilins in Arabidopsis. 

 Arabidopsis thaliana encodes a five member multi-gene family of profilin 

proteins.  PRF1, PRF2, and PRF3 belong to the vegetative class and are constitutively 

expressed throughout all vegetative tissues and in ovules.  PRF2 is the most highly 

expressed member in this family, followed by PRF1 and finally PRF3.  PRF4 and PRF5 

are classified as reproductive profilins, being predominately expressed in mature pollen.  

Since I was trying to study the effects of profilins on overall plant development, I decided 

to only characterize the three vegetative profilin proteins.  Previous analyses have shown 

that a partial knockdown of the vegetative profilin PRF1 results in altered seedling 

development, elongated hypocotyls, loss of light regulation, defects in root hair 

development, flowering time, cell elongation, and overall cell shape maintenance 

(McKinney et al., 2001; Ramachandran et al., 2001).  These studies only looked at one of 

the three members in the vegetative profilin family.  Furthermore, these phenotypes were 

not abundantly noticeable, suggesting that complete knockouts as well as double and 
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triple knockouts containing all combinations of these three genes were needed.  To 

dissect the functions of these vegetative proteins, I utilized various T-DNA single and 

double mutants and RNAi knockdown plants that silenced multiple profilins 

simultaneously.  This is the first documented case where null profilin mutants and double 

mutants were characterized in plants.  By knocking down multiple profilins at once, I was 

able to explore quantitative genetic effects and the likelihood of functional redundancy 

amongst the vegetative members of this gene family.   

 Morphological analysis of single T-DNA insertion mutants revealed that plants 

deficient in PRF1 or PRF2 led to similar defects in rosette leaf morphology and 

inflorescence stature, while the loss of PRF3 led to less evident phenotypes like elongated 

petioles.  PRF1 and PRF2 mutant plants developed leaves that were significantly shorter 

in total length, width, and blade length, and were also shorter in overall plant height, with 

inflorescences appearing less stable than that of WT (Chapter 2, Figure 2.1).  This lack of 

structure suggested that the actin cytoskeleton was impaired in the cells that make up the 

inflorescences in these mutants.  If profilins were responsible for shuttling monomeric 

actin to promote filamentous formation, perhaps the lack of these highly expressed 

profilins was inhibiting the formation of actin-filaments at the leading edge of cells 

resulting in a lack of structure in these tissues.  This idea was in agreement with profilins 

being involved in proper cell elongation.  PRF3 mutants did not display a strong, dwarfed 

leaf or unstable inflorescence phenotype, but did appear to have slightly elongated 

petioles compared to WT (Chapter 2, Figure 2.6).  This result indicated that PRF3 could 

be required for proper petiole formation.  Since this observation was the first documented 

instance where a PRF3 mutant plant showed any type of developmental phenotype, 
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further studies will be needed in order to fully understand PRF3’s role in petiole and 

overall plant development. 

The generation of double mutants showed combinations of the single mutant 

phenotypes, with knocking out the two most highly expressed vegetative profilins (PRF1 

and PRF2) leading to the most drastic and severe leaf and inflorescence phenotypes 

(Chapter 2, Figure 2.3).  These results confirmed that while PRF1 and PRF2 was playing 

major roles in rosette and inflorescence development, PRF3 must be involved in the 

proper development of petioles.  The much lower expressed PRF3 seemed to have 

evolved to function specifically in the assistance of petiole development, while PRF1 and 

PRF2 serve to function in multiple tissues.  The fact that PRF1 and PRF2 deficient plants 

exhibited very similar phenotypic effects suggested the possibility of there being partial 

functional redundancy.  However, since the single mutants each had strong phenotypes 

we believe that this is more indicative of a quantitative genetic effect.  Additional 

experiments will be required to determine the extent, if any, of functional redundancy 

between PRF1 and PRF2.     

Further examination of possible quantitative genetic effects among Arabidopsis 

profilins was done by silencing all three vegetative proteins simultaneously.  Plants 

deficient in PRF1, PRF2, and PRF3 showed the most drastic dwarfed phenotypes as well 

as problems with lateral root initiation and growth (Chapter 2, Figures 2.5 and 2.7).  

When the vegetative profilin pool was completely depleted, plants were unable to fully 

form many of its above ground tissues and organs.  This stunted phenomenon was 

indicative of defects in cell elongation.  I propose that once vegetative profilin protein 

levels reach a certain threshold, the cell must conserve the profilin that is present and 
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only initiate cell elongation in certain tissues and organs that are more essential to 

development and survival.  Another possible explanation is that the reproductive profilins 

are functionally filling in for the vegetative PRFs, but are less efficient or unable to 

promote cell elongation throughout all tissues in the plant.  Since weakly silenced lines 

gave rise to intermediate phenotypes (Chapter 2, Figure 2.5 and 2.S3), it appears as if 

there is a concentration dependent aspect to this relationship. 

After completing morphological examination of these various profilin deficient 

plants, I performed microscopic analysis to search for possible defects in cell elongation.  

By looking at leaf epidermal cells in WT and plants lacking PRF1 and PRF2, I found that 

profilin deficient plants had dramatically smaller cells than those seen in WT, suggesting 

that vegetative profilins were playing an active role in cell elongation (Chapter 2, Figure 

2.8).  This result explained why the leaves in these mutant plants were dwarfed 

throughout development.  Based on these results I have developed a model for profilin’s 

role in cell elongation based upon overall profilin concentrations in the cell.  I propose 

that significantly decreasing the profilin pool causes an arrest in cell elongation.  The 

lowering of profilin pool concentrations leads to less profilin-actin complexes being 

properly sequestered to the cell periphery to promote appropriate cell expansion.  In 

addition, since profilin is involved in actin treadmilling, which is required for proper cell 

elongation, the lack of profilin would inevitably cause arrest in actin filament protrusions 

leading to plants with smaller leaves, as was seen in my PRF mutants.  This model agrees 

with my findings that there are quantitative genetic effects that provide a direct 

correlation between the number of profilin genes that were knocked out and the severity 

of the dwarfed plant phenotype. 
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While this model serves to explain the phenotypic effects detected in profilin 

deficient plants, the exact mechanisms still need to be clarified in future experiments.  

Preliminary results from actin-inhibiting drug treatments were inconclusive, but 

additional focus on these types of experiments could be useful in deducing profilin’s 

mechanistic interactions in actin cytoskeletal dynamics.  This study analyzed profilin’s 

role in plant cell and organ development, but additional research will be needed to 

examine their roles in signal transduction, intracellular transport, and communication.  In 

order to determine how profilins diverse functions are interacting, a systems biology 

approach needs to be taken.  I suggest beginning with genome-wide transcriptional assays 

examining these profilin deficient plants.  By determining which genes are being 

differentially expressed, we could help link specific pathways through previously 

determined interactions.  Furthermore, experiments are also needed to establish if there is 

any functional redundancy between PRF1 and PRF2.  By overexpressing one of these 

profilins in plants lacking the other, we can see if phenotypes still persist or are rescued 

due to the restoration of overall profilin protein concentrations.  Studies dissecting the 

importance of reproductive PRF4 and PRF5 are also necessary.  While initial analysis of 

plants lacking these profilins did not reveal any noticeable phenotypes, perhaps 

PRF4/PRF5 double mutants will lead to defects in pollen development and sterility.  

Creation of this double mutant could also assist in understanding the extent of functional 

redundancy among reproductive profilins as well.   

Phylogenetic analysis has shown that PRF1 and PRF2 as well as PRF4 and PRF5 

exist as duplicated gene pairs stemming from a genome wide duplication event occurring 

in Arabidopsis thaliana ~30-35 million years ago.  These gene pairs are commonly 
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noticed across a number of cytoskeletal gene families in Arabidopsis.  The next section 

will utilize histone modification deposition data in an effort to determine if this 

epigenetic control mechanism helps aid evolution through the silencing of certain 

duplicated gene pair members until subfunctionalization and mutations can occur.               

 

Phylogenetic Identification of Inherited Patterns of Nucleosomal Histone 

Modification  

 Epigenetics can be described as inherited changes in gene function that are unable 

to be explained by the classical central dogma of molecular genetics (Riggs et al., 1996).  

There are a variety of different types of epigenetic control mechanisms, including 

nucleosome positioning/phasing and histone variants (higher order chromatin structure), 

DNA based alteration (cytosine methylation), and histone side chain modifications.  In 

order to further the understanding of the epigenetic field, I believe that each of these 

processes needs to be dissected thoroughly to decipher their mechanistic links.  

Determining how these processes are interacting will help elucidate the wider picture of 

how epigenetics is controlling global gene regulation through the preparation of 

chromatin structure.  Much of my research has suggested that DNA sequence could be 

playing a significant role in guiding these control mechanisms.  While the review article 

in the appendix of this dissertation discusses such issues in more detail, Chapter 3 serves 

to extend the analysis of histone modification deposition in an effort to comprehend how 

DNA sequence may be facilitating the epigenomic landscape of histone post-translational 

modifications. 
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 Genome-wide histone modification deposition studies have been ongoing for 

some time now, with one of their main purposes being to decipher the complicated 

“histone code” (Jenuwein and Allis, 2001).  My analysis has taken advantage of 

previously generated ChIP-chip data for 14 different modifications across the 

Arabidopsis thaliana genome (Chapter 3, Table 3.1).  I took a novel approach to try to 

understand histone modification deposition by extrapolating this data to examine specific 

enrichment patterns in individual gene family phylogenies.  I selected four cytoskeletal 

gene families that comprise a wide range of sequence divergence in Arabidopsis thaliana 

(Chapter 3, Table 3.2).  Three of them (actin, profilin, actin-depolymerizing factor 

(ADF)) have paired family members representing a well-established, recent genome-wide 

duplication event ~30-35 MYA, while the origin of most of the members in the fourth 

family, Actin-Related Proteins (ARPs), date back to protists and have no discernable 

gene pairs (Vision et al., 2000; Simillion et al., 2002; Bowers et al., 2003; Blanc et al., 

2003).  By evaluating how recently duplicated gene pairs compareed in their overall 

deposition of various histone modification types, I attempted to understand if and how 

evolution was utilizing epigenetic control mechanisms to assist in regulating different 

genic variants for spatial and temporal development.   

 Using this data, I constructed enrichment profiles for each modification type for 

every gene member in these four families and found that recently duplicated gene pairs 

exhibited varying levels of conservation across their histone modification enrichment 

profiles (Chapter 3, Table 3.3).   These results suggested that histone modifications were 

aiding “evolution by gene duplication” by mechanistically silencing some recent gene 

duplicates, but not others, until beneficial mutations and subfunctionalization could occur 
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(Rodin and Riggs, 2003; Meagher, 2010).  These results agreed with previously 

published findings in humans showing that there was a clear variable range of agreement 

among histone modification enrichments between different segmental duplication pairs, 

with parental (original) loci exhibiting higher levels of histone modifications than 

derivative (duplicated) loci (Zheng, 2008).  Some of my results were also supported by 

studies in yeast showing that, on average, duplicate gene pairs share more common 

histone modification patterns than random singleton pairs (Zou et al., 2012).   

 Since recently duplicated gene pairs have very similar sequences, I had reason to 

believe that sequence might be driving the control of histone modification deposition 

(Meagher and Müssar, 2012).  Evidence in yeast showed that histone modification 

profiles between gene duplicates begin to exhibit even more deviation as sequence 

divergence increases (Zou et al., 2012).  This notion supports the idea that there may be a 

co-evolution between both genetic and epigenetic elements following gene duplication 

that is contributing to the expression divergence seen among recently duplicated genes.  

To explore these histone modification interactions with respect to sequence degeneration, 

I selected gene families that contained varying levels of sequence divergence (Chapter 3, 

Table 3.2), but failed to detect any differences between the gene pairs from the different 

cytoskeletal gene families.  Each family had pairs that agreed, disagreed, and 

intermediately agreed with respect to their conservations of histone modification 

enrichments.    

 By examining the locations of these PTMs within duplicated gene pairs, I was 

able to clearly see that PTM enrichments were occurring at different locations within 

each gene.  In fact, in most cases the PTM enrichments seem to be located on the 
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neighboring nucleosome location in the respective gene duplicate (Chapter 3, Figures 

3.3-5).  We showed clear examples of this on/off enrichment patterning, suggesting that 

sequence was not playing a role in facilitating PTM deposition amongst gene duplicates.  

Instead, it appeared that PTMs were acting to promote the subfunctionalization of the 

gene pair.  Perhaps the specific locations of these PTMs were determining which roles 

these variants were playing throughout spatial and temporal development, thus leading to 

subfunctionalization. 

 To determine the extent, if any, of the association between sequence divergence 

and histone modification deposition, this study could benefit from expanding out to 

include more gene families in Arabidopsis, keeping with the theme of selecting families 

that vastly range in their sequence conservation.  Another option would be to use 

previously designed algorithms (Gu et al., 2002) to uncover extremely recent duplicated 

gene pairs (~5-10 Mya) to perform this analysis.  Nonetheless, continued analysis of gene 

duplication, in the context of histone modifications, could help explain how PTM 

deposition diverges over time to regulate chromatin structure and therefore gene 

expression. 

 These gene specific enrichment profiles were then analyzed to look for distinct 

combinatorial patterns of histone modification marks within each family.  Previous 

genome-wide analysis of 39 different histone modifications in human CD4+ T cells lead 

to the discovery of a pattern consisting of 17 different modifications (containing both 

methylations and acetylations) that colocalize in the genome and correlate with each 

other on an individual nucleosome level.  This pattern associated with genes that tended 

to be more highly expressed, suggesting that these modifications were acting 
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cooperatively to prepare chromatin for active transcription (Wang et al., 2008).  Using 

our Arabidopsis data, I tried to detect if such patterns existed within and among the actin, 

profilin, ADF, and ARP gene families. 

 By calculating Pearson product-moment correlation coefficients (Pearson’s r) 

using the data gathered from Tables S1-S4 in Chapter 3, I was able to detect interactions 

between different histone modification types in three of the four gene families analyzed.  

I found that for the actin gene family, a pattern of H3K36me3, H3K4me3, and H4K8ac 

existed (Chapter 3, Table 3.4).  This means that each of these modifications were more 

likely to be present when the other two were enriched on that same gene (and vice versa).  

This type of interaction was more extensively seen in the profilin gene family, where a 

pattern of five modification types was detected:  H3K36me3, H3K4me3, H4K8ac, 

H3K9ac, and H3K14ac (Chapter 3, Table 3.4).  Analysis of the ADF gene family only 

revealed an interacting pattern containing two modification types, H3K36me3 and 

H4K8ac (Chapter 3, Table 4).  It should be noted that H3K36me3 and H4K8ac were 

detected in patterns throughout these three gene families, providing additional evidence 

that these findings are not just artifacts or a result of small sample size.  All modifications 

in these combinatorial patterns were known activation marks, and correlations were 

positive indicating that these interactions are all acting cooperatively.  The ancient and 

highly divergent ARPs contained no combinatorial patterns suggesting that sequence 

divergence could be facilitating these combinatorial interactions.  This result was further 

supported by the fact that these specific interacting PTMs are enriched on the same 

nucleosome within a single gene (Chapter 3, Figures 3.6-8).  Perhaps these patterns are 

imbedded in the nucleotide sequence and acting to recruit proteins like histone 
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acetyltransferases (HATs), histone deacetylases (HDACs), and histone 

methyltransferases (HMTs) to the nucleosomes to facilitate PTM deposition, in a 

sequence dependent manner.  

 By extending this analysis to include more gene families, I could then extract the 

specific sequence portions of each gene where these combinatorial patterns of enrichment 

are occurring, and use pattern-based discovery algorithms, like the TEIRESIAS algorithm 

(Rigoutsos and Floratos, 1998), to search for statistically significant patterns among these 

regions that may be attracting specific PTMs.  By searching the genome for regions 

containing these patterns and determining if the same PTMs are enriched at these 

locations as well, I could further confirm the link between nucleotide sequence and PTM 

deposition. 

 It is improbable to expect that there is a single, specific activation module that can 

apply to all genes throughout the genome.  Maybe these combinatorial patterns are 

associated with relative spatial locations on certain chromosomes, or are coupled with 

expression levels at a specific developmental time-point.  I believe that these PTM 

patterns are likely altered throughout development to correspond with the changing need 

for temporal specific functions.  Performing this analysis at different time points during 

development, thereby incorporating PTM turnover could provide insight into these 

inquiries.  Recently, quantitative proteomics studies have suggested that histone turnover 

rates are dependent upon site-specific post-translational modifications and sequence 

variants (Zee et al., 2010), thus providing a link between sequence, PTMs, and histone 

variants.  Determining how these interacting PTM patterns change at various time points 

and under certain stress conditions could help understand how mechanistically these 
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modifications are communicating to facilitate gene expression regulation throughout 

development and in response to specific stressed environments.   

 Another aspect worth examining is the role that certain classes of non-coding 

RNAs (ncRNAs) play in facilitating histone modification deposition.  ncRNAs have 

already been implicated in a number of epigenetic control mechanisms (Chapter 1) and 

many are beginning to believe that these small ncRNAs have much more complex roles 

than initially perceived.  However, since these species of RNAs are known to act over 

large distances in the genome, it will be difficult to determine which ones are acting on 

specific gene sequences through bioinformatic approaches alone.  Efforts combining in 

silico data mining and biochemical functional validation could eventually deduce the 

mechanistic links I am searching for among these control processes.    

 In summation, I believe that taking more focused approaches to analyzing 

epigenetic control mechanisms could help us appreciate the complexity of these 

interactions.  While this study has attempted to dissect these interactions among certain 

histone modifications, further analysis is required.  I have provided initial evidence 

throughout this dissertation suggesting that DNA sequence may be playing a much larger 

role in facilitating the epigenomic landscape than previously thought.  As this field 

continues to gain momentum, it will be interesting to see how important sequence is in 

guiding epigenetic control.   
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THE INFLUENCE OF DNA SEQUENCE ON EPIGENOME-INDUCED 

PATHOLOGIES1 
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Abstract 
 
Background 

Clear cause-and-effect relationships are commonly established between genotype 

and the inherited risk of acquiring human and plant diseases and aberrant phenotypes. By 

contrast, few such cause-and-effect relationships are established linking a chromatin 

structure (i.e., the epitype), with the transgenerational risk of acquiring a disease or 

abnormal phenotype. It is not entirely clear how epitypes are inherited from parent to 

offspring as populations evolve, even though epigenetics is proposed to be fundamental 

to evolution and the likelihood of acquiring many diseases. This article explores the 

hypothesis that for transgenerationally inherited chromatin structures “genotype 

predisposes epitype”, and that epitype functions as a modifier of gene expression within 

the classical central dogma of molecular biology. 

Results 

Evidence for the causal contribution of genotype to inherited epitypes and 

epigenetic risk comes primarily from two different kinds of studies discussed herein. The 

first and direct method of research proceeds by the examination of the transgenerational 

inheritance of epitype and the penetrance of phenotype among genetically related 

individuals. The second approach identifies epitypes that are duplicated as DNA 

sequences are duplicated and evolutionarily conserved among repeated patterns in the 

DNA sequence. The body of this article summarizes particularly robust examples of these 

studies from humans, mice, Arabidopsis, and other organisms.  
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Conclusions 

The bulk of the data from both areas of research support the hypothesis that 

genotypes predispose the likelihood of displaying various epitypes, but for only a few 

classes of epitype. This analysis suggests that renewed efforts are needed in identifying 

polymorphic DNA sequences that determine variable nucleosome positioning and DNA 

methylation as the primary cause of inherited epigenome-induced pathologies. By 

contrast, there is very little evidence that DNA sequence directly determines the inherited 

positioning of numerous and diverse post-translational modifications of histone side 

chains within nucleosomes. We discuss the medical and scientific implications of these 

observations on future research and on the development of solutions to epigenetically 

induced disorders.  

Introduction 

Cause-and-effect and epigenetic risk: The inheritance of numerous genetic risk 

factors for human and plant diseases as well as biotic and abiotic stress susceptibility 

phenotypes are well established [1-6]. Particular DNA mutations and their mechanistic 

effect on the timing, level, or quality of gene expression produce the risk of disease. 

Thus, a clear cause-and-effect relationship is established between the inherited aberrant 

genotype and the risk phenotype (i.e., the increased chance or certainty of presenting a 

disease).  

Epigenetics is cited as contributing to the risk of acquiring numerous diseases and 

aberrant phenotypes in human and plant populations based primarily on correlations 

between changes in chromatin structure and penetrance of the undesired phenotype [7-

10]. There has been a growing suspicion, particularly since the 1980s, that along with 
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classical genetics, epigenetics was required to explain many complex phenotypes 

associated with disease [11, 12]. The influences of age and environment (e.g., chemicals, 

heat, nutrition, daylight) on various pathologies and the seemingly stochastic penetrance 

of developmental abnormalities are particularly difficult to interpret using purely 

molecular genetic models and more easily explained by considering epigenetic control 

mechanisms [13-18]. However, few cause-and-effect relationships have been established 

proving that particular inherited cis-linked chromatin structures (epitypes) are in fact 

useful in predicting the inherited risk of acquiring disease phenotypes. Exceptions are the 

epigenetic silencing of the skeletal-muscle ryanodine-receptor gene (RYR1) that causes 

congenital myopathies and the MutL Homolog 1 gene (MLH1) that causes increased risk 

of colorectal or endometrial tumors, which are discussed in the following section. 

Inherited risk epitypes should evolve in populations in ways similar to the evolution 

of genotypes [19]. The problem is that the transgenerational inheritance of epigenetic 

controls is not well understood in any multicellular organism and often difficult to prove. 

This is particularly true in humans or agricultural crops, where the need for understanding 

epigenetic risk is the greatest [20-27]. Without knowledge about the molecular basis for 

the transgenerational inheritance or generational reprogramming of defined epigenetic 

risk factors that contribute to disease, it is difficult to design effective targeted 

therapeutics for humans or to knowledgably alter breeding programs for crops that will 

avoid the onset of a disease phenotype [28-32]. 

This study explores the cause-and-effect relationships among genotype, epitype 

and phenotype, where the epitype of a single gene or an entire genome is defined as its 

various cis-linked chromatin structures (Figure A1.1) [19]. Thus, epitype includes, but is 
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not limited to chromatin domain structures, such as large DNA loops, the position of all 

nucleosomes and of subclasses of nucleosomes with particular histone variant 

compositions (e.g., H2A or H2AZ or H2AX), DNA cytosine methylation, and a myriad 

of histone post-translational modifications (PTMs) [33-35].  By focusing on epitype, we 

eliminate from consideration several other classes of epigenetic controls such as cell-to-

cell communication by morphogens or the inheritance of cell surface patterning [36-40]. 

Addressing these other epigenetic controls would distract this discussion from a focus on 

the transgenerational inheritance of chromatin structures.  

A working hypothesis that emerged from a preliminary examination of the 

inheritance and evolution of various epitypes [19] is that “genotype predisposes epitype” 

for most transgenerationally inherited chromatin structures. Only epitypes that are 

transgenerationally inherited at significant frequencies may contribute to the primary 

cause of inherited epigenetic risk. Within this hypothesis, epitype and the machinery that 

alter epitype function as modifiers of the central dogma of molecular biology (DNA  

RNA  Protein) influencing the activity of DNA and RNA, as shown in Figure A1.2A. 

In addition, we will discuss how particular DNA and RNA sequences strongly influence 

the penetrance of some epitypes and resulting phenotypes. By this view 

transgenerationally inherited epitypes are not acting at a higher level than or independent 

of DNA sequence in determining phenotype (e.g., RNA and protein expression, disease 

phenotype).  

It will be useful at this point to make the distinction between the transgenerational 

epigenetic inheritance among parents and offspring and the somatic inheritance between 

mother and daughter cells within developing tissues and organs [20, 23, 26, 41-45]. The 
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inheritance of epitypes between dividing somatic cells, such as the transmission of 

histone PTM [46], is undoubtedly essential to tissue and organ development [47-49] and 

may be subject to various environmental influences that reveal a phenotype [50], 

however, inheritance among somatic cells need not contribute causally to epigenetic 

inheritance across organismal generations. Again, we are interested herein in identifying 

epitypes that may be the primary cause of transgenerationally inherited epigenetic risk of 

acquiring a disease phenotype.  

To test this hypothesis our discussion is focused on finding evidence for gene-

specific epitypes that supports or rejects cause-and-effect relationships between 

genotype, epitype and phenotype.  Some of the strongest evidence we found, for or 

against our hypothesis, is summarized in Table A1.1, and comes from two different 

research strategies. The first approach (A) examines the penetrance of transgenerationally 

inherited epitypes that are known to activate or silence the expression of disease related 

gene(s), which in turn correlate with onset of the aberrant “disease” phenotypes. This 

direct approach requires the measurement of the frequency of the transgenerational 

inheritance of causative epitype(s), the relevant gene expression pattern(s), and the 

aberrant phenotype(s) among related individuals in a population known to be at risk. This 

method is powerful, produces convincing data, and in several cases reveals the clear 

contribution of genotype to epitype. But transgenerational measurements are very 

expensive and time consuming, particularly in the early stages of establishing cause-and-

effect relationships to human or agricultural diseases.  

The second and less direct approach (B) searches out epitypes that are duplicated, as 

DNA sequences are duplicated, and examines multiple copies of DNA sequence and 



183 

 

epitype that have been evolutionarily co-conserved. This approach establishes an 

unambiguous and in many cases a statistically significant correlation of a particular 

epitype with highly reiterated DNA sequence motifs, and/or examines the conservation of 

an epitype among duplicated gene sequences. With this strategy, the evolutionary 

conservation of epitypes among conserved sequences is used as a filter to identify 

epitypes that were transgenerationally inherited [19, 51]. In other words, those epitypes 

that are widely conserved in their sequence position across the genome or may be shown 

to evolve by gene duplication within a gene family have almost certainly been inherited 

through past generations. Again, only epitypes that are transgenerationally inherited have 

the potential to contribute causally to inherited risk. This second approach simplifies 

analyses, because the initial screening for likely transgenerationally inherited epitypes 

may be made within a single genome and in one generation. Conversely, an epitype that 

is not inherited after gene duplication is less likely to be closely and causally related to 

phenotype even if its presence in an allele correlates well with the disease phenotype. 

Hence, epitypes not inherited via DNA sequence duplications are likely to be poor 

predictors of epigenetic risk. The disadvantage of this second genome-centered approach 

is precisely that it is not focused on finding associated risk phenotypes and during the 

early stages of analysis we are frequently left with very large data sets describing 

relationships among epitypes and genotypes without yet knowing correlated pathologies.  

A. Direct measurement of transgenerational epigenetic inheritance: Only a 

handful of studies have succeeded in fully demonstrating that the transgenerational 

transmission of an epitype produces changes in known target gene expression, which 

results in a disease or its risk of penetrance (i.e., a causal relationship between genotype, 
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epitype, and risk). Two of the best examples from humans concern chromatin structure at 

the RYR1 and MLH1 genes, resulting in muscle myopathies and cancer, respectively. 

However, the complexity of the data on these two systems highlights the problems that 

arise when trying to establish such cause-and-effect epigenetic relationships, particularly 

in humans.  

(1) RYR1: Genetic mutations causing a loss of expression of RYR1 function are 

associated with susceptibility to malignant hyperthermia and congenital myopathies (e.g., 

central core disease, multiminicore disease) [52-54]. However, many individuals with 

core myopathy disease are known to be heterozygous for a mutant defective ryr1 allele 

[54, 55]. The epigenetic silencing of the otherwise functional RYR1 allele appears to 

account for the loss of functional RYR1 protein expression. For example, among a 

sampling of eleven patients with the disease, six patients showed tissue-specific silencing 

of the maternally inherited functional RYR1 allele, which apparently resulted from 

cytosine hypermethylation of that allele [56]. Treating skeletal-muscle myoblasts cultured 

from these patients with 5-aza-deoxycytidine, an inhibitor of cytosine methylation in 

newly replicated DNA, reactivates the transcription of the epigenetically silenced, but 

otherwise functional allele. These data strongly support the view that hypermethylation is 

the primary cause of RYR1 silencing and onset of an epigenetically determined form of 

the disease (Figure A1.2). However, the particular region(s) of DNA in which cytosine 

residues are methylated to cause gene silencing has not been identified in spite of intense 

efforts to identify it among three CG islands within the gene. This leaves open the 

possibility that an epigenetically controlled transacting factor is the causative agent [56]. 

Thus, for RYR1 there is not yet a clear causal link between an aberrant genotype, epitype, 
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and the silenced RYR1 gene expression producing the disease (Table A1.1). 

(2) MLH1: The human MLH1 gene encodes a homologue of the bacterial mismatch 

DNA repair protein MutL, and hence, MLH1 is classified as a tumor suppressor. 

Hypermethylation of DNA cytosine residues and silencing of a particular functional 

MLH1 alleles (e.g., -93 SNP) [57], when paired with a dysfunctional mutant allele of the 

same gene, correlates with relatively young individuals developing tumors of the 

colorectum or endometrium [27, 58]. The tumors and tumor-derived cell lines from 

individuals with these hypermethylation epimutations fail to express MLH1 protein from 

this otherwise functional allele [59]. The hypermethylation of the potentially functional 

MLH1 allele and its transcriptional silencing is found in most organs and tissues of 

individuals, who also have hypermethylation of this MLH1 allele in their tumors. Hence, 

one might expect that this heritable epimutation resulted from the transgenerational 

inheritance of this epitype. However, studies of the children of these individuals generally 

show loss of hypermethylation and loss of silencing of this MLH1 allele in the first 

generation of transmission. Out of several individuals examined, only in one case was the 

epitype of hypermethylation and silencing inherited through the male parent to the 

individual with the disease. The MHL1 silencing phenotype in females with colorectal 

cancer was associated with a particular CG island centered at -93 bp from the start of 

transcription in a particular MHL1 allele containing a Single Nucleotide Polymophism, -

93 SNP, in this region as illustrated for the more general case in Figure A1.1 (C and D) 

[57]. While 5-aza-2'-deoxycytidine will reactivate silenced alleles in cultured cancer cell 

lines, demethylation is also correlated with a shift in nucleosome position and increased 

nucleosome density in the promoter region [60]. In a very recent study, laser capture 
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microdissection of the ovarian epithelium from ovarian tumors of cancer patients was 

used to analyze the cell type specific epitype and shows that the hypermethylation of 

MHL1 is an early somatic event in the malignant transformation of these cells [61]. 

Cogent to a theme of this article is the fact that the MHL1 epitypes of aberrant 

nucleosome position and cytosine methylation appear to be dependent upon the genotype 

of the epigenetically silenced MHL1 allele (Table A1.1). Epimutations of other tumor 

suppressor genes including MSH2, MSH6, PMS2, and BRCA1 have also been associated 

with colorectal cancers, but the cause-and-effect relationships with disease are less clear 

then they are for MHL1 [62]. 

There are considerably more robust examples of the transgenerational epigenetic 

inheritance from model genetic organisms and wild plants, where it is easier to analyze 

aberrant epitypes and associated phenotypes through multiple generations. A few of the 

best cases with solid supporting evidence for a relationship between epitype and 

phenotype will be summarized.  

(3) AGOUTI: In mice, the secreted AGOUTI peptide functions normally as a 

paracrine regulator of pigmentation. However, the dominant constitutive expression of 

the AGOUTI gene also targets changes in the hypothalamus and adipose tissues and this 

aberrant expression causes obesity. Hypomethylated, transcriptionally active dominant 

epialleles of the agouti gene may be maternally inherited through meiosis. Variation in 

the penetrance of different active epialleles generates a distribution of offspring from 

abnormal yellow (agouti) obese mice to darker mice with normal amounts of fat [63-65]. 

Several of the best-characterized hypomethylated active and dominant alleles of agouti 

(Agoutiiapy, Agoutiy, Agoutivy) that are associated with a high penetrance of the yellow 
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coat color and obesity phenotypes have promoter-containing retrotransposons positioned 

just up stream of the natural Agouti promoter [66, 67]. For the best-studied alleles, these 

altered promoter structures are correlated with the hypomethylation of agouti and 

constitutive AGOUTI protein expression. However, a recent detailed examination of the 

DNA methylation profiles of active and silent alleles suggest that hypomethylation alone 

may not fully account for the complex ectopic expression of Agouti [18]. Nonetheless, 

the Agouti examples give reasonable support for the hypothesis (Table A1.1, Figure 

A1.1, C and D) that genotype predisposes epitype and aberrant phenotype. It would not 

be surprising to find a shift in promoter nucleosome position resulting from the various 

retrotransposon insertions contributing to the causative epitype.  

(4) AXIN1-FUSED: Axin1 is an inhibitor of Wnt signaling that regulates embryonic 

axis formation in deuterostome animals. In mice, Axin1 is the product of the mouse 

Fused locus. Some murine alleles of Axin1-fused (Axin1Fu) show variable and stochastic 

expression levels, where high expression of a hypomethylated allele correlates with an 

abnormal kinked tail. Highly penetrant Axin1Fu alleles contain an upstream 

retrotransposon or retrotransposon-mediated DNA rearrangement that alters chromatin 

structure and contributes to dominant transcript expression [68, 69]. An active highly 

penetrant mutant allele may be inherited maternally or paternally for multiple 

generations. Both cytosine hypomethylation and histone acetylation patterns are reported 

to correlate with increased Axin1Fu expression and risk of abnormal tail development 

[70-72]. The causal relationships between genotype, the DNA methylation epitype, gene 

expression, and the kinked tail phenotype are supported by the fact that methyl donor 

dietary supplementation of the mothers, a treatment known to increase DNA methylation, 
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reduced Axin1Fu expression and halved the incidence of kinked tails. Conversely, 

treatment of mice with the histone hyperacetylation agent Trichostatin A increased 

Axin1Fu expression and the frequency of a kinked tail phenotype. A recent study 

examining the chromatin from blastocyst stage heterozygous Axin1Fu/+ embryos shows 

that dimethylation of lysine-4 on histone H3 (H3K4Me2) as well as acetylation of lysine-

9 on histone H3 (H3K9Ac) correlate with penetrant alleles [72]. By contrast, there was no 

correlation of blastocyst stage cytosine methylation with penetrant alleles. However, both 

the drug treatments and studies of development after the blastocyst stage only prove the 

importance of somatic epigenetic inheritance during tail development. Again, it is 

reasonable to propose that the presence of retrotransposon mediated changes in DNA 

sequence, which are present in all the aberrantly expressed Axin1Fu alleles, is the 

primary cause of the transgenerational inheritance of epigenetic risk. A shift in 

nucleosome position in penetrant alleles could affect downstream cytosine methylation 

and histone PTM, resulting in higher Axin1Fu gene expression and the kinked tail 

phenotype. By this view, genotype determines the nucleosomal epitype, which produces 

other aberrant hypomethylation and histone PTM epitypes, leading to increased gene 

expression and the novel kinked tail phenotype (Figure A1.1, Figure A1.2A, Table 

A1.1).  

(5) CNR: The tomato Colorless Non-Ripening gene CNR encodes a homolog of the 

animal SQUAMOSA promoter binding protein (SPB box protein). CNR is essential to 

normal carotenoid biosynthesis and fruit ripening in tomato and provides one of the best 

examples of a stable transgenerationally inherited epitype producing an abnormal 

phenotype. The natural epialleles of CNR in the tomato Lycopersicon esculentum contain 
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18 methylated cytosine residues (5MeCG or 5MeCHG, where H is C, A, or T) in a 286 

bp contiguous region [73]. Hypermethylation of this region and silencing of the CNR 

gene leads to colorless tomatoes low in carotenoids (Figure A1.1C). Because the 

phenotype is relatively stable, these epialleles were originally mistaken as mutant alleles. 

The silenced cnr epiallele and active wild type CNR gene do not have any encoded DNA 

sequence differences for thousands of base pairs within or flanking this hypermethylated 

region. Thus, while there is no mutational basis for the change in epitype, the CNR gene 

is potentiated for a stochastic DNA methylation event, because it contains such a large 

number of strategically positioned cytosine residues in its sequence. While this example 

supports a link between the CNR gene sequence, epitype, and risk phenotype (Table 

A1.1), there does not appear to be a particular genotype that predisposes the cytosine 

hypermethylation epitype. The significant question becomes, once the aberrant epitype is 

established, how is this hypermethylation epitype stably inherited through the germ line? 

(6) CYCLOIDEA: The perennial plant in which CYCLOIDEA was first identified, 

Linaria vulgaris (Toadflax, Butter and Eggs), normally produces yellow and orange 

asymmetric flowers composed of three petals of different morphologies. “Mutant” plants 

are found in wild populations with aberrant abnormally symmetrical “peloric” flowers 

that are comprised of five evenly arrayed petals of similar morphology. Plants with these 

aberrant flowers were first characterized by Carl Linnaeus 260 years ago and collected as 

herbarium specimens [74]. The peloric floral phenotype is produced by the 

hypermethylation and transcriptional silencing of the gene encoding a transcription factor 

CYCLOIDEA (CYC) [75]. Inheritance of the recessive peloric floral phenotype and 

silenced cyc epialalele is relatively stable, follows Mendelian segregation, and hence, 
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appeared upon initial investigation to be a normal mutant allele. However, gene silencing 

always maps to a DNA polymorphic cyc308G allele with a single nucleotide 

polymorphism in an unmethylated region 308 nt downstream of the stop codon and never 

to the more common wild type CYC308A allele. Peloric individuals are homozygous 

recessive for the cyc308G allele with both copies being hypermethylated and completely 

silenced for RNA expression. Thus, it is reasonable to conclude that genotype 

predisposes epitype, gene silencing, and the peloric phenotype (Table A1.1, Figure 

A1.1, C and D).  

(7) Histone H3K4Me2 Demethylase erases epigenetic memory in each generation: 

A number of histone PTMs such as Histone H3 Dimethyl Lysine4 (H3K4Me2) are 

acquired during transcription and are associated with active genes [76]. These epigenetic 

marks are removed at different stages in development by an H3K4Me2 demethylase, 

known as LSD1 in humans and SPR-5 in Caenorhabditis elegans (Figure A1.1F). 

Removal of the H3K4Me2 epitype prior to meiosis by SPR-5 in Caenorhabditis elegans 

is essential to maintaining an immortal germline [77, 78]. Within two-dozen generations 

of worms acquiring the recessive null genotype these spr-5 mutants have a brood size 

several-fold lower than wild type, with 70% of the worms being fully sterile. Homologs 

of LSD1 (SPR-5) are found throughout the four eukaryotic kingdoms and a number of 

these genes are known to be essential to normal organismal development [79-81]. The 

unmodified H3K4 epitype is essential and retention of the histone PTM causes aberrant 

development. However, there is as yet little evidence that this particular histone PTM 

epitype is normally preserved through meiosis or that genotype plays any role in 

determining the H3K4Me2 epitype at any particular locus (Table A1.1). 
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(8) Inheritance of quantitative epigenetic trait loci. Two separate genome-wide 

epigenetic studies demonstrate that multi-generational inheritance of complex traits such 

as flowering-time, plant height, biomass, and bacterial pathogen resistance behave as 

quantitative epigenetic trait loci in Arabidopsis thaliana [22, 82, 83]. These studies used 

two independently derived sets of recombinant inbred lines (RILs), where one of the 

founding parents was a recessive null for one of two genes necessary for DNA cytosine 

methylation. For example, one study begins with a fourth generation plant homozygous 

defective ddm1/ddm1 that is highly compromised in a number of phenotypic traits due to 

DNA hypomethylation.  DECREASED DNA METHYLATION1 (DDM1) is a Swi2/Snf2-

like DNA-dependent ATPase chromatin remodeler required for most DNA cytosine 

methylation. The ddm1/ddm1 line was backcrossed to wild type and this heterozygous F1 

ddm1/DDM1 was backcrossed to wild type again and screened to obtain hundreds of 

separate DDM1/DDM1 lines. These lines were selfed to establish hundreds of epiallelic 

Recombinant Inbred plant Lines (epiRILs) [22]. For several generations, approximately 

30% of the DDM1/DDM1 epiRILs displayed aberrant morphological phenotypes 

affecting flowering time and plant height, among other phenotypes. They assayed 22 

epiRILs for the methylation of 11 candidate genes that are normally cytosine 

hypermethylated, but are hypomethylated in ddm1. Six alleles showed partial 

remethylation and five alleles were completely remethylated producing the identical 

complex epitype for this later gene set to wild type. Control genes that were previously 

unmethylated remained unmethylated.  

In one particular example, Johannes et al [22] followed the methylation sensitive 

FWA gene, for which the ectopic expression of the hypomethylated epiallele in ddm1 
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parental plants produces strong late flowering phenotypes [84]. All of the 22 randomly 

selected epiRILs were now normally methylated at FWA and flowered at normal times. 

However, when they examined three extremely late flowering lines from among the 

population of hundreds of epiRILs (i.e., plants that flowered after more than 48 days vs 

33 days to flowering in wild type) these epiRILs were almost completely hypomethylated 

at FWA and expressed high levels of FWA transcripts, accounting for their phenotype. 

Hence, out of hundreds only a few of the epiRIL lines escaped from the remethylation of 

FWA, when DDM1 was restored.  

In summary, aberrant DNA methylation epitypes at many loci and the resulting 

changes in downstream molecular and developmental phenotypes appear to be 

transgenerationally inherited. Most genes regain WT methylation patterns and 

phenotypes within a few generations and the restoration appears to be sequence specific. 

Hence, the genetic machinery necessary for the de novo remethylation of these 

completely unmethylated loci is encoded in the Arabidopsis genome and remethylation 

did not require hemi-methylated DNA templates to be newly inherited. These data 

suggest that genotype predisposes this global cytosine methylation epitype. 

9. Reprogramming of DNA cytosine methylation by double stranded dsRNAs. The 

5´-methylation of DNA cytosine residues occurs in three sequence contexts 5MeCG, 

5MeCHG and 5MeCHH (Figure A1.1C). A number of DNA methyl-transferases 

(DMTs) are known to methylate DNA cytosine in the 5´ position. DMT1 efficiently 

propagates hemimethylated symmetrical CG sequences, and hence, the somatic 

inheritance of islands of 5MeCG hypermethylation that may lead to gene silencing is not 

hard to explain. However, DNA methylation of all types is predominantly erased (i.e., 80 
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to 90% loss of methylation) in germ line cells in the embryos of both plants and animals 

[85-87]. Hence, the reprogramming of CG, CHG, and CHH methylation and a 

mechanism for transgenerational inheritance of these epitypes has been of intense interest 

in recent years [88, 89]. To simplify the discussion of the gene-specific DNA cytosine 

remethylation and subsequent inheritance of methylation, Eric Richards [90] introduced 

three working categories: obligate, facilitative, and pure DNA methylation.  

Epialleles in heterochromatic DNA that display obligate DNA cytosine methylation 

always remain methylated due to the presence of large numbers of transposable elements 

in various orientations producing dsRNA that promote a strong RNA interference 

response and adjacent target gene remethylation [91]. Genes within or closely adjacent to 

the centromer are good examples of obligate epialleles.  Axin1Fu and AgoutiAy are 

typical examples of facilitative epialleles, because the presence of an upstream change in 

DNA sequence facilitates a seemingly stochastic epigenetic variation in methylation and 

phenotype. Because the wild type loci for these alleles lack an altered promoter element 

there is seldom any variation in the cytosine methylation epitype at the wild type loci. 

Pure epialleles are defined as those showing variation in cytosine methylation without a 

known genotypic cause and appear to be examples of de novo DNA cytosine methylation. 

If pure epialleles are truly independent of genotype, then they stand as strong evidence 

against our hypothesis. The well-studied hypermethylation and silencing of wild-type 

CNR and RYR1 alleles fit the definition of pure epialelles. Schmitz et al [92] examined 

the complete methylome of 100 Arabidopsis lines propagated for 30 generations by 

single seed descent from a single parent. They observed that CG ↔ 5MeGC Single 

Methylation Polymorphisms (SMPs) occurred at a 10,000-fold increased frequency per 



194 

 

generation over the DNA base mutation rate, which they also measured (Figure A1.1D). 

While CG SMPs occurred primarily within gene bodies, large numbers of CHG and CHH 

SMPs occurred in flanking regions. Thus, novel inherited SMPs are generated at high 

frequencies and if this remethylation is independent of DNA sequence then pure 

epialleles are common.  

One relevant question for this discussion is the following: are ostensibly pure 

epialleles truly independent of genotype, or are they simply facilitative epialleles for 

which we have not yet identified the associated cis- or trans-acting genes making 

dsRNAs that program inherited CG, CHG and CHH methylation epitypes? There is 

recent evidence supporting the latter interpretation that we now summarize. 

Despite being generated through slightly different mechanisms, many classes of 

small RNAs (e.g., siRNA, miRNA, piRNA) are known to template the remethylation of 

cytosine in different sequence-specific contexts (Figure A1.1C) for the transgenerational 

inheritance of gene silencing and or activation [89, 93]. This general mechanism for 

reprogramming using different classes of small RNAs appears ancient in that it is found 

in all four eukaryotic kingdoms. These RNAs facilitate the remethylation of appropriate 

CG, GHG, and CHH sequences. But these data began to raise the question - does 

remethylation occur on a global genome-wide scale? To address the scope of 

remethylation, Teixeira et al [94] examined the remethylation of numerous transposable 

element loci in DDM1/DDM1 epiRIL plants that had descended from an essentially 

unmethylated ddm1/ddm1 plant backcrossed to wild type. Those loci that were re-

methylated after a few generations in the epiRILs contained cytosine rich gene sequences 

that were highly complementary to the sequence of small inhibitory (interfering) RNAs 
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(siRNAs). Those loci with similar cytosine rich composition for which they could not 

identify complementary siRNAs remained hypomethylated. siRNAs attract RNA 

interference and DNA methylation machinery to complementary DNA sequences and 

thereby template sequence-related DNA methylation [95].  This shows that RNAi 

mechanisms are essential for the proper remethylation of much of the Arabidopsis 

genome. These and other data make it clear that for a large number of repetitive elements 

in yeast, plants, and animals, the matching genotypes of structural genes and small RNAs 

predict a cytosine methylation phenotype. However, the Teixeira et al [94] study raises 

further questions about the biology, regulation, and timing of cytosine remethylation for 

both transgenerational and somatically inherited epitypes. Recent evidence suggests that 

in both plants and animals “nurse cells” may transfer hundreds of undefined small RNAs 

to adjacent egg or sperm germ cells to reprogram cytosine methylation [88, 89, 93]. For 

example, in mice in which 80% to 90% of the germline DNA methylation is erased for 

single copy genes at approximately day 11.5 of embryo development (E11.5), 

remethylation of sperm DNA occurs by embryonic stage ~E16.5 and is significantly 

directed by populations of 24 to 30 nt long piRNAs produced in adjacent cells in the pro-

spermatogonia [96-98]. The identities of most of the plant and animal RNAs transferred 

to developing germ cells are not yet known, but there is the real potential that large 

populations of RNAs may account for most transgenerational remethylation and perhaps 

even the apparent de novo methylation described by Schmitz et al [92]. Appropriately 

positioned target sequences in these epialleles and thousands of expressed small RNAs 

would have to be inherited together for genotype to predispose the transgenerational 

inheritance of the global DNA methylation epitype.  
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10. Reprogramming epitype during somatic cell nuclear transfer. In most of the 

above examples genotype determines the likelihood, but not the certainty, of particular 

epitypes and phenotypes being displayed, because the same DNA sequence may be 

flexibly reprogrammed into many different chromatin conformations. It is fundamental to 

epigenetics that as cell types differentiate the same DNA sequence may display multiple 

epitypes and some epitypes may be more or less stable than others. An interesting 

example of a variety of epitypes descending from one genotype comes from research 

using somatic cell nuclear transfer (SCNT) to produce identical or genetically modified 

laboratory and farm animals. SCNT is achieved by transplanting a somatic cell nucleus 

into a functional embryonic cell capable of forming a viable organism. This technology 

has met with modest success, generating cloned mice, rabbits, pigs, sheep, cows and 

more, but the efficiency of obtaining viable healthy offspring is low. Even if genetically 

modified embryos are established in surrogate mothers, developmental abnormalities and 

spontaneous abortions are common. A major limitation to obtaining relatively normal 

full-term development appears to be variations in epigenetic reprogramming of the 

transplanted nucleus [99-102]. The field of regenerative medicine faces similar problems 

with epigenetic reprogramming when trying to establish genetically altered lines of 

induced pluripotent stem cells by SCNT, for example, by transferring a somatic cell 

nucleus into an oocyte [103, 104]. Without prior knowledge of the successes in producing 

cloned animals by SCNT, one would not necessarily expect that the new nuclear 

environment should correctly reprogram the donated nucleus. Known sources of the 

reprogramming problem in the animal cloning field is that the transferred nucleus 

frequently losses a significant fraction of its DNA cytosine methylation and nucleosomal 
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histone side chain methylation and acetylation relative to the more modified epitype of 

nuclei in native embryonic cells (Figure A1.1C and F) [105-109]. However, the 

surprising fact remains that some relatively healthy animals resembling the nuclear donor 

are obtained via SCNT and that genetic and epigenetic totipotency of the donor nucleus is 

reestablished in the viable offspring. For appropriate reprogramming to take place on a 

genome-wide scale the donor DNA sequence must have the capacity to interact with the 

embryonic cellular environment and determine, albeit at low frequency, an epitype(s) 

compatible with full-term development. These results support the idea that during SCNT 

the donated DNA sequence predisposes much of its own epigenetic reprogramming 

(Table A1.1). 

B. Evolutionary co-conservation of DNA sequence and chromatin structure 

filters out transgenerationally inherited epitypes. If genotype determines epitype then 

a reasonable corollary is that some transgenerationally-inherited chromatin structures 

should align with particular DNA sequence motifs and be passed on to duplicate gene 

copies. In this model, the range of possible epitypes for a sequence would evolve by gene 

duplication and mutation in parallel with genotype [19, 51]. Rapidly evolving epitypes 

might only be conserved and identifiable among very recently duplicated genes examined 

among a limited number of related cell types or when examined statistically in 

comparisons of large numbers of aligned sequences, while slowly evolving highly 

conserved epitypes might be found among anciently duplicated genes and descended 

from a common ancestral protist sequence.  

(1) Short DNA sequence repeats such as RRRRRYYYYY determine the bending and 

positioning of DNA around the nucleosome. More than 30 years ago Trifonov and his 
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colleagues [110, 111] presented the argument that gene sequence is fundamentally 

important to nucleosome positioning. He argued that the necessary high degree of 

bending of DNA as it wraps twice around and binds the nucleosome would be favored by 

particular 10.5 bp repeat sequences of approximately 5 purines (R) followed by 5 

pyrimidines (Y) (RRRRRYYYYY) (Figure A1.1B), or the inverse of this sequence, 

YYYYYRRRRR. He found a good correlation for 10 bp repetitions of the dinucleotides 

GG, TA, TG, and TT in the modest compilation of 30,000 bp of DNA sequence from 

different eukaryotes available at that time1

                                                 
1Trifinov did not have nucleosome specific DNA sequence data available 30 years ago. 

. The statistical concept was a bit 

counterintuitive and slow to gain acceptance, because it was hard to reconcile the 

functional demands of sequences encoding proteins and regulatory regions with the 

proposed special sequence demands of nucleosome interaction. Recently, with access to 

nearly unlimited numbers of nucleosome-delimited 147 bp DNA sequence fragments, 

and more advanced computational methods, it has become very clear that 14 repetitions 

of the 10.5 bp repeat sequences Y-RRRRRYYYYY-R or R-YYYYYRRRRR-Y are statistically 

favored for nucleosome positioning. Regional differences in GC compositions in the 

genome favor particularly skewed repeats such as T-AAAAATTTTT-A or C-

GGGGGCCCCC-G [112, 113]. These consensus sequences are based on a statistical 

argument, and at the genome level any one dinucleotide such as AA or GG is seldom 

found in a particular position in the 147 bp repeat more than 30% of the time [114]. 

Because the inward facing helix of any one 147 bp of nucleosomal DNA fragment has 14 

chances to contact the core of nucleosomal proteins, this mechanism requires only several 

correctly positioned dinucleotides contacting the nucleosome to give sequence specificity 
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to nucleosome positioning. Hence, there is in fact little conflict with conserved coding 

and regulatory sequences and the sequence constraints of nucleosome positioning. 

Furthermore, the most common classes of ATP-dependent chromatin remodeling 

machines, SWI/SNF and ISW2, move DNA in approximately 9 to 11 bp increments over 

the surface of a nucleosome, consistent with the importance of 10.5 bp repeats in 

nucleosome binding [115]. These data strongly support a model, where genotype 

predisposes possible nucleosome position epitypes. More particular support for this 

argument comes from examining the sequences for subsets of the nucleosomal DNA 

population binding nucleosomes containing histone variants H2AZ and CENH3.  

(2) The geneome-wide positioning of H2AZ nucleosomes. The histone variant 

H2AZ and likely other histone variants are inserted into assembled nucleosomes by 

histone variant exchange complexes (HVE) such as SWR1 (Figure A1.1E). Albert et al 

[116] precisely aligned the sequences of thousands of 147 bp yeast nucleosomal DNA 

fragments enriched for histone variant H2AZ. Their data show conclusively that H2AZ 

nucleosome positioning on a genome wide scale is strongly influenced by dinucleotide 

repeat patterns spaced 10 bp apart in the DNA sequence (Figure A1.1A and B). In 

particular, GC-rich dinucleotides are on the inside as the DNA helix wraps around the 

nucleosomal protein core, and AT-rich dinucleotides are on the outside. The preference 

for these nucleotide pairs at each of their 14 possible positions within any 147 bp 

nucleosomal fragment is only about 2 to 9%, and therefore, any single nucleosomal 

fragment sequence is likely to vary significantly from the statistical consensus.  However, 

it is clear that the H2AZ nucleosome position is determined by the overall pattern in the 
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DNA sequence, and hence, H2AZ nucleosome position will be conserved following gene 

duplication.  

Similar results were obtained for genome-wide positioning of all nucleosomes from 

humans and Arabidopsis [117] and subsets of human nucleosomes specific to certain 

classes of genes [118]. In the total 147 bp nucleosomal fraction from Arabidopsis and 

humans, an AT rich dinucleotide repeat is spaced every 10 bp and out of phase by 5 bp 

with a GC rich dinucleotide repeat.  

Further support for the concept that DNA sequence positions H2AZ nucleosomes 

comes from a comparison of duplicated genes in Arabidopsis. A single peak of H2AZ 

enriched nucleosome(s) is found at the 5´ end of nearly half of all plant, animal, and 

fungal genes that have been examined [116, 119-121]. In Arabidopsis, three related 

MADS box genes that regulate flowering time require normal H2AZ for full expression. 

In wild type cells, all three MADS box genes show a striking bimodal distribution of 

H2AZ deposition, with peaks of H2AZ histone-containing nucleosomes at their 5´ and 3´ 

ends [122]. This pattern is quite distinct from the single 5´ spike of H2AZ observed for 

other MADS genes in humans, Arabidopsis, and yeast. These three genes are estimated to 

have diverged from a common gene ancestry in the eudicot plant lineage in the last 100 

million years (MY) and stand alone in their own distinct clade, among more than 100 

other MADS box genes in Arabidopsis that do not have a bimodal distribution of H2AZ 

nucleosomes. These data are consistent with the bimodal distribution of H2AZ being 

inherited following gene sequence duplication from an ancestral MADS gene [19].  

 (3) The genome-wide positioning of CENH3 centromeric nucleosomes. Recent 

experimental evidence demonstrates that CENH3 enriched centromeric nucleosome 
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positions are determined by DNA sequence. Animal and plant centromeres are composed 

of a diverse variety of retroelements and repetitive satellites that generally appear 

unrelated in their DNA sequences. Numerous earlier studies of centromere and 

neocentromere sequences concluded that a distinct conserved DNA sequence was not 

essential to centromere activity. However, a very recent analysis of 100,000 centromeric 

histone CENH3 enriched nucleosomal DNA fragments from maize suggests that a 10 bp 

repeat of AA or TT dinucleotides contributes to determining the positioning of 

centromeric nucleosomes [123]. The CENH3 nucleosome specific sequence was not 

revealed until the 147 bp micrococcal nuclease protected DNA sequences were precisely 

aligned. The preference for AA or TT nucleotide pairs at each of the 14 positions within a 

typical 147 bp nucleosomal fragment was statistically significant. The likelihood of 

finding one of these dinucleotide pairs at any of the potential contact points ranges from 

13% to 60% above the frequency at which other dinucleotides are found.  Thus, CENH3 

enriched nucleosomes are positioned by a variation on what is shown in Figure A1.1B, 

where the inward (IN) facing DNA base pairs that bind are generally AA or TT and 

would be classified as weak (W) binding. This would indicate that any single centromeric 

nucleosomal sequence may vary significantly from the statistical consensus for these 

nucleotide pairs. In this way, a subset of retroelements that are seemingly unrelated in 

sequence using standard sequence alignment methods may contain suitable sequence 

repeats that position centromeric nucleosomes.   

The human and Arabidopsis genomes each encode more than a dozen histone 

protein sequence variants for each of three classes of histones, H2A, H2B, and H3. 

Within each class a few subclass variants are easily identified as predating the divergence 
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of plants, animals, and fungi from their more recent protist ancestors. Thus, it is 

reasonable to speculate that distinct DNA sequence patterns evolved in concert with each 

histone variant subclass to provide complex patterns of nucleosome positioning. If true, 

then DNA sequence would be responsible for the transgenerational positioning of most 

classes of nucleosomes.  

(4) Cytosine methylation in the human plasminogen gene family: In an attempt to 

show that epitypes and associated phenotypes can evolve by gene duplication and 

divergence, Cortese et al. [51] compared promoter CG methylation patterns among the 

four duplicated gene members of the ~35-million-year-old human plasminogen (PLG) 

precursor gene family, encoding blood-clotting factors found only in hominids. Cytosine 

DNA methylation patterns are well conserved among seven CG sites located -171 to -378 

nucleotides upstream from the start of transcription within all four PLG gene promoters 

(similar to Figure A1.1A and C). In liver, where transcripts for all four genes are 

expressed, one allelic copy of each gene pair is almost completely unmethylated at all 

seven sites. In heart muscle and in skeletal muscle, where the four PLG genes are turned 

off, nearly 100% of the seven sites are fully cytosine methylated on both alleles for all 

four genes. In other words, promoter cytosine methylation silences all gene copies in the 

two non-expressing tissues examined, while hypomethylation of one copy of each PLG 

gene activates their expression in liver. The PLG data support the generational 

inheritance and conservation of the cytosine methylation epitype following gene 

duplication for recently duplicated genes that are co-expressed. Cortese et al [51] also 

compared promoter CG methylation patterns among several members of the much older 

human T Box (TBX) gene family in which the most gene duplications date back 300 to 
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600 million years. No evidence was obtained for conserved CG methylation patterns 

among any pair-wise comparison of TBX genes. Perhaps because the TBX genes are 

differentially expressed and the divergence events between genes are much more ancient, 

the lack of conserved CG methylation patterns is to be expected.  

 (5) Histone side chain modifications in human segmental sequence duplications. 

Barski et al (2007) published a ground-breaking genome-wide study on sequence specific 

location of 23 histone PTMs and a few other epitypes in purified human CD4+ T cells. 

From this data set, Zheng [124] examined 14 distinct patterns of histone PTM in 

nucleosomes from 1,646 relatively recent (i.e., less than approximately 25-million-year-

old) segmental chromosome duplications (SD). They found no significant evidence for 

the inheritance of these histone modifications between the original and derived loci. 

Specifically, the duplicated copy did not inherit the parental pattern of histone side chain 

methylation or acetylation (Figure A1.1F). Moreover, inheritance appears to be distinctly 

asymmetric for some of the modifications, such that there is a strong statistical bias 

toward histone methylation of one gene copy for each SD and not the other copy, beyond 

what might have occurred at random. Many of the asymmetrical histone modifications 

correlate with gene activation and repression, suggesting that active genes in the parent 

sequence are silenced in the duplicated loci, and visa versa. These data imply that histone 

PTM epitypes may not be the direct transgenerationally inherited “cause” of the 

phenotypes with which they are associated. Thus, these data on histone PTM epitypes at 

SDs do not support our working hypothesis. If these results are supported by more 

experimental studies, it will not necessarily mean that histone modifications are not 

useful epitypes for predicting risk, but that they may be further from the inherited cause 
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of epigenome induced pathologies than other epitypes such as nucleosome position and 

cytosine methylation. Histone PTMs are indeed important to somatic inheritance and 

development [46, 125].  

(6) Nucleosome positioning and H3K4Me2 modifications in the HOXD cluster: 

There are six genes at the HOXD gene cluster (i.e., HOXD13, 11, 9, 8, 4, 3) covering 

~100,000 bp on human Chromosome 2. In human sperm, there are one or two spikes of 

general nucleosome occupancy and histone H3 lysine 4 dimethylation (H3K4Me2) 

enriched nucleosome occupancy within each of the promoters of these genes, whereas the 

~100,000 bp of 5´ flanking region is relatively free of nucleosomes [126] (Figure A1.1A 

and F). Because nucleosome positioning was performed using microarrays, the sequence 

specificity of H3K4Me2-enriched nucleosomes among these HOXD promoters cannot be 

determined from these data or compared to the results from Barski et al. [127] in which 

they did not find sequence specificity for histone H3K4Me2-enriched nucleosome 

binding. These results showing the conserved positioning of nucleosomes in HOXD 

promoters in human sperm are similar to those for H2AZ-enriched nucleosomes among 

the FLC-related MADS genes in Arabidopsis shoot tissue [122]. 

 (7) Higher-order chromatin structures: Genes and regulatory sequences that are 

narrowly or widely spaced on a chromosome may interact productively through higher-

order chromatin structures such as solenoids, small and giant loops, and minibands [128-

130]. For example, small concatenated DNA loops may be formed by re-association of 

the single strands of the poly (CA)-poly (TG) microsatellite at their base [131]. These 

small loops appear to impact the control of gene expression via binding to HMG-box 

proteins [131, 132]. There is mounting evidence that interactions of distant intra- and 



205 

 

inter-chromosomal domains provide epigenetic mechanisms to maintain specialized gene 

expression states [133-135].  Hence, the potential exists that higher order structures 

contribute to epigenetic control and are determined in part by DNA sequence.  

Summary from direct and indirect analyses of epigenetic inheritance: An 

examination of several examples of the direct transgenerational inheritance of epitype 

and the epitypes of duplicated and/or conserved DNA sequences revealed the 

complexities of determining cause-and-effect relationships among genotype, epitype and 

phenotype.  However, in balance, there are robust experimental data supporting the 

hypothesis that “genotype predisposes epitype,” for some epitypes (Table A1.1). In 

particular, it is becoming clear that a large fraction of, if not all, cytosine methylation is 

determined by gene sequence and the presence of paired sequence-specific 

complementary small RNAs that direct their transgenerational remethylation. Similarly, 

based on the sequences of H2AZ and CENH3 enriched nucleosomal fragments, 

nucleosome position appears strongly influenced by DNA sequence (Figure A1.1A-C). 

However, there is little evidence suggesting that DNA sequence determines the position 

of any of more than 20 different classes of histone PTM enriched nucleosomes (Figure 

A1.1F, Table A1.1).  

Based on this analysis, it is worth ranking the utility of various classes of epitype in 

estimating epigenetic risk. A risk pyramid linking the relationships of genotype and 

epitype with epigenetic risk phenotype is shown in Figure A1.2B. DNA sequence is 

placed at the apex, as the primary cause of epigenetic risk. This is followed by 

nucleosome position that appears to be directly dependent upon 10 bp repeats in DNA 

sequence and DNA cytosine methylation that is highly dependent upon cis-acting CG, 
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CHG, and CHH sequences in the target gene and the sequence of trans-acting small 

RNAs. However, while histone PTM may be strongly correlated with epigenetically 

controlled phenotype, there is no evidence that any histone PTM is causal to 

transgenerationally-inherited risk. Histone PTM epitypes may represent the effect of 

other epigenetic and genetic controls and may be principally important to somatic 

inheritance of epigenetic controls. The clear relationship between novel genotypes and 

many of the most robustly characterized inherited epitypes of nucleosome position and 

cytosine methylation is a recurrent theme in the literature of the most thoroughly studied 

genes under epigenetic control. This suggests that human and animal therapeutic 

treatments or plant and animal genetic breeding strategies that address harmful 

meiotically inherited epitypes should consider the possibility that there are genotypic 

causes predisposing these epitypes. If for example, the environment of a developing 

somatic tissue (e.g., obesity, stress, nutrients) is influencing RNA sequence directed 

cytosine remethylation and gene silencing, drugs targeting downstream histone PTM 

epitypes of that gene may be less effective than ones addressing remethylation. Strategies 

directed at controlling gene expression by altering histone PTM epitypes may be useful if 

they target the gene or genes producing the diseases phenotype. Finally, the undeniable 

influence of genotype on epigenetic controls leading to deleterious phenotypes has to be 

taken into account in a consideration of epigenetic risk, even if it confounds many 

current, working definitions of epigenetics.  

Defining epigenetics: We’ve summarized direct and indirect evidence that 

genotype predisposes epitype and that epigenetic controls are strongly influenced by 

DNA and RNA sequences (Figures A1.1 and A1.2). Our hypothesis and these 
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supporting data may be viewed as contrary to some of the widely stated precepts of 

epigenetics, which for example, define epigenetics as “the study of mitotically and/or 

meiotically heritable changes in gene function that cannot be explained by changes in 

DNA sequence” [34, 136]. A rephrasing of Riggs et al’s [136] statement as “the study of 

mitotically and/or meiotically inherited changes in gene function that cannot be 

explained by the classical central dogma of molecular genetics” (Figure A1.2A) 

provides a working definition that is quite consistent with our discussions. In David 

Nanney’s seminal article describing epigenetic control systems, he states “The term 

"epigenetic" is chosen to emphasize the reliance of these systems on the genetic systems” 

and goes on to say “epigenetic systems regulate the expression of the genetically 

determined potentialities” [39]. Nanney’s definitions of epigenetics are completely 

consistent with genotype predisposing epitype, and with epitype modifying gene 

expression and risk phenotype.  

The influence of DNA sequence on epigenome-induced pathologies points a 

way forward: Understanding that genotype predetermines many inherited epitypes 

suggests a few useful strategies and concerns as we try to address epigenome induced 

pathologies. First, we are in a better technical position than ever before to determine the 

influence of genotype on epitype. New rapid DNA sequencing and DNA bead array 

methods for identifying SNPs and 5MeC residues combined with a wide selection of 

treatments to chromatin (e.g., ChIP, bisulfite, micrococcal nuclease) allow us to 

quantitatively determine the precise genome-wide sequence-specific positioning of every 

nucleosome, methylated cytosine residue, and dozens of distinct histone PTMs in a 

genome. These epitypes may be correlated with the risk of cancer, behavioral disorders, 
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pathogen susceptibility, or the role of aging and environmental factors on risk, as 

examples. The lower costs of these genome-wide approaches is enabling the epitypes of 

larger populations of humans, laboratory animals, and plants to be examined in order to 

identify the epigenetic causes of complex diseases such as obesity, lupus, or pathogen 

susceptibility [137-140]. Second, we are in a position to develop batteries of gene-

specific epigenetic biomarkers for DNA methylation epitypes that are clearly associated 

with disease risk and may be predictive of the penetrance of pathology. For example, this 

is currently being done for systemic lupus erythematosus, myeloid leukemia, and breast 

cancer [138, 141-143]. However, new technologies are needed if we are also to use 

nucleosome position and histone PTM epitypes as inexpensive epigenetic biomarkers for 

screening populations. Third, because the development of each plant and animal cell 

type in an organ system in is under strong epigenetic control, it is essential that we 

examine epitypes in distinct cell types within organs. Most current epigenetic studies 

examine mixed cell types such as are present in whole organs and tissues (e.g., blood, 

tumor, hypocampus, skeletal muscle, plant shoots or roots), wherein cell type-specific 

epitypes are blurred due to variation of epitypes among developmentally distinct cell 

types. For example, several orders of magnitude more statistically significant 

relationships were obtained between the cytosine methylation epitype of various genes 

with lupus, when CD4+ T cells were examined as compared to the data obtained on from 

mixed populations of white blood cells [138, 144]. Technologies have been developed to 

access cell type-specific epitypes, including laser cell capture micro-dissection, 

fluorescent activated cell sorting (FACS) of dissociated fluorescently tagged cells, and 

the Isolation of Nuclei TAgged in specific Cell Types (INTACT). These technologies 
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enable the more precise determination of epitypes within individual cell types such as has 

been shown for CD4+ T cells, primordial germ cells, ovarian epithelium, retinal cones, 

and plant root epithelial trichoblasts and atrichoblasts [61, 127, 145-148].  Fourth, 

therapeutic approaches to human epimutations that increase the risk of pathology, or 

plant breeding strategies to address epigenetic susceptibility to stress or disease, need to 

consider that molecular mechanisms may be obscurely hidden in DNA sequence motifs 

and/or the sequences of small RNAs that are imperfectly matched with their target genes 

(Figure A1.1). Current basic research is laying the course for using small RNAs to direct 

transcriptional gene silencing by promoter DNA methylation for therapeutics and crop 

improvement. For example, siRNA transgenes have been used for the methylation based 

transcriptional silencing of the Heparanase gene in human cancer cells in culture [149] 

and to elucidate the mechanisms of small RNA-based transcriptional silencing in plants 

[150, 151]. Unless we can develop therapeutic approaches, identifying genotypic 

influences on epigenetic risk may only add more diseases to the list of thousands for 

which we know the genetic cause, but have no known cure. However, taking the 

numerous advances in epigenetics research altogether, it is reasonable to propose that 

during the next two decades effective therapeutic treatments will follow the dissection of 

the molecular mechanisms by which genotype and epitype interact to produce disease 

pathologies.   

Conclusion. There is substantial evidence that altered epigenetic controls contribute 

to a variety of diseases ranging from cancer and developmental malformations to 

susceptibility to various forms of biotic and abiotic stress. We reviewed experimental 

genetic, epigenetic, cell biological, and biochemical data surrounding the 
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transgenerational inheritance of several examples of well-studied epigenome-induced 

pathologies and the contribution of conserved DNA sequence motifs to epitype. The 

preponderance of evidence suggests that genotypes predispose epitypes for most 

chromatin structures that are transgenerationally-inherited and this relationship 

contributes to the penetrance of epigenetically controlled diseases. Genotypes influencing 

inherited epigenetic risk are often obscurely encoded in DNA sequence and small RNAs. 

Furthermore, the remethylation of DNA cytosine residues may only be reprogrammed at 

particular times in development and only in particular tissues such that a special effort 

may be required to identify and characterize these mechanisms. Some of the best-

characterized examples that were discussed herein suggest we are only just beginning to 

understand the molecular biology behind inherited epigenome-induced disorders. Finally, 

the paths to effective therapeutic development or to lowering epigenetic risk will be 

easier to trace out once we understand the mechanisms by which genotype predisposes 

epitype for a particular disease.  
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Figure A1.1:  Summary of relationship between epitype and DNA sequence. A. 

Theoretical ground state for a chromatin structure comprised of naked DNA bound to two 

nucleosomes and an unbound upstream DNA region. Every 10 bp the approximately two 

base pairs of inward facing surface of the DNA helix has the potential to contact and bind 

nucleosomal histones (e.g., yellow ovals numbered 1 to 23 for region surrounding one 

nucleosome, see B). Each nucleosome has the potential to bind 14 such two base pair 
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regions. B. One 10 bp region of the DNA helix with the consensus 

((Y)RRRRRYYYYY(R) provides a bend for optimal nucleosome binding. Nucleotides 

that provide strong or weak nucleosome binding are indicated (S = strong binding to G or 

C nucleotides, W = weak binding to A or T nucleotides, R = purine, Y = pyrimidine, IN 

identifies the surface facing the nucleosome, and OUT the surface facing away from the 

nucleosome).  The strength of nucleosome binding and positioning to 147 bp stretches of 

DNA appears to be determined by the sum of affinities for 14 small sequences (yellow 

ovals, same as in A). C. Double stranded (ds) RNAs (e.g., siRNA, piRNA, miRNA) 

program cytosine methylation for transgenerational inheritance and somatic inheritance 

in different tissues, while various enzymes remove 5MeC.  D. Mutations such as single 

nucleotide polymorphisms (SNPs, red dot) and inserted retrotransposons (RT, red line) 

may alter nucleosome binding and the stochastic movement of nucleosomes. E. Histone 

variant exchange (HVE) by a subset of chromatin remodeling complexes (e.g., SWR1) 

replaces common core histones (e.g., H2A) with specialized protein sequence variants 

(e.g., H2AZ, H2AX). F. A variety of histone PTMs of primarily lysine and arginine 

residues at the N- and C- termini of core histones produce a diverse “histone code” for 

different nucleosomes. G. A large number of chromatin remodeling machines (e.g., 

SWI/SNF, INO80) control nucleosome positioning, often moving nucleosomes in 

approximately 10 bp increments.   Not shown is that the individual epitypes interact with 

each other to produce complex epitypes. For example, a subset of individuals may 

contain in their genome a retrotransposons that is targeted by small RNAs, which cause 

the hypermethylation or hypomethylation of adjacent sequences and alters gene 

expression (i.e., the interaction of C and D).  
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Figure A1.2:  The relationships among genotype, epitype, and phenotype. A. The 

informational relationship and interaction of genotype, epitype and phenotype described 

in the context of the central dogma of molecular genetics. B. A pyramid illustrating the 

likelihood of different classes of epitypes being transgenerationally inherited and ranking 

the relative causal relationships of these epitypes to the risk of an aberrant phenotype.  
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